
 
 
General rights 
Copyright and moral rights for the publications made accessible in the public portal are retained by the authors and/or other copyright 
owners and it is a condition of accessing publications that users recognise and abide by the legal requirements associated with these rights. 
 

 Users may download and print one copy of any publication from the public portal for the purpose of private study or research. 

 You may not further distribute the material or use it for any profit-making activity or commercial gain 

 You may freely distribute the URL identifying the publication in the public portal 
 
If you believe that this document breaches copyright please contact us providing details, and we will remove access to the work immediately 
and investigate your claim. 
  
 

   

 

 

Downloaded from orbit.dtu.dk on: May 23, 2023

Novel microalgal based ingredients

Ljubic, Anita

Publication date:
2020

Document Version
Publisher's PDF, also known as Version of record

Link back to DTU Orbit

Citation (APA):
Ljubic, A. (2020). Novel microalgal based ingredients. Technical University of Denmark.

https://orbit.dtu.dk/en/publications/6602871c-f888-4bc3-a569-6db95cc98ce9


 

 

 

Novel microalgal based ingredients 

 

Ph.D Thesis by Anita Ljubic 

 

 

 

 

 

 

 

 

National Food Institute  

Technical University of Denmark 

November 2020, Kgs. Lyngby 



ii 
 

Preface 

This PhD project entitled “Novel microalgal based ingredients” was carried out at the National Food 

Institute, Technical University of Denmark, under the supervision of Professor Charlotte Jacobsen as 

main supervisor and three co-supervisors, associate professor Susan L. Holdt, senior researcher Jette 

Jakobsen and senior researcher Anette Bysted. The project started in December 2017 and ended in 

November 2020. 

The project was funded by the National Food Institute as a strategic Ph.D project, which aimed at 

further development of the research field within microalgal utilization and application. The project 

included internal collaboration within the research group by applying the expertise in the algae, lipid 

and vitamin teams. 

The aim of this Ph.D project was to optimize existing technologies and develop new technologies for 

the production of high value bioactive ingredients from microalgae. Employment of different abiotic 

factors on the production of lipids, carotenoids and fat-soluble vitamins was studied in order to 

identify the tools for maximizing their production. Furthermore, optimization and evaluation of cell 

disruption and drying technologies for recovery of high value ingredients was carried out.  

Some of the novel findings of this Ph.D project were a base for building a start-up company Nordic 

Algae Nutrition in 2020, where I took a role as a co-founder. The company aims at commercializing 

microalgae as a new source of vegan vitamin D3.  

During the project, I have carried out a research stay at the Department of Biological Sciences, 

California State University of San Marcos, which was supported by a research grant from Otto 

Mønsted Foundation. During the last year of the Ph.D project, practical work was limited to a certain 

extent due to the COVID-19 pandemic. However, the limited number of performed experiments in 

the second part of the project was compensated by conducting a thorough literature review on the 

topic. 

 

Anita Ljubic  

30th of November, 2020 

Kgs. Lyngby, Denmark 

 

 



iii 
 

Acknowledgments 

I would like to express my appreciation to numerous people who contributed to the achievements of 

this project and who supported me on this journey.  

First, I wish to thank to my main supervisor Charlotte Jacobsen for her continuous support, 

encouragement and motivation during the project. I really appreciate your positive attitude, that you 

are easy to approach and willing to help in any situation. I would also like to thank to my co-

supervisors, Susan L. Holdt, Jette Jakobsen and Anette Bysted for their support during the project. I 

appreciate you were able to find time whenever I needed and you were always ready to share your 

knowledge and experience. 

Moreover, I sincerely thank to all colleagues and friends who supported me during the project: 

 Professor Betsy Read, for making my external stay at the California State University exciting and 

memorable. It was a pleasure learning from such an inspiring person. 

 Claus Asperud Reesbøll, for sharing his technical expertise during the project. Without your help, 

it would be impossible to perform my experiments. 

 Thanks to Jack Melbye from DTU Aqua for sharing some microalgae culture. 

 Thanks to Eitan Solomon and Naama Segal for providing microalgae samples from the 

International Center for Mariculture in Israel.  

 Heidi Jahn and Inge Holmberg, for sharing the office these years, for our fun office chats and 

always being ready to help in any situation. It feels amazing working in such a positive 

environment you create. Also, thank to all the trainees that were part of the Disco office, Marie, 

Claus and Emilie, it was a pleasure sharing the office with you.    

 Hamed Safafar, thank you for introducing me to the world of microalgae and being ready to 

answer my questions any time during the project.  

 To all my colleagues from the Bioactives group, I enjoyed being a part of such an amazing group 

of people. 

 To all the students I had a chance to work with, Dona, Usman, Elisabeth, Rizwan and Kathrine, 

you were a great help during this project.  

 

Finally, I would like to thank to all my friends, especially to Dolores and Efthymios, for supporting me 

and making this period enjoyable. Big thank to my family in Croatia and in Denmark, especially to my 



iv 
 

sister and my parents for supporting me continuously throughout my life. Lastly, a special thanks to 

my amazing husband, without you this journey would be incomplete. 

 

 

Anita Ljubic 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



v 
 

Summary 

Microalgae are excellent sources of various bioactive compounds such as omega-3-fatty acids, 

carotenoids and vitamins. With greater consumer preferences toward naturally derived, non-animal 

ingredients over synthetically produced, it is expected that the market demand will continue to grow 

in the future. Microalgal based ingredients represent reliable and sustainable substitutes to high 

value bioactive ingredients from both animal and plant origin. However, for economically viable 

production of high value ingredients there are still challenges to be addressed in order to enhance 

the production of these ingredients. The nutritional quality of microalgae can be improved by 

optimizing abiotic factors such as irradiance, salinity, nutrient availability, pH or temperature, which 

may stimulate production of metabolites of interest. Besides maximizing the production of high value 

compounds, maintaining the functionality of compounds during the cell disruption, extraction and 

drying process, while obtaining high recoveries, is essential. 

The overall aim of this PhD study was to optimize existing technologies and develop new technologies 

for the production of high value ingredients from microalgae. Effect of the abiotic factors, including 

light intensity, spectral distribution, UVB radiation and salinity, on the production of bioactive 

ingredients in 8 selected microalgal species was evaluated. Furthermore, the aim was to identify tools 

that can be used for enhanced production of high-value lipophilic compounds - omega-3 fatty acids, 

various carotenoids, α-tocopherol, vitamin D and novel compounds, alkenones. Optimization of the 

downstream processing included optimizing the process parameters for an efficient cell disruption 

and metabolite extraction by high-pressure homogenization in combination with enzymatic 

treatment. Lastly, the effect of the novel swirl flash drying technology on the high value compounds 

present in the biomass was evaluated in order to assess the suitability of the novel drying technology 

for microalgae.  

Stimulating production of bioactive compounds by manipulating different abiotic factors was shown 

to be highly dependent on species and target compound. Different patterns were observed across the 

selected species and relatively weak correlation between the content of different metabolites was 

observed, which required selection of optimal stress tools for each individual species or individual 

compound. This research demonstrated that it was possible to manipulate different microalgae to 

produce various high value compounds by exposing them to different light treatments. Production of 

some of these compounds in microalgae had not been reported before. The most novel finding with 

the greatest potential was that exposing Nannochloropsis oceanica, N. limnetica and Dunaliella salina 

to artificial UVB radiation stimulated production of relatively high levels of the fat-soluble vitamin D3 
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(up to 2.7 µg/g dry biomass), which is commonly found in foods of animal origin.  UVB radiation was 

also shown to stimulate production of α-tocopherol in N. oceanica making this species an excellent 

alternative vegan source of vitamin D3, α-tocopherol and omega-3 fatty acids, ingredients commonly 

found in fish oil. Chlorella minutissima illuminated by green:red LED (50:50) was shown to contain 

up to 70% more lutein compared to control,  making this species highly competitive to other lutein-

rich sources. For Rhodomonas salina, a species rich in omega-3 fatty acids EPA and DHA, illumination 

by red LED in combination with salt stress (40 ppt) resulted in an increase in the relative proportion 

of omega-3 by 40% (nearly doubled proportion of EPA). Similarly, illumination by green LED in 

combination with salt stress increased production of β-carotene in R. salina by 75% compared to the 

control, which indicates that interaction of different abiotic stresses may enhance production of 

certain metabolites compared to each factor individually. Using individual monochromatic LEDs at 

lower intensity compared to the white LED of high intensity was demonstrated to be a good 

alternative for stimulating production of the bioactive compounds at lower energy consumption. 

Maximizing production of metabolites requires mild downstream processing conditions in order to 

avoid any deterioration during processing and preserve high yields of the compounds of interest. 

High-pressure homogenization in combination with enzymatic treatment aimed at mild, energy 

efficient extraction of bioactive compounds from Chlorella pyrenoidosa. High-pressure 

homogenization caused cell disintegration, but not complete rupture, which enhanced extractability 

of lipids. Incubation with enzymes at a temperature of 45° C had an adverse effect on the content of 

the heat-sensitive carotenoids, lutein and β-carotene. Enzymatic cocktails of carbohydrases and 

endoproteases showed no effect on the cell wall rupture, most likely due to the low concentration of 

added enzymes. Therefore, due to the absence of detailed cell wall composition of C. pyrenoidosa, a 

screening step testing different doses and types of enzymes is necessary in order to optimize enzyme 

assisted cell wall degradation for this species.  

The  novel swirl flash drier, designed and constructed in a previous Ph.D project, was used for drying 

of C. pyrenoidosa biomass in order to evaluate the potential of the novel drying technique. Besides 

the novel method, relatively mild and gentle freeze drying, was applied in order to compare their 

effects on the bioactive content in C. pyrenoidosa. Nutritional quality of C. pyrenoidosa biomass dried 

by novel swirl flash dryer showed no major difference compared to the freeze dried biomass. Biomass 

that was treated by high-pressure homogenization prior to drying was shown to have an adverse 

effect on the high value metabolites such as lutein and α-tocopherol. Cell disruption by high-pressure 

homogenization increased the exposure of heat-sensitive compounds to high-temperature airstream, 
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which resulted in higher degradation rate. Taking into account the relatively low energy 

consumption (compared to spray and freeze drying), the novel prototoype swirl flash dryer was 

shown to be a promising new drying technique for microalgal biomass. Future studies should include 

testing of several different drying techniques and microalgal species in order to confirm the potential 

of the swirl flash drying technology for microalgae. 

Commercial production of microalgal based ingredients is limited to a rather small number of 

products. Findings of this Ph.D opened up new possibilities such as exploiting microalgae for vitamin 

D3 production, which has not been previously discussed. Naturally enriched microalgal biomass can 

be produced by applying inexpensive methods such as illumination by monochromatic LEDs, which 

may contribute to a more feasible large scale microalgae production of various ingredients, feed or 

cosmetics. Furthermore, employing the mild novel drying technology may contribute to the 

prevention of losses of functional ingredients caused by product degradation during downstream 

processing. 
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Opsummering 

Mikroalger er en fremragende kilde til forskellige bioaktive forbindelser, såsom omega-3-fedtsyrer, 

karotenoider og vitaminer. Med stigende forbrugerpræferencer for naturligt afledte ingredienser 

frem for syntetisk producerede forventes det, at markedets efterspørgsel efter mikroalger fortsat vil 

vokse i fremtiden. Mikroalge-baserede ingredienser repræsenterer pålidelige og bæredygtige 

erstatninger for bioaktive ingredienser af høj værdi fra både animalsk og plante oprindelse. Der er 

imidlertid stadig væsentlige udfordringer, der skal løses for at forbedre produktionen af disse 

ingredienser og for at kunne opnå en økonomisk bæredygtig produktion. Ernæringskvaliteten af 

mikroalger kan optimeres ved at ændre abiotiske faktorer såsom bestråling, saltholdighed, 

næringsstoftilgængelighed, pH eller temperatur, hvilket kan stimulere produktionen af interessante 

metabolitter. Udover at maksimere produktionen af ingredienser med høj værdi er det vigtigt at 

bevare deres funktionalitet under celledestruktion, ekstraktion og tørringunder hensyntagen til, at 

der opnås et højt udbytte. 

Det overordnede mål for denne ph.d. afhandling var at optimere eksisterende teknologier og udvikle 

nye teknologier til produktion af højværdi ingredienser fra mikroalger. Effekten af de abiotiske 

faktorer, herunder lysintensitet, spektral fordeling, UVB-stråling og saltholdighed, på produktionen 

af bioaktive ingredienser i 8 udvalgte mikroalger blev evalueret. Målet var at identificere værktøjer, 

der kan bruges til forbedret produktion af lipofile forbindelser med høj værdi; omega-3 fedtsyrer, 

forskellige karotenoider, α-tokoferol, D-vitamin og hidtil ukendte forbindelser, alkenoner. 

Optimering af downstream-behandlingen omfattede optimering af procesparametrene til en effektiv 

cellenedbrydning og metabolitekstraktion ved højtrykshomogenisering i kombination med 

enzymatisk behandling. Endelig blev effekten af den nye swirl-flash tørringsteknologi på høj værdi-

stofferne, der er til stede i biomassen, evalueret for at vurdere, om den nye tørringsteknologi er egnet 

til mikroalger. 

Effekten af at manipulere forskellige abiotiske faktorer på stimulering af produktionen af bioactive 

forbindelser viste sig at være meget afhængig af algeart, og hvilket stof der var tale om. Forskellige 

mønstre blev observeret på tværs af de valgte arter og relativt svag korrelation mellem indholdet af 

forskellige metabolitter blev observeret, hvilket krævede valg af optimale stressværktøjer til hver 

enkelt art eller individuel forbindelse. Resultatet med størst potentialevar, at kunstig UVB-stråling af 

Nannochloropsis oceanica, N. limnetica og Dunaliella salina stimulerede produktionen af relativt høje 

niveauer af det fedtopløselige vitamin D3 (op til 2.7 µg/g tørvægt), der almindeligvis findes i 

fødevarer af animalsk oprindelse. UVB-stråling viste sig også at kunne stimulere produktionen af α-
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tokoferol i N. oceanica, hvilket gør denne art til en fremragende alternativ vegansk kilde til vitamin 

D3, α-tokoferol og omega-3 fedtsyrer, ingredienser, der almindeligvis findes i fiskeolie. Chlorella 

minutissima belyst med grønt: rød LED (50:50) viste sig at indeholde op til 70% mere lutein 

sammenlignet med kontrollen, hvilket gør denne art meget konkurrencedygtig i forhold til andre 

luteinrige kilder. Rhodomonas salina, en art der er rig på omega-3 fedtsyrerne EPA og DHA, viste 

stigning i andelen af omega-3fedtsyrer med 40% (næsten en fordobling af EPA indholdet) efter 

belysning med rød LED i kombination med saltstress (40 ppt). På samme måde stimulerede belysning 

med grøn LED i kombination med saltstress produktionen af β-karoten i R. salina med 75% 

sammenlignet med kontrollen, hvilket indikerer, at interaktion mellem forskellige abiotiske 

belastninger kan øge produktionen af visse metabolitter sammenlignet med hver enkelt faktor. Brug 

af individuelle monokromatiske lysdioder ved lavere intensitet sammenlignet med den hvide 

lysdiode med høj intensitet viste sig at være et godt alternativ til at stimulere produktionen af de 

bioaktive forbindelser ved lavere energiforbrug. 

Maksimal produktion af metabolitter kræver milde forarbejdningsbetingelser for at undgå 

forringelse under den videre forarbejdning samtidig med, at der opnås et højt udbytter. 

Højtrykshomogenisering i kombination med enzymatisk behandling blev afprøvet som en mild, 

energieffektiv metode til at udvinde bioaktive stoffer fra Chlorella pyrenoidosa. 

Højtrykshomogenisering forårsagede nedbrydning, men ikke fuldstændig destruktion af 

mikroalgecellevæggen, hvilket forbedrede ekstraktionen af lipiderne. Inkubation med enzymer ved 

45 ° C havde en negativ indvirkning på indholdet af varmefølsomme karotenoider, lutein og β-

karoten. Enzymcocktails bestående af karbohydraser og endoproteaser viste ingen effekt på 

cellevægsnedbrydningen, sandsynligvis på grund af den lave koncentration af tilsatte enzymer. På 

grund af manglende detaljeret cellevægssammensætning af C. pyrenoidosa, er et screeningstrin, der 

tester forskellige doser og typer af enzymer, nødvendigt for at optimere enzymassisteret 

cellevægsnedbrydning for denne art. 

Den nye swirl-flash-tørrer, designet og konstrueret i et af vores tidligere projekter, blev brugt til 

tørring af C. pyrenoidosa biomasse for at evaluere potentialet i den nye tørreteknik. Udover den nye 

metode blev der anvendt frysetørring, som er en relativ mild og skånsom tørringsmetode, for at 

sammenligne deres virkning på indhold af bioaktive stoffer i C. pyrenoidosa. Den ernæringsmæssige 

kvalitet af C. pyrenoidosa-biomasse tørret med en ny ”swirl flash dryer” var ikke forskellig fra den, 

der kunne opnås ved frysetørring af biomassen. Behandling med højtrykshomogenisering før tørring, 

viste sig at have en negativ indvirkning på biomassens metabolitter med høj værdi, såsom lutein og 

α-tokoferol. Celledestruktion ved højtrykshomogenisering øgede tilgængeligheden af 
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varmefølsomme forbindelser for den varme luftstrøm, der blev anvendt ved tørringen, hvilket 

resulterede i højere nedbrydningshastighed. Som følge af det relativt lavt energiforbrug 

(sammenlignet med spray- og frysetørring) viste den nye prototoype swirl flash-tørrer sig som en 

lovende ny tørreteknik til mikroalgebiomasse. Fremtidige undersøgelser bør omfatte test af flere 

forskellige tørreteknikker og mikroalgearter for at bekræfte potentialet i swirl flash-

tørringsteknologi for mikroalger. 

Kommerciel produktion af mikroalge-baserede ingredienser er begrænset til et ret lille antal 

produkter. Resultaterne af denne ph.d. åbnede nye muligheder såsom udnyttelse af mikroalger til 

D3-vitaminproduktion, som ikke tidligere er blevet diskuteret. Naturligt beriget mikroalgal biomasse 

kan produceres ved at anvende billige metoder såsom belysning med monokromatiske lysdioder, 

som kan bidrage til en mere rentabel mikroalgeproduktion i stor skala til produktion af ingredienser 

til funktionelle fødevarer, foder eller kosmetik. Endvidere kan anvendelse af den milde nye 

tørringsteknologi bidrage til at forhindre tab af ingredienserne forårsaget af produktnedbrydning 

under tørring. 
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Chapter 1: Introduction  

Chapter 1 provides general introduction to microalgae and their potential as a new source of various 

bioactive compounds. This chapter outlines challenges in the production process that will be addressed 

in this thesis. The hypotheses, aims and objectives are stated in the second part of this chapter. 

1.1. Background 

The world is challenged by constantly increasing population, which rises an issue of supplying 

enough high quality food. It is predicted that by 2050 population will reach 9 billion people, which 

means that food production should increase by 70% (UN DESA, 2017). Population increase also 

negatively affects human health through environmental pollution. Food production is responsible for 

almost 30% of global greenhouse gas emissions (Vermeulen at al. 2012). Therefore, new food 

products and ingredients, besides being rich in nutrients, should also help to reduce the 

environmental impact by being produced as sustainable as possible. Functional foods promote 

optimal health or improves health by reducing any adverse health effect, which help reduce the risk 

of certain diseases (Freitas et al. 2015). The growing importance of functional food has brought the 

need to finding new sustainable, alternative sources of functional food ingredients of natural origin. 

Marine-derived bioactives, such as omega-3 fatty acids from fatty fish, polysaccharides from seaweed 

or peptides from marine fungi, has shown great potential as functional food ingredients, due to their 

high abundance and health beneficial effects (Lordan et al. 2011; Freitas et al. 2015). Microalgae 

forms the basic of the aquatic food chain and they are excellent sources of various bioactive 

compounds. They are responsible for the majority of the CO2 fixed and produced O2 released in the 

oceans due to their high photosynthetic efficiencies. High photosynthetic efficiency and ability to 

synthesize essential amino acids, omega-3-fatty acids, carotenoids and vitamins, make microalgae a 

suitable candidate for a promising source of functional ingredients (Lopes et al. 2019). However, 

microalgal based functional ingredients have not been utilized up to their full potential due to the 

high processing costs (Enzing et al. 2014). Once we overcome existing challenges within microalgae 

upstream and downstream processing, incorporating microalgae-based ingredients may not only 

provide health benefits but it can also contribute sustainable food and feed production. In the 

following paragraph several advantages of microalgae as biomass will be described. 
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1.1.1. Microalgal potential and sustainability  

Microalgae are a diverse group of unicellular photosynthetic organisms with habitat in fresh waters 

and marine environment. It is a large group of microorganisms composed of eukaryotic protists and 

prokaryotic cyanobacteria. Approximately 44.000 of microalgal species have been scientifically 

described, around 3000 species is being kept in culture collections and less than 40 strains is 

currently used for commercial application (Heimann and Huerlimann, 2015). Microalgae have ability 

to adapt to a range of temperatures, salinities, light intensities and pH levels, making them a good 

alternative to the conventional food crops (Geada et al. 2017). Some of the advantages of microalgal 

cultivation over the conventional food crops are:  

 utilization of non-arable land, 

 lower fresh water usage due to the possibility of growing in seawater or waste water, 

 growth is possible over a whole year without seasonal dependence in closed systems, 

 higher growth rate compared to higher plants. 

Since microalgae represent a great potential as a future sustainable source of bioactive ingredients, 

there has been rise in attention towards the utilization of microalgae within the food, pharmaceutical 

and cosmetic industry. Cultivating phototrophic microalgae for the production of high-value 

ingredients requires only water, atmospheric CO2, and inorganic nutrients such as nitrates and 

phosphates, which are available at low cost (Geada et al. 2017). Furthermore, wastewater represents 

a potential source of the required nutrients for microalgal cultivation and therefore, effluents and 

process water from the food and agriculture industries may be used for microalgal cultivation 

(Safafar et al. 2016). In addition, microalgae are able to biosequester CO2 from side stream gases 

generated from power plants, which can contribute to the reduction of greenhouse gases emissions 

(Cheah et al., 2015). 

During the last decade consumer´s preferences towards more natural and sustainable products have 

been increasing (Carocho et al. 2014). Consumers interest in healthy foods with the “clean label”, free 

from synthetic additives increased substantially during the last decade (Asioli et al. 2017). Therefore, 

food industries have to adapt their technologies and products to meet consumer needs by reducing 

the use of synthetic additives, such as artificial pigments, synthetic antioxidants and animal derived 

ingredients. Thus, natural antioxidants, pigments and other bioactive ingredients have been an 

attractive research field lately. Also, the synthetic molecules were shown to be less effective 

compared to the natural sources, such as fish coloring enhancers like astaxanthin (Banga et al. 2020). 

Furthermore, for some of the compounds there are no similar alternatives, such as blue pigment 
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phycocyanin derived from Spirulina (Seo et al. 2013), which represents unique blue natural pigment. 

Microalgae are able to produce various ingredients with antioxidative, anticancerogenic and anti-

inflammatory activities, such as β-carotene and α-tocopherol (Lauritano et al. 2016). However, there 

is still a challenge to ensure profit for microalgal-based products and therefore processing 

optimization is essential to develop more sustainable and competitive products.  

1.1.2. Microalgal processing for production of bioactive ingredients 

Factors such as microalgal species, cultivation system, operating parameters, harvesting and 

dewatering steps strongly affect the biomass composition and production costs. Microalgal 

production processes are energy intensive, therefore maximum exploitation of microalgal biomass 

at low energy requirement remains a challenge (Fasaei et al. 2018). Generally, microalgal production 

processes can be categorized into upstream processes (inoculation, cultivation) and downstream 

processes (harvesting, drying, cell disruption, extraction and product purification).  

Microalgal biomass can be a rich source of high-value compounds: essential amino acids, omega-3-

fatty acids, pigments and vitamins, which could be obtained from a single raw material (detailed 

description of high-value compounds available in Chapter 3). Currently, fatty fish such as salmon, 

mullet and mackerel is the main source of commercially available omega-3 fatty acids, especially long 

chain eicosapentaenoic acid (EPA; 20:5, n-3) and docosahexaenoic acid (DHA; 22:6, n-3). The fish 

does not produce these omega-3 fatty acids itself, but concentrate it from the food web, and the 

omega 3-fatty acids origins from the microalgae. The production of fish oil cannot keep up with the 

market´s needs and there is a need for new, more sustainable alternative sources such as microalgae 

(Einarsson et al. 2019). Another widely commercialized group of bioactive compounds derived from 

microalgae are carotenoids - yellow, orange, and red organic pigments. In general, chemically 

synthesized dyes are cheaper than natural carotenoids. However, many synthetic dyes such as 

Quinoline Yellow (E104), Ponceau 4R (E124), Sunset Yellow (E110) and Tartrazine (E122) found in 

food products showed potential adverse effects on human health (Aberoumand, 2011; Trasande et 

al. 2018). Since the consumer´s awareness about the food safety has increased in recent years, the 

market for natural pigments in food and cosmetics has expanded (Asioli et al. 2017). Although many 

studies on exploiting carotenoids from microalgae have been already carried out, the cost of large-

scale production is still prohibitive (Sun et al. 2018). Therefore, there is a need for maximizing 

productivity during upstream and downstream processing, while preserving the functionality of 

these sensitive bioactive compounds. Besides carotenoid β-carotene, which is provitamin A, 

microalgae produce high levels of another antioxidant vitamin, α-tocopherol (vitamin E) (Carballo-
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Cardenas et al. 2003; Novoveska et al. 2019). Remaining fat-soluble vitamins, D and K, are rarely 

mentioned in the literature in the context of microalgae and little is known about the presence and 

synthesis of these vitamins in microalgae (Brown et al. 1999; Chronopoulou et al. 2019). Vitamin D 

deficiency affects around 13% of the European population on a yearly basis (Holick, 2017). Vitamin 

D3 is found mainly in foodstuffs of animal origin, such as fish and meet. UVB radiation enables the 

conversion of naturally present 7-dehydrocholesterol to vitamin D3, however, photochemical 

production of vitamin D3 in fish is unlikely due to the low amount of UVB radiation in their habitats. 

It is suggested that vitamin D3 present in fish originates from zooplankton and microalgae, which was 

never confirmed (Sunita Rao & Raghuramulu, 1996). Therefore, more research is needed to gain 

understanding about the fat-soluble vitamin production in microalgae. Besides known 

commercialized bioactive compounds derived from microalgae, there are probably more novel 

compounds that are yet to be discovered. Therefore, research focusing on the potential novel 

microalgae based ingredients is as important as optimizing the processes for already established 

compounds in order to maximize value of microalgal biomass. 

The most important parameters (abiotic factors) regulating microalgal cultivation include: nutrient 

supply, light intensity and spectral distribution, UVB radiation, temperature, pH and salinity. 

Microalgae are able to adapt to different environments by accumulating valuable metabolites, which 

is often used as a method to naturally stimulate production of desired metabolites. Abiotic stress or 

combination of multiple abiotic stresses can be specifically tailored to achieve higher productivity of 

the target compound (Minhas et al. 2016) (individual abiotic factors are further discussed in Chapter 

2). There is a large number of studies discussing effects of different abiotic factors on bioactive 

compound production in microalgae (Chen et al. 2013; Mooij et al. 2016; Nzayisenga et al. 2020). 

However, often contradictory results have been obtained about the influence of different cultivation 

parameters on microalgal biomass composition (Das et al. 2011; Chen et al. 2013). Also, different 

cultivation conditions applied among the studies make the comparison difficult and it is often hard 

to identify common patterns among the species. Downstream processing represents a bottleneck in 

the microalgae production process due to the energy intensive processes applied for harvesting, cell 

disruption and extraction. Lately, high efforts were invested into finding the optimal cell disruption 

technology to improve product yields at low energy consumption (Lee et al. 2017; Zinkoné et al. 

2018). It has been shown that no universal process fits all microalgae and further optimization is still 

needed. In addition, maintaining the functionality of extracted bioactive compounds during the cell 

disruption process while obtaining high yields is still one of the major challenges.  
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1.2. Hypothesis, aim and objectives of the thesis 

The overall aim of this PhD project is to optimize existing technologies  and develop new technologies 

for the production of high value ingredients from microalgae.  

The PhD work tested the five following hypotheses: 

H1: Accumulation of metabolites such as PUFAs, carotenoids, alkenones and α-tocopherol can be 

significantly stimulated by manipulating abiotic factors including light intensity, spectral distribution 

and UVB exposure. 

H2: Interactive effects of two abiotic factors (light and salinity) affect the accumulation of carotenoids 

and omega-3 fatty acids to a higher extent compared to each abiotic factor individually.  

H3: Exposure of microalgal cultures to UVB light can stimulate production of vitamin D without an 

adverse effect on the content of PUFAs, amino acids, carotenoids and other fat-soluble vitamins. 

H4: Enzymatic cell degradation in combination with high-pressure homogenization ensures high 

extraction efficiency of lipids and proteins from microalgae without an adverse effect on the bioactive 

compounds such as carotenoids and PUFAs. 

H5: Novel swirl-flash technology is a suitable drying method for microalgae biomass with minimum 

adverse effect on the present bioactive compounds. 

In order to fulfil this task the study had the following sub-goals: 

 Upstream processing: To evaluate the effects of applied abiotic factors (light intensity, 

spectral distribution, UVB radiation and salinity) on the production of bioactive ingredients 

in selected microalgal species. The focus is on the high-value commercialized compounds - 

omega-3 fatty acids, carotenoids and α-tocopherol, as well as on the more novel microalgae 

based ingredients - vitamin D and alkenones.  

 Downstream processing: i) To optimize efficiency of extraction for obtaining high recovery of 

bioactive ingredients from selected microalgae by combining high-pressure homogenization 

and enzymatic cell wall degradation. ii) To evaluate the effects of the novel swirl-flash drying 

technology on the nutritional quality of microalgal biomass. 
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Fig 1.1. Summarized overview of the PhD project indicating the main steps in the project work, expected 

outcomes and corresponding papers. 
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Chapter 2: Microalgal processing 

Chapter 2 presents current knowledge about processing steps for microalgal production, including both 

upstream and downstream processing. First part of this chapter describes different abiotic factors and 

their effect on the production of microalgal metabolites during cultivation. Second part focuses on 

downstream processing steps by describing their basic principles, common advantages and 

disadvantages.  

Microalgae can be used as a whole biomass (intact cells) or it can be processed. Photoautotrophic 

production of microalgal biomass and microalgal metabolites includes upstream and downstream 

processing steps as shown in Fig 2.1. There are five main processing steps: cultivation, harvesting, 

cell disruption, compound(s) extraction, and finally product fractionation and purification.    

 

Fig 2.1. Processing steps for production of microalgae and microalgal based products (adopted from Lam et 

al. 2018)  

 

2.1. Upstream processing – effect of abiotic factors 

The growth of microalgal culture is characterized by five phases (Fig 2.2). The first phase is the lag 

phase where the cell physiologically adapts to its environment. During this phase, the density of the 

culture increases very little. The second phase is the exponential growth phase where cells divide at 

a constant rate depending on the growth medium composition and cultivation parameters. In the 

third phase the growth rate starts to decline due to the limitations factors, e.g. light, pH, CO2. The 

fourth phase is the stationary phase where the cell density remains constant, which means that some 

cells continue to divide and others begin to die. The stationary phase is followed by the death phase 
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where cell density decreases rapidly and culture collapses. Large-scale microalgal productions 

commonly maintain the culture in the exponential growth phase in order to obtain high yields 

continuously. 

 

Fig 2.2. Five growth phases of microalgal cultures 

 

Roughly, microalgal culturing systems can be categorized into two categories - opened and closed 

systems. Cultivation in closed systems such as photobioreactors has several advantages over more 

traditional cultivation in open ponds (Zuccaro et al. 2020): 

 completely controlled cultivation parameters,  

 ability to grow axenic cultures, 

 cultivation is possible all over the year. 

Cultivation in a photobioreactor allows tailoring of the cultivation process to a higher extent 

compared to the open pond and thus stimulating production of the preferred metabolites. Optimal 

cultivation parameters are species specific and they affect biomass productivity as well as activity of 

cellular metabolism and cell composition (Minhas et al. 2016). Induced changes in nutrient 

availability, light, salinity and pH are sensed by the specialized sensory proteins. After the cell 

recognizes the changes in the environment, different metabolic processes may be triggered in order 

to help the cell in the adaptation process. Cultivation under environmental stress (e.g. high light 

intensity) might enhance the target metabolite accumulation, but it can also negatively affect the 

growth. The most common example for overcoming this issue is the two-stage cultivation in which 

cells are first grown in optimal conditions to achieve maximum biomass productivity, after which 

stress is induced to stimulate accumulation of the target metabolite (Sun et al. 2018). Table 2.1 shows 

examples of environmental stresses used for accumulating different metabolites in microalgae. It can 

be observed that accumulation of different metabolites can be stimulated by applying the same stress 
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factor (e.g. UV radiation for accumulation of ALA in Desmodesmus sp., and lutein accumulation in 

Coccomyxa onubensis) or different stress factors can be applied for accumulation of the same 

metabolite (e.g. illumination by red and blue LED for EPA accumulation in Nannochloropsis oceanica 

and combined effect of low temperature and low irradiance for EPA accumulation in Nannochloropsis 

sp.). However, it is difficult to make any direct comparisons due to the different cultivation 

parameters applied within different studies. 

 

Table 2.1. Examples of effect of abiotic stresses on the production of metabolites in different microalgal 

species. 

Microalgae 
Target 

compound 
Abiotic stress Outcome Reference 

Chlorella vulgaris Total lipids Nitrogen starvation 

Increased 

accumulation of 

total lipids 

Yeh and Chang 

(2011) 

Haematococcus 

pluvialis  
Astaxanthin Blue LED  

Enhanced 

accumulation 

compared to 

white LED 

Katsuda et al. 

(2004) 

Desmodesmus sp. ALA UV radiation 
1.8 fold increase 

in the ALA content  

Sijil et al.  

(2019) 

Coccomyxa 

onubensis 
Lutein UV radiation 

Increased 

accumulation of 

lutein by ~25% 

Bermejo et al. 

(2018) 
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Nannochloropsis 

oceanica 
EPA Blue + Red LED 

Nearly doubled 

content of EPA 

compared to 

white LED 

Chen et al. 

(2013) 

Nannochloropsis 

sp. 
EPA 

Combined effect of 

low temperature 

and low irradiance 

3.4-fold increase 

in the EPA content 

Mitra et al. 

(2015) 

Synechocystis sp. Carotenoids High salinity 

Increase in 

production of β-

carotene 

Paliwal et al. 

(2015) 

Spirulina 

fusiformis 
Protein High salinity 

35% increase in 

protein content 

Rafiqul et al. 

(2003) 

 

2.1.1. Nutrients  

Carbon, nitrogen and phosphorous are the main nutrients required for microalgal growth. The 

average elemental composition of freshwater microalgae is C1.0N0.15P0.0094 and for marine microalgae 

is C1.0 N0.129P0.008 (Ho et al. 2005). The stoichiometry of other elements depends on the species, cell 

size and light availability. Microalgal biomass contains approximately 50% of carbon per total dry 

weight. Photoautotrophically grown microalgae commonly utilize carbon through carbon dioxide 

(CO2) or dissolved carbonate (HCO3-) by the diffusion process (Sawayama et al. 1995). Carbonate ion 

(CO32-) is only found at very high pH levels and is not used as a source of carbon in photosynthesis 

(Beardall and Raven 2013). Nitrogen accounts for 7-10% of total dry weight and it is found in amino-

acids, nucleotides (ADP/ATP and NAD(P)+/NAD(P)H), vitamins and pigments. Nitrogen may be 

supplied in the form of urea, nitrate and ammonia. Regardless of the chemical form in which nitrogen 

is utilized, it is incorporated into organic material as ammonium/ammonia, which is the most 

reduced form of nitrogen in nature (Gilbert et al. 2015). Nitrogen starvation is one of the most 

researched abiotic stresses for inducing lipid accumulation in microalgae (Yeh and Chang 2011; 

Pancha et al. 2014). Phosphorous is another important element, which has a role in microalgal 
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cellular metabolism including energy transfer, building block in cellular structure (lipid membranes) 

and biosynthesis of nucleic acid (Raven 2013). Since the phospholipid fraction is rich in PUFAs, the 

concentration of phosphorous in the growth media can strongly influence the overall yield of PUFAs 

(Sang et al. 2011). Besides carbon, nitrogen and phosphorous, other nutrients such as sulphur, 

potassium, sodium, iron, magnesium, calcium and trace elements like magnesium, zinc, molybdenum, 

cobalt and vanadium are responsible for microalgal metabolism and growth (Sunda 2012).  

2.1.2. Light 

Microalgae utilize light as a source of energy for performing photosynthesis. Light is being harvested 

by the light capturing pigments on the light-harvesting antenna complexes located in the thylakoid 

membranes in the chloroplasts. Different pigments absorb light at the specific wavelength range. 

Only radiation between 400 and 700 nm, named photosynthetic active radiation (PAR), can be 

utilized by microalgae and used as an energy source (Fig. 2.3). Only chlorophyll a can perform 

photosynthesis, and the other accessory pigments broadens the spectra for harvesting light and 

transport to the photosynthetic reaction center where the energy of photons converts to chemical 

energy. Accessory pigments can also work as photoprotectants in order not to damage the cells from 

high irradiance or unfavorable spectra (e.g. UV radiation). Light provided during cultivation can be 

from a natural source (sunlight) or artificial source (e.g. LEDs, fluorescent tubes). Regardless the fact 

that the sunlight is the cheapest energy source, artificial light can still be economically feasible for 

microalgal production when biomass is used for production of high-value products (e.g., carotenoids, 

omega-3-fatty acids). Using artificial light gives better regulation of the photosynthetic photon flux 

density (PPFD), photoperiod, and emission spectra (Blanken et al., 2016) and this can be an 

advantage for specific targeted molecules.  

 

Fig 2.3. Part of the electromagnetic spectrum showing UVB and PAR range and their respective wavelengths. 
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Three variables of light are important to consider during cultivation: intensity, spectral distribution 

and photoperiod (light/dark period) (Wang et al. 2014). General rule is that low light intensity causes 

photo-limitation and high light intensity causes photo-inhibition. High light intensity can inhibit the 

photosynthetic process due to the damage of the photosynthetic apparatus. Under high light 

intensities and UV light, produced molecular oxygen can convert to active form of oxygen (e.g., singlet 

oxygen, superoxide radicals), which may lead to formation of lipid peroxides and other reactive 

oxygen species. Microalgal cells have ability to convert excessive light energy to chemical energy (e.g. 

lipids, starch) in order to avoid photo-oxidative damage (Ruangsomboon et al. 2012). Although light 

stress act as a stimulant in the production of microalgal lipids, the accumulation rate of lipids will 

vary across different species (Carvalho and Malcata, 2005; Breuer; et al. 2013; He et al. 2015). Lee et 

al. (2018) and Kim et al. (2014) reported that illumination by different monochromatic LEDs can 

affect gene transcription, thereby regulating cell´s metabolic activity. There is a strong agreement 

that red and blue light are optimal for algal cultivation due to the corresponding peaks in the algal 

absorption spectrum. However, there is no common agreement on the effect of various 

monochromatic LEDs on microalgal metabolic activity and synthesis of bioactive compounds, due to 

the strong variability across the reported data (Table 2.1; Das et al. 2011; Schulze et al. 2014; Mooij et 

al. 2016).  

2.1.3. Salinity 

Optimal salinity for each microalgal species depends on the taxonomy and biology of the cell 

(marine/fresh water species). Marine species are commonly tolerant to changes in salinity, with the 

optimal level between 2.0-2.5% for most of the species (Lavens and Sorgeloos 1996). Change in the 

salinity may affect osmotic stress and changes in the cellular ion concentration, due to the selective 

permeability of ion through the membrane (Figler et al. 2019). To overcome salinity stress, 

microalgae may respond by stimulating production of compatible solutes (e.g. sucrose, glycerol, 

proline) or by changing membrane composition by upregulating ion transporters. They may also 

respond by upregulation of carotenoid synthesis genes, e.g. enhanced accumulation of astaxanthin in 

Dunaliella salina, most likely due to the generation of reactive oxygen species (Table 2.1; Li et al., 

2009).  

2.1.4. UV radiation 

Ultraviolet (UV) radiation covers the wavelength range of 100–400 nm, which has lower wavelength 

than visible light (Fig 2.3). The UV region is divided into three bands: 
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 UVA (315-400 nm) 

 UVB (280-315 nm) 

 UVC (100-280 nm). 

UVA have the least energy among UV rays, followed by UVB and finally UVC that does not reach the 

Earth’s surface. UV radiation comes naturally from the sun, or it can be induced by artificial source 

(lamps). UV radiation reaching the Earth’s surface is mainly composed of UVA with a small portion 

of UVB (5-10 %) (Diffey, 2002).  

Effects of UV radiation on microalgae are well discussed in literature. Previous studies have focused 

on the following aspects: 

 effects of UV radiation on physiological changes of microalgae in their natural habitat (Jin et 

al. 2017), 

 application of high UV doses as a tool for spontaneous genetic mutations for obtaining 

improved microalgae strains (Moha-León et al., 2019), 

 enhancing cell lysis and extraction of intracellular material (Sydney et al. 2018; Guiheneuf et 

al. 2010; Tian et al. 2009), 

 using low/moderate doses of UV radiation as an abiotic stress for triggering accumulation of 

metabolites such as lipids and carotenoids (Table 2.1). 

UV radiation as an abiotic stress in microalgae is still relatively unexplored field. UV radiation affects 

microalgal metabolic activity mainly by the reactions mediated by the UV induced reactive oxygen 

species (ROS). Several microalgal species respond to UV radiation by evolving several lines of 

resilience mechanisms such as synthesis of protective antioxidants (e.g. carotenoids, tocopherols), 

accumulation of UV absorbing mycosporine-like amino acids and pigment scytonemin (Richa et al., 

2016). In food industry, UVB lamps are already used for food biofortification, e.g. UVB exposure of 

dry mushrooms in order to induce the conversion of provitamin D2 to vitamin D2 (EFSA, 2020), which 

suggests possibility of applying similar techniques for microalgae, assuming that (some) microalgae 

have the metabolic pathways for synthesizing vitamin D3 precursor. 

2.1.5. Interactive effects of different abiotic factors 

Combined effects of different abiotic factors on production of various metabolites in microalgae may 

not be predictable from single-factor studies. Interactions of single effects can be synergistic or 

antagonistic, therefore, the metabolic response may be further optimized by combing different stress 

factors. As an example, Mitra et al. (2014) reported that interactive effect of low temperature and low 
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irradiance resulted in a higher accumulation of EPA in Nannochloropsis sp. compared to applying 

each of the factors individually. There is still a lack of knowledge about the advantages/disadvantages 

of interactive effects between different abiotic factors within different microalgal species, which 

should be part of the future research for optimizing production of bioactive compounds in 

microalgae.  

2.2. Downstream processing 

Downstream processing integrates multiple steps including harvesting (separation of the biomass 

from the carrier media), concentrating, drying, cell disruption, extraction and product purification 

(Fig 2.1). Small cell size of microalgae (sometimes less than 10 μm in diameter) and low density 

(commonly 0.02–0.05% dry weight) of the culture makes microalgal harvesting one of the 

bottlenecks in the microalgal processing line. Selection of the harvesting method depends on the 

morphology and physiology of the cell, culture density and final product (Günerken et al. 2015; Chen 

et al. 2015). Microalgal harvesting includes mechanical, chemical and biological based methods. 

Common mechanical methods are centrifugation and membrane filtration, which are often 

performed after less energy intensive, chemical methods such as coagulation or flocculation. 

Therefore, combination of two or more methods can improve harvesting efficiencies and reduce 

processing costs (Chen et al. 2015). Next step, cell disruption, is a process ranging from cell damage 

or cell disintegration, over the release of intracellular metabolites (extraction), to complete cell 

rupture. Final downstream processing steps, fractionation/purification, is end-product dependent 

and it needs to be tailored accordingly. The focus of this project was on two processing steps - cell 

disruption and drying, which is described in the following two paragraphs (2.2.1. and 2.2.2.). 

2.2.1. Cell disruption and extraction 

The cell wall thickness and composition strongly influence the resistance of the microalgal cells 

against disruption. The cell wall structure of microalgae is complex and still poorly understood 

(Gerken et al., 2013, Dunker et al. 2018), which makes extraction of intracellular products 

challenging. Cell disruption is a crucial step for maximizing product recovery from microalgae and 

further optimization is highly needed. There is a number of cell disruption methods available that 

can be roughly categorized into two groups based on the working mechanism: mechanical methods 

(e.g. bead milling, high-pressure homogenization) and non-mechanical methods (e.g. enzymatic 

degradation, ultrasonication, pulsed-electrical field) (Günerken et al. 2015). Fig 2.4 shows the cell 
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disruption methods for microalgae grouped based on their working mechanism. Extraction methods 

that will be used in this thesis are described more in detail in paragraph 2.2.1.1 and 2.2.1.2. 

 

Fig 2.4. Summary of the common cell disruption/extraction methods used for microalgae 

 

2.2.1.1. High pressure homogenization 

High-pressure homogenization is one of the most preferred methods for a large-scale microalgal cell 

disruption mainly because it is easily scalable method and effective in disruption of rigid cell walls 

(Günerken at al. 2015). Cell disintegration is achieved by forcing a liquid through a narrow nozzle at 

high pressure resulting in a high shear stress (Fig 2.5). Previous studies investigating microalgal cell 

disruption by high-pressure homogenization showed that a high working pressure and number of 

the cycles positively correlates with the cell disruption efficiency (Grimi et al. 2014; Samarasinghe et 

al. 2012). Density of the culture and growth phase was also shown to have an effect but to a minor 

extent. Some of the disadvantages of high-pressure homogenization are the need of a relatively 

diluted cultures (< 10% w/w), high energy demand and non-selective intracellular compound 

release (Alhattab at al. 2019). Efficiency assessment of the cell disruption by high-pressure 

homogenization is usually performed by cell counting, particle sizing, or measurement of metabolite 

release. Selecting the appropriate method(s) will depend on the stage of the disruption process, 
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therefore inappropriate method may give misleading outcomes of the cell disruption efficiency 

(Alhattab at al. 2019). 

 

Fig 2.5. Schematic diagram of high-pressure homogenizer (Adopted from Cho et al. 2012) 

 

2.2.1.2. Enzymatic cell degradation 

Enzymatic degradation is a mild, biological method, easily scalable with low energy requirements 

and low capital investment, which is advantageous to many mechanical methods. Another advantage 

is that there is no generation of potentially toxic products as it may be during the chemical hydrolysis. 

During the enzymatic treatment, enzymes hydrolyze the bonds within specific molecules in the cell 

wall resulting in cell wall degradation. Most microalgal cell walls contain polysaccharides (e.g. 

cellulose, hemicelluloses, pectin) and glycoprotein matrix providing the cells with a strong defense 

against its environment (Fig 2.6). Some species have additional layers containing algaenan, a 

substance known for its high resistance to degradation (Versteegh and Blokker, 2004).  
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Fig 2.6. Example of a microalgal cell wall structure (adopted from Velazquez-Lucio et al. 2018) 

 

Some of the common enzymes used for microalgal cell wall disruption are cellulases, ectinases, 

xylanases, amylases, chitinases, sulfatase and lysozyme (Velazquez-Lucio et al. 2018). Enzymatic 

activity can disintegrate cell wall making the cell permeable, or it can completely disrupt the cell wall, 

which will result in  releasing the intracellular content into the surrounding medium (Fig 2.7). 

 

Fig 2.7. Schematic representation of different stages of cell disruption and their influence on intracellular 

compound recovery (adopted from Sierra et al. 2017). Color of the particles represent: blue - glycoproteins, 

green - carbohydrates, yellow – lipids, red-carotenoids. 

 

There is a number of studies investigating enzymatic cell disruption in microalgae (Mendes Pinto et 

al. 2001; Zheng et al., 2011; Harun and Danquah, 2011). These studies have demonstrated that the 

main factor influencing the enzymatic processes is enzymatic selectivity (Zheng et al., 2011). Besides 

type of the enzyme, operational parameters like temperature and pH significantly affect efficiency of 

the treatment (Fu et al., 2010; Harun and Danquah, 2011). Main limitations of the enzymatic method 

are long processing time and risk of the product inhibition, which is a result of a possible reaction 

between enzymes and other metabolites. In addition, high processing cost and the fact that not many 

available enzymes are suitable for microalgal wall disruption are disadvantageous. However, since 
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the use of enzymes largely determines process costs, enzyme immobilization may be a way for 

overcoming this limitation. Future research should address challenges that will enable tailoring 

enzymatic treatment for each individual species and their end-products.  

2.2.2. Drying 

After up-concentrating microalgae culture by harvest, the dry weight content of the biomass slurry 

is still relatively low (< 30% total weight). Therefore, a suitable drying process can be applied in 

order to remove the remaining water. Drying process facilitates transportation, increases stability 

and often enhances extraction of selected compounds (Chen et al. 2015). Drying of microalgae 

biomass is still challenging and requires an innovative answer mainly due to the high operating costs 

as it may constitute majority of the overall cost (Show et al. 2013). The selection of an appropriate 

drying technology depends on the production scale, culture concentration, morphology of the cell, 

quality requirements of the final product and maximum acceptable temperature for preventing 

thermal damage to the biomass. Common drying methods and their advantages/disadvantages are 

presented in Table 2.2 Common drying methods include solar drying, freeze drying, spray drying, 

drum drying, or fluidized bed drying (Show et al. 2015).  

 

Table 2.2. Common drying methods applied in microalgae processing 

Drying technique Advantages Disadvantages 

Solar drying 
Cost-effective process, 

No capital investment 

Slow process, 

Difficult to control, 

Risk of microbial contamination 

 

Spray drying 

 

Rapid drying process, 

High drying efficiency, 

Produces homogenous powder 

High capital and operational costs, 

Possible deterioration of heat 

sensitive compounds 

Freeze drying 

 

Gentle process, 

Preserved quality of high-value 

metabolites 

High operating costs 
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Convective drying Relatively low capital investment 

Low drying efficiency  

Possible deterioration of heat 

sensitive compounds due to the long 

drying time 

 

Drying requirements tend to increase if the target end-products are non-polar compounds, such as 

carotenoids and omega-3 fatty acids, because extraction efficiency may be higher on dry biomass 

(Balasubramanian et al. 2013). In contrast, if end-products are protein or carbohydrate, the drying 

requirement would be low since they are water soluble compounds and the extraction process often 

includes water. Another important factor to consider is sensitivity of the target compounds. For 

example, carotenoids (e.g. lutein, astaxanthin) or omega-3 fatty acids (e.g. EPA, DHA) can get easily 

damaged or degraded by the influence of heat or light. Therefore, for production of these compounds 

more gentle drying technologies need to be applied. On the other hand, if microalgal biomass is used 

for e.g. biofuel production, cheaper options can be considered (e.g. solar drying and convective 

drying).  
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Chapter 3: Bioactive compounds from microalgae  

Chapter 3 describes different high-value compounds in microalgae, including their characteristics and 

functionality, as well as the current knowledge about the application of those compounds from 

microalgae.     

The number of microalgal species found in nature was estimated to be 200,000-800,000 (Wolkers et 

al. 2011), but only a small number of species is used for production of food and feed ingredients. 

Extracting bioactive compounds from microalgal biomass and incorporating them into food products 

may improve nutritional value of such a product. Currently, most of the commercially available 

microalgal biomass for human consumption (mostly Arthrospira and Chlorella) can be found in a 

form of food supplements. Some of the most common marketed microalgae based ingredients are β-

carotene from Dunaliella, DHA from C. cohnii, and the blue pigment phycocyanin from Arthrospira 

(Enzing et al. 2014). Table 3.1 summarizes main commercialized microalgal based ingredients for 

food and feed production. From the table it can be observed that the pigments are highly market 

competitive with relatively high selling price, especially astaxanthin, most likely due to its high 

antioxidative activity and poor alternative options. When it comes to marketing microalgae based 

products, there are also challenges related to approval by the regulatory authorities. In order to get 

an approval for the novel food product or food ingredient in Europe, it needs to be approved by the 

European Commission (EC), including the safety assessment of the novel foods by the European Food 

Safety Authority (EFSA). In the USA, the approval process for microalgal products is under the Food 

and Drug Administration (FDA), which is responsible for assigning the GRAS status (Generally 

Recognized as Safe). These processes may be costly and time consuming, which requires more 

investments into microalgal based industry in order to promote its development. 

 

Table 3.1. Commercialized high-value compounds from microalgae their application, their artificial 

twin/substitute and also the production costs and selling price. 

Bioactive 

compound 

Microalgal 

species 
Application 

Conventional 

sources on the 

market 

Production 

cost 

(USD/kg) 

Selling 

price 

(USD/kg) 

β-carotene Dunalliela salina 

Food colorant; 

food 

supplement; 

feed additive 

Synthetic β-

carotene, palm 

fruit, carrots  

105 790 
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Astaxanthin 
Haematococcus 

pluvialis 

Fish feed 

additive; food 

supplement 

Synthetic 

astaxanthin, red 

yeast 

552 2500 

Phycocyanin 
Arthrospira 

platensis 

Food colorant; 

flourescent 

marker 

Synthetic 

phycocyanin 
46 548 

EPA 

Phaeodactylum 

tricornutum, 

Nannochloropsis 

sp., 

Food 

supplement 
Fish oil 39 100 

DHA 
Schizochrytium 

sp. 

Food 

supplement ; 

additive in 

infant formulas 

Fish oil 39 120 

Protein  

Arthrospira 

platensis, 

Chlorella vulgaris 

Food 

supplement 
Soya 2-5 8-19 

Adapted from: Enzing et al. 2014; Chauton et al. 2015; Lopes et al. 2019  

 

3.1. Omega-3 fatty acids 

Microalgal lipids can generally be divided into structural lipids (polar lipids) and storage lipids 

(neutral lipids). Structural lipids are mainly located in membranes in the form of phospholipids and 

glycolipids, whereas storage lipids are mainly stored in the form of triacylglycerols (TAGs) in 

cytosolic lipid bodies. In contrast to neutral lipids that are rich in saturated and monounsaturated 

fatty acids (SAFAs and MUFAs), polar lipids are rich in PUFAs as their main function is to maintain 

membrane functions (Bellou et al. 2014). Most of the microalgal strains have oil content between 10–

50% (w/w). Growth limiting stress conditions (e.g. high light intensity, high salinity, nutrient 

starvation or UV radiation) may stimulate lipid accumulation as a part of their survival mechanism 

and thus affect the fatty acid composition (Sun et al. 2018).  

Omega‐3 fatty acids are a specific group of PUFAs in which the first double bond is located between 

the third and fourth carbon atom starting from the methyl end of the fatty acid. α-linolenic acid (ALA; 

18:3, n-3), EPA and DHA are omega-3 fatty acids with a range of health benefits in humans 

(Deckelbaum and Torrejon, 2012). Omega-3 fatty acids are a structural component of many human 

cell membranes, including neuronal cells (Simopoulos 1991). EPA and DHA were shown to have 

positive effects in preventing the effects of rheumatoid arthritis (Calder and Yaoob, 2010), 

cardiovascular diseases (Weber et al. 2006), asthma (Hodge et al. 1996), breast cancer (Trappmann 
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and Hawk, 2011) and colon cancer (Chapkin et al. 2007). They also have antioxidative and anti-

inflammatory properties (Gouveia et al. 2010). EPA and DHA can be produced only by plankton 

therefore, animals and humans need to ensure their intake through the diet. They can be also 

synthesized from ALA (Fig 3.1), but due to the inefficient process in humans, their incorporation in 

foods is of a great importance (Deckelbaum and Torrejon, 2012). Besides human nutrition, feed rich 

in omega-3 fatty acids is essential to the aquaculture industry. The successful cultivation of oysters, 

scallops and mussels is dependent on the microalgal feedstock. Some of the most cultivated 

microalgae for aquaculture hatcheries are: Chaetoceros calcitrans, Isochrysis galbana, Pavlova lutheri 

and Tetraselmis suecica (Han et al. 2019). In microalgae, omega-3 fatty acids are used to repair the 

damage of the cell membrane, as well as to maintain fluidity of the membrane. Due to the possession 

of many double bonds, increase in the content of free radicals may lead to oxidation of PUFA. 

Therefore, environmental stress factors may have an adverse effect on the content of PUFAs.  

 

Fig 3.1. Pathway of metabolic interconversion of omega-3 fatty acids. Conversion reactions are catalyst by 

enzymatic activity of desaturases and elongases. 
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Fish and fish oil are the main dietary sources of long chain omega-3 fatty acids. However, 

overexploitation of global fish stocks has been increasing exponentially since the 1950s (Han et al. 

2019), which indicates the need for alternative sources of PUFAs. Alternative sources of EPA and DHA 

currently explored for commercial production are bacteria, fungi, plants and microalgae. Fungi and 

bacteria require an organic carbon source and often need to be genetically modified in order to be 

able to produce high quantities of PUFAs. Plants, besides having low growth rates, require arable land 

and have no enzymatic activity for producing long chain PUFAs such as EPA and DHA, they also need 

to be genetically modified (Ursin, 2003). Microalgae do not have any of those limitations, which 

makes them a great alternative. However, optimizing the production processes is still a requirement 

due to the high processing costs and relatively low yields. 

3.2. Carotenoids 

Carotenoids are fat-soluble pigments divided into two groups: carotenes, which contain only carbon 

and hydrogen atoms, and xanthophylls, which contain also oxygen atoms (Takaichi et al. 2011). 

Despite the fact that 200 different carotenoids can be found in microalgae, only less than 30 

carotenoids play important roles in photosynthesis (Gong and Bassi, 2016). Carotenoids can be 

divided into two categories (Wang et al., 2014): 

 Primary carotenoids: structural and functional components of photosynthetic apparatus; 

located in the thylakoid membranes in the chloroplasts 

 Secondary carotenoids: produced via carotenogenesis only when cells are exposed to specific 

environmental stress, e.g. high light intensity; located in lipid vesicles in the stroma of a 

plastid or in cytosol.  

Main functions of carotenoids in the microalgal cell are light harvesting and transfer of absorbed 

energy to chlorophylls, as well as quenching the excess energy in photosynthetic reactions (Takaichi 

et al. 2011). The 400–550 nm spectral region is dominated by carotenoid absorption. Due to their 

antioxidant activity, carotenoids protect microalgal cells from free radicals, which prevents lipid 

oxidation, and preserve the functionality of photosynthetic apparatus (Takaichi et al. 2011). 

Pigments astaxanthin, β-carotene and lutein have strong antioxidant activity and they represent 

major carotenoids of commercial value found in microalgae. Chemical structure of β-carotene, 

astaxanthin and lutein is shown in Fig 3.2. The global carotenoids market value was $1.24 billion in 

2016 and it is projected to reach $1.53 billion by 2021 (Ambati et al. 2019). Some of the fastest 

growing sectors with an interest in the carotenoids are food, feed, cosmetics and nutraceutical 
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industries. They are commonly used as natural colorants and for the nutritional properties 

improvement. Carotenoids were shown to have a range of health benefits, due to their antioxidant 

and anti-inflammatory properties (Elvira-Torales et al. 2019), including prevention of Alzheimer’s 

disease in old age (Boccardi et al. 2020), prevention in the development of obesity (Coronel et al. 

2019) and prevention in the progression of eye diseases (Johra et al. 2020). It is important to note 

that carotenoids cannot be synthesized by humans so they must be obtained through the diet. Despite 

the fact that synthetic carotenoids are cheaper to produce (approximately half of the cost for natural 

antioxidants), their effectiveness showed to be lower compared to some natural carotenoids. β-

carotene from microalgae is a mixture composed of all-trans and 9-cis isomers, whereas synthetic β-

carotene contains only all-trans isomers and therefore the health beneficial properties might be 

different. Similarly, microalgal derived astaxanthin is mostly esterified (~ 95%), whereas synthetic 

astaxanthin is in free form. When comparing natural and synthetic form, naturally produced 

astaxanthin showed to be 50 times stronger in singlet oxygen quenching and 20 times stronger in the 

neutralization of free radicals (Capelli et al. 2013). These facts highlights the need for alternative 

natural antioxidants. There are various abiotic factors that showed to favor carotenoid production in 

some microalgae, including high light intensity, nutrient stress and high salinity (Gong and Bassi, 

2016).  

 

Fig 3.2. Chemical structure of β-carotene and of the xanthophylls astaxanthin and lutein, main carotenoids 

from microalgae with commercial interest. Adopted from Del Campo et al. (2007). 
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3.3. Fat-soluble vitamins 

Microalgae represent a rich source of both lipophilic and lipophobic vitamins. The number of studies 

investigating microalgae as a source of vitamins is still relatively limited, especially fat-soluble 

vitamins (Fabregas and Herrero, 1990; Brown et al. 1999; Chronopoulou et al. 2019). Microalgal 

biomass contains most of the essential vitamins, e.g. A, B1, B2, B6, B12, C, E, niacin, biotin, folate and 

pantothenic acid. The vitamin content depends on the species, growth phase and nutrient availability, 

which means their content can be manipulated by abiotic factors.   

α-tocopherol (vitamin E) is a lipid-soluble vitamin synthesized by photosynthetic organisms. α-

tocopherol is widely used in food and cosmetics as a natural antioxidant (Santiago-Morales et al. 

2018). Several studies confirmed the health benefits of vitamin E for human health, including 

prevention of degenerative disorders and light-induced pathologies of skin and eyes (Morais et al. 

2015). Currently widely used synthetic antioxidants, such as butylated hydroxyanisole (BHA) and 

butylhydroxytoluene (BHT) are considered as a potential skin and eye irritant (EFSA 2018), which 

indicates the need for the replacement by natural antioxidants. In the microalgal cell, α-tocopherol 

can prevent oxidative damage of DNA, amino acids, and PUFAs by neutralizing free radicals. Another 

fat-soluble vitamin of great importance in food and pharma industry is vitamin A. β-carotene is a 

vitamin A precursor in humans. After ingestion, β-carotene is converted to retinol (Vitamin A) in the 

small intestine. Retinol plays an important role in immune function, cellular communication and 

maintenance of visual function (Tang, 2010). The number of studies investigating remaining fat-

soluble vitamins in microalgae - vitamin D and K, is very limited compared to number of studies on 

α-tocopherol and β-carotene in microalgae. Vitamin K includes phylloquinone (K1 vitamin), and 

menaquinones (K2 vitamers). In humans, vitamin K plays an essential role in blood coagulation, 

maintenance of bone and neuroprotection (Booth, 2009; Vermeer, 2012; Ferland, 2012). In 

microalgae (and plants) K1 vitamin plays an important role in photosynthesis as an electron carrier 

in photosystem I (Basset et al. 2016). There is a very limited literature about the content of K2 

vitamers and their role in microalgae is not defined (Chronopoulou et al. 2019). Similarly, vitamin D 

is rarely mentioned in the context of microalgae. Vitamin D occurs in two main forms: vitamin D3 

(cholecalciferol) and vitamin D2 (ergocalciferol). The main function of vitamin D in humans is the 

regulation of calcium homeostasis. Vitamin D3 is found mainly in foods of animal origin, whereas 

vitamin D2 is found in plant based organisms, wild mushrooms and UVB exposed fungi and yeast 

(Jäpelt and Jakobsen, 2013). There are a few studies investigating vitamin D in phytoplankton 
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(Takeuchi et al., 1991; Sunita Rao and Raghuramulu, 1996; Brown et al., 1999) but none of them 

identified microalgae, which have the ability to produce vitamin D3.  
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Chapter 4: Experimental design 

Chapter 4 presents overall experimental design of the Ph.D project. Experimental steps are illustrated 

and described by dividing them into sub-studies. Published/submitted papers, containing more detailed 

description of experimental procedures, are noted next to the corresponding sub-study.     

Overall experimental design of this PhD project is illustrated in Fig 4.1. Generally, the experimental 

work was divided into two main parts - upstream processing and downstream processing.  

 

 

Fig 4.1. Experimental design indicating main experimental steps and corresponding papers (I-V) for this Ph.D 

thesis. 
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Upstream processing included cultivation of 8 different microalgal species under optimal 

conditions until they have reached their late exponential growth phase. In the second stage, abiotic 

factors were applied for a certain number of days. Cultivation parameters such as light intensity, 

spectral distribution, UV radiation and salinity were manipulated in order to evaluate their effect on 

the accumulation of selected metabolites (lipids, fatty acids, carotenoids, etc.). The main focus was 

on the effect of light characteristics, including light intensity, spectral distribution and UVB exposure. 

In addition, interactive effects of light and salinity were evaluated.  

Downstream processing included evaluating the effect of extraction procedures (high pressure 

homogenization in combination with enzymatic treatment) and drying methods (novel swirl flash 

drying and freeze drying) on the recovery of selected high value metabolites. These experiments 

were performed with the commercially purchased biomass of Chlorella pyrenoidosa.  

More detailed description of the upstream and downstream experiments is presented in the 

following paragraphs 4.1 and 4.2, respectively.  

 

4.1. Upstream processing 

Upstream processing can be divided into 3 sub-studies as illustrated in Fig 4.2. Published/submitted 

papers (I - V) are marked next to the corresponding sub-study. Not all the species were subjected to 

all abiotic factors, and different metabolites of interest were selected across the species. Therefore, 

each of the 3 sub-studies describe the microalgal species selected, tested abiotic factor and 

metabolites of interest.   
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Fig 4.2. Experimental design of the upstream processing divided into 3 sub-studies 

 

Cultivation parameters (abiotic stresses) were selected based on the previous literature study and 

based on the target metabolites. Cultivation process for each of the sub-studies is described in the 

corresponding papers, which is elaborated below: 

1) Sub-study 1.1. Effect of different light intensities and monochromatic LEDs (blue, green, red) 

was mainly focusing on the production of lipids and high-value lipophilic compounds – 

PUFAs, carotenoids and tocopherols (Paper I). Besides evaluating effects of each abiotic 

factor individually, interactive effects of monochromatic LEDs and salinity stress were tested 

only for microalgae Rhodomonas salina in order to evaluate if the interaction of selected 

abiotic factors has a higher impact on the production of selected metabolites (Fig 4.3). 
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Fig 4.3. Cultivation of Rhodomonas salina 

 

2) Sub-study 1.2. UVB exposure was primarily applied in order to investigate if it can trigger 

vitamin D3 production in microalgae (Fig 4.4). However, effect of UVB on the production of 

other fat-soluble vitamins, lipids, fatty acids, amino acids and carotenoids was also evaluated 

(Paper II and III). In addition to the species exposed to the artificial UVB, two species, 

Nannochloropsis oceanica and Isochrysis galbana, were cultivated in open ponds with the 

natural light source (sunlight) in order to evaluate the ability of microalgae to synthesize 

vitamin D3 under natural UVB exposure. Cultivation was performed during the winter season 

in Israel at the National Center for Mariculture. Harvested biomass (in late exponential 

growth phase) was delivered to DTU to perform vitamin D3 analysis.  

 

 

Fig 4.4. Culture of Nannochloropsis oceanica exposed to UVB light 

 

3) Sub-study 1.3. The main aim was to investigate the effect of monochromatic LEDs on the 

production of rare lipid compounds - alkeonones (very long chain ketones) in I. galbana. 

Besides investigating alkenones, the effect on the microalgal growth, neutral lipid 

composition and fatty acid distribution was evaluated (Paper IV).  
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Fig 4.5. Culture of Isochrysis galbana illuminated by different monochromatic LEDs 

 

4.1.1. Selection of microalgal species  

All of the selected species are of industrial interest due to the beneficial biochemical composition and 

ability to adapt to mass culture. Most of the selected microalgal species originate from different 

taxonomic classes and they were selected in order to eliminate common metabolic mechanisms as 

they may overlap within the species from the same taxonomic family. Also, selected species include 

both marine and fresh water species, from the same or different taxonomic class. Table 4.1 gives an 

overview of all the selected microalgal species and their classification.  

 

Table 4.1. Overview of the cultivated microalgal species, their taxonomic and habitat classification, and main 

industrial interest. The last column in the table indicate paper(s) that contain the strain specifications and 

description of the cultivation process. 

Microalgal 

species 

Taxonomic 

class 

Natural water 

habitat 

Main industrial 

interest 

Reference 

paper 

Arthrospira 

maxima 
Cyanophyceae 

Alkaline 

brackish 

Protein rich biomass, 

source of blue pigment 

phycocyanin, 

nutraceutical. 

 

I / II 

Chlorella 

minutissima 
Chlorophyceae Fresh 

Protein rich biomass, 

nutraceutical. 
I / II 
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Rhodomonas 

salina 
Cryptophyceae Marine 

Feed in aquaculture, 

rich in EPA and DHA. 

 

I / II 

Nannochloropsis 

oceanica 
Eustigmatophyceae Marine 

Rich source of omega-3 

FA. 

 

I / II / III 

Nannochloropsis 

limnetica 
Eustigmatophyceae Fresh 

Rich source of omega-3 

FA. 

 

III 

Tetraselmis 

suecica 
Chlorodendrophyceae Fresh 

Feed in aquaculture, 

rich in omega-3 FA. 

  

III 

Dunaliella 

salina 
Chlorophyceae Marine 

β-carotene  

production. 

 

III 

Isochrysis 

galbana 
Prymnesiophyceae Marine 

Feed for aquaculture, 

rich in DHA. 
IV 

 

4.1.2. Cultivation experiments 

All cultivations were carried out in a batch mode, in a lab scale (up to 5 L). The species were 

inoculated into the corresponding growth medium, and cultivated under the optimum growth 

conditions until they have reached late exponential growth phase. After that point, specific 

parameters were applied for a certain time period to evaluate their effect on the biomass. Effects of 

the following abiotic factors on the production of certain metabolites were evaluated: 

 Light intensity (100, 400 and 800 μmol photon/m2/s); white LED, 4000 K 

 Individual monochromatic LEDs (violet, blue, green, yellow, orange and red) at intensity 100 

μmol photon/m2/s 

 UVB exposure (doses from 3-36 kJ/m2/day) 

 Interactive effects of monochromatic LEDs and salinity (30 ppt, 35 ppt and 40 ppt) 
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4.1.3. Extraction, identification and quantification of selected compounds 

After cultivation, microalgal biomass was harvested by centrifugation and freeze-dried. Extraction, 

identification and quantification of selected compounds was performed by already established 

methods, which are described in the corresponding papers. Table 4.2 gives an overview of measured 

compounds, extraction methods and corresponding instrumentation used for identification and 

quantification. The last column in the table indicate paper(s) that contain detailed description of the 

extraction, identification and quantification procedure. 

 

Table 4.2. Summary of compounds, corresponding extraction methods and instrumentation used for 

identification and quantification. 

Compound Extraction method 

Instrumentation  

used for 

identification/ 

quantification 

Extraction/ 

identification/ 

quantification 

described in 

the following 

paper(s) 

Total lipids 

 

Liquid-liquid extraction by 

methanol:chloroform:water  

 

- 

 

I, II, III 

 

Neutral lipids 

 

No extraction step, Nile Red staining of 

neutral lipids 

 

Flow cytometry  

 

IV 

 

Fatty acids 

 

Transesterification of total lipid extracts in 

order to obtain fatty acid methyl esters 

(FAMEs) 

 

GC-FID 

 

I, II, III 

 

Amino acids  

 

Acidic/thermal protein hydrolysis followed 

by a number of clean-up steps 

 

LC-MS 

 

III 

 

Total protein 

 

No extraction step, direct combustion of 

microalgal biomass  

 

Dumas 

 

V 
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Pigments 

 

Methanolic extraction assisted by sonication 

 

HPLC 

 

I, II, III 

 

Tocopherols 

 

Total lipid extracts dissolved in heptane used 

for direct determination of tocopherols 

 

HPLC 

 

I, II, III 

 

Vitamin D 

 

Extraction of unsaponifiable matter by 

liquid/liquid extraction, cleaning-up by a SPE 

column extraction  

 

LC-MS/MS 

 

II, III 

 

Vitamin K 

 

Enzymatic hydrolysis of lipids, cleaning-up by 

a SPE column extraction 

 

LC-MS/MS 

 

III 

 

Alkenones 
Liquid-liquid extraction by 

methanol:dichloromethane:water  
GC-MS IV 

 

4.2. Downstream processing 

Second part of the PhD project was focusing on the downstream processing of microalgae, which was 

divided into 2 sub-studies as illustrated in Fig 4.6. Published paper (V) is marked next to the 

corresponding sub-study.  

 

Fig 4.6. Experimental design of the downstream processing divided into 2 sub-studies 
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Each of the sub-studies is elaborated bellow (paragraph 4.2.1. and 4.2.2.). 

4.2.1. Cell disruption and extraction  

Combination of mild biological treatment (enzymatic treatment) and energy intense mechanical 

method (high-pressure homogenization) aimed at obtaining high yields of protein and lipids with the 

minimal adverse effect on the bioactive compounds such as carotenoids and PUFAs. 

Microalgal biomass 

Microalgae Chlorella pyrenoidosa was selected for this study due to their rigid cell walls, which often 

requires energy intensive treatment for efficient extraction process. In addition, C. pyrenoidosa 

biomass has a favourable composition (high protein and carotenoid content), it is widely used as 

nutraceutical and it represents a potential alternative source for non-animal protein. Microalgae C. 

pyrenoidosa (SAG 211-8 k) was cultivated in an industrial scale at the company Ecoduna (Bruck an 

der Leitha, Austria). Harvesting was performed at the early stationary phase by cross-flow 

microfiltration (LiqTech, SiC ceramic membrane, 0.1 μm) and centrifugation at 3000 g prior to 

shipment to Technical University of Denmark (DTU). Concentration of the received microalgal slurry 

was 50 g/L. 

High-pressure homogenization 

High-pressure homogenizer (Niro Soavi S.P.A NS 10001, Düsseldorf, Germany) was used to perform 

homogenization by passing the microalgal slurry through the nozzles in one pass at a pressure of 100 

MPa and flow rate of 170 mL/min (Fig 4.7). Running parameters were determined based on the 

preliminary experiments that showed cell disintegration at selected parameters, which was 

evaluated by optical microscopy. High-pressure homogenization was performed as a pretreatment 

to enzymatic degradation with the aim of disintegrating cell walls to increase the accessibility to the 

enzymes. By decreasing the number of passes, energy demand is lower and the cell walls will be 

disintegrated, but not completely ruptured.      



48 
 

 

Fig 4.7. High-pressure homogenization of Chlorella pyrenoidosa. 

 

Enzymatic treatment 

Two commercially available food grade enzymatic cocktails from Novozymes were used in this study: 

 Neutrase - endoproteases (enzymes that hydrolyze proteins) 

 Viscozyme L - multi-enzyme complex containing a wide range of carbohydrases, including 

arabanase, cellulase, beta-glucanase, hemicellulose and xylanase (enzymes that hydrolyze 

more or less complex carbohydrates) 

Product sheet for each of the two enzymatic cocktails is available in Appendix I. Each of the enzymes 

was added in concentration of 0.3 and 0.5 % of microalgal dry weight. Novozymes recommendation 

was concentration of 0.05-0.1%. However, it needs to be noted that this is a general recommendation 

for different plant based materials and it is not specified for microalgal biomass, so higher 

concentrations were applied in this study. Sample preparation included mixing 2 g of dry biomass 

(equivalent to 40 mL of suspension) with 60 mL of 0.1 M phosphate buffer solution of suitable pH 

(5.5) in order to keep the optimum pH and reduce the viscosity of the microalgal slurry. Incubation 

was carried out in the water bath (Julabo SW 20, Struers Kebo Lab, Ballerup, Denmark) in darkness. 

In addition to the two concentrations of enzymes, two different incubation intervals (2 and 6 hours) 

and two incubation temperatures (30 and 45 °C) were tested. Even though it was expected that 

higher temperature and longer incubation time will increase the enzymatic activity, lower 

temperature and shorter incubation time were applied in order to evaluate the difference in the 

extraction efficiency and adverse effect on the sensitive high value compounds. Full experimental 

design is presented in Table 4.3.   
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Table 4.3. Experimental conditions in the 24 factorial design for the Chlorella pyrenoidosa cell disruption 

treatment 

Experimental 

condition 

Factors 

Enzyme 

concentration 

Homogenization 

prior incubation 

Incubation 

time (h) 
Temp. (°C) 

1 

0.3 % of dry weight 

Yes 

2 
30 

2 45 

3 
6 

30 

4 45 

5 

No 

2 
30 

6 45 

7 
6 

30 

8 45 

9 

0.5 % of dry weight 

Yes 

2 
30 

10 45 

11 
6 

30 

12 45 

13 

No 

2 
30 

14 45 

15 
6 

30 

16 45 

 

Evaluating efficiency of the cell disruption treatments 

After applying cell disruption treatment, solids were immediately separated by centrifugation at 

8000 g for 15 min (refrigerated centrifuge, IEC Centra-GP8R, Buckinghamshire, England). It was 

expected that the released cell content will remain in the supernatant if cells were completely 

disrupted. Extraction efficiency was evaluated by quantifying the remaining content of the following 

compounds in the pellet:  

 total protein content by direct combustion (Dumas) 

 total lipid content gravimetrically  

 pigments by HPLC 
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 fatty acids by GC-FID. 

Method description for extraction, identification and quantification each of the compounds is the 

same as described in the previous paragraph 4.1.3, Table 4.2.     

4.2.2. Drying  

In order to evaluate the efficiency of the novel drying technology, which was developed in one of the 

previous projects at DTU, effects of the novel method (swirl flash drying) (Fig 4.8) and common 

gentle drying method (freeze drying) on the recovery of high value compounds from C. pyrenoidosa 

were evaluated. Selected microalgal compounds were protein, lipids, fatty acids, pigments and 

tocopherols. In addition, it was investigated whether recovery of selected compounds was more 

efficient on dry or wet biomass. As previously mentioned, C. pyrenoidosa has a rigid cell wall that 

needs to be cracked in order to extract compounds of interest or to increase their bioaccessibility. 

Therefore, high-pressure homogenization was applied as a pre-treatment in order to evaluate 

whether drying of treated biomass may have an adverse effect on the bioactive compounds. 

Experimental set up is shown in Table 4.4. 

 

Fig 4.8. Schematic of prototype swirl-flash dryer (Paper V) 
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Table 4.4. Experimental conditions for the Chlorella pyrenoidosa drying study 

 Factors 

Experimental 

condition 
Pretreatment Drying method 

1 

Homogenization 

Swirl flash 

2 Freeze drying 

3 Wet biomass 

4 

No pre-treatment 

Swirl flash 

5 Freeze drying 

6 Wet biomass 

 

Specifications of the prototype novel swirl dryer system, detailed description of the experimental 

procedure, including pretreatment by high-pressure homogenization and analytical analyses of the 

selected compounds are available in Paper V.  

 

4.3. Statistical analysis 

Description of statistical analysis is given in each of the corresponding papers. In summary, 

cultivation experiments were performed in a batch mode, either in duplicates or triplicates. For the 

experiments carried out in triplicates the results are given as an average ± standard deviation (SD). 

Experiments performed in duplicates are shown as an average with pooled standard deviation (SDp) 

in order to increase the statistical weight. SDp was used only for homogeneous group of data. 

Shapiro-Wilk test was performed to test that data have met the assumption of normality, whereas 

Levene’s test was used for confirming homogeneity of variance. One-way or two-way analysis of 

variance (ANOVA) was used to determine significant difference in the content of measured 

compounds between the treatments for the same species. For downstream experiments, two-way 

ANOVA and multifactor ANOVA were used to determine which factors have significant effects on the 

recovery of the metabolites. The Fisher's least significant difference (LSD) was used to detect 

significant differences between groups where p-values ˂0.05 were considered significant. The 

Statgraphics Centurion 18 software (Statpoint Technologies, Inc., USA) was used for the statistical 

analyses unless stated differently in the corresponding paper.  
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Chapter 5: Stimulating production of high-value ingredients in 

microalgae 

Chapter 5 describes and discusses results obtained during the first part of the project – upstream 

processing. Results are summarized in tables and figures describing the effects of different levels of light 

intensity, monochromatic LEDs, salinity and different doses of UVB radiation on the production of 

metabolites, focusing on fatty acids, fat-soluble vitamins and carotenoids. Common patterns among the 

species, as well as their potential as an alternative source of high value compounds are illustrated and 

discussed. Most of the obtained data are presented and discussed in papers I-IV and the main findings 

are outlined in this chapter.    

5.1. Lipids and lipophilic compounds  

Paper I discusses how different levels of light intensity, monochromatic LEDs and UVB radiation 

affect the production of total lipids, PUFAs, carotenoids and tocopherols in four microalgal species. 

An overview of the main findings will be presented and discussed through the following paragraphs, 

including some additional (non-published) data.    

Light is one of the most important abiotic factors governing microalgal growth and its metabolic 

activity. Even though growth optimization was not part of this study and the abiotic factors were 

applied in the second cultivation stage (late exponential growth phase), it was important to evaluate 

whether any of the applied parameters (e.g. very high light intensity or UVB exposure) had an adverse 

effect on the cell`s survival. The growth measurements (optical density at 750 nm) for all the species 

treated by different stress conditions are available in Appendix II. All of the four species have shown 

similar growth trends during the 7 days of treatment. Increase in the biomass accumulation was 

observed under all treatments, whereas accumulation rate was significantly lower in cultures treated 

by UVB light compared to all other treatments. UVB radiation had an adverse effect only on the 

survival of C. minutissima culture, which collapsed upon UVB exposure. Light intensity and its 

wavelength can cause significant changes in the production of various microalgal metabolites. Table 

5.1 shows how different light regimes affected the lipid content in different microalgal species. From 

the three levels of tested light intensity, the highest lipid content for all the species was observed at 

the highest light intensity, 800 μmol photon/m2/s, as expected. Increase in the total lipid content 

under high light intensities is most likely a result of utilization of excess photo-assimilates in order 

to prevent photo-oxidative damage (Singh et al. 2016). Other light regimes, such as illumination by 
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monochromatic LEDs and UVB, showed different effects on the lipid content within different species. 

Following significant effects can be marked out: 

 significantly higher lipid content in A maxima illuminated by the combination of two 

monochromatic LEDs compared to individual monochromatic LEDs; 

 increase by approximately 50% in the lipid content of R. salina illuminated by green LED 

compared to the white LED;  

 nearly 40% increase in the lipid content of C. minutissima illuminated by combination of green 

LED with either red or blue LED compared to the white LED. 

Table 5.1. Lipid content (% DW) of four microalgal species cultivated at three different light intensities and 

illuminated by different monochromatic LEDs. Arrows indicate the increase above the average (green), average 

(yellow) or decrease below the average (red) in the lipid content for each of the species. Values are expressed 

as an average of n = 2, pSD (total lipids) = ± 1.5. 

 

n.a. = not analyzed 

 

There is a large number of reports discussing optimization of the lipid content in various microalgal 

species under different stress conditions. Manipulating light parameters in order to induce stress and 

lipid accumulation may be an efficient, but also energy demanding method. Therefore, it is important 

to evaluate whether more products can be accumulated by applying a certain stress condition in 

order to maximize the value of microalgal biomass. Increase in the total lipid content per cell does 

not necessarily correlate with the increase in the production of lipophilic compounds such as omega-

A. maxima C. minutissima R. salina N. oceanica

800 8,4 28,5 28,8 32,1

400 5,3 21,8 25,3 22,8

100 5,3 19,4 16,2 18,6

Blue 3,5 24,5 30,2 26,3

Red 4,7 25,8 25,1 25,4

Green 4,6 28,0 41,3 25,4

Blue + Red 6,9 24,7 n.a. n.a.

Red + Green 7,7 35,9 n.a. n.a.

Blue + Green 7,2 35,6 n.a. n.a.

White 7,9 23,7 21,1 26,9

3 5,9 n.a. 28,3 24,0

6 6,1 n.a. 21,3 25,0

16 7,0 n.a. 21,0 31,4

Light intensity   
(µmol 

photon/m2/s)

UVB dose     

(kJ/m2/day)

LED light
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3 fatty acids, carotenoids or fat-soluble vitamins. Effect of the abiotic stresses on the content of these 

high-value compounds in microalgae is described in the following paragraphs.   

5.1.1. Omega-3 fatty acids 

Omega-3 and omega-6 fatty acids are essential PUFAs in human diet. Omega-9 fatty acids are 

monounsaturated and they are non-essential fats, since they can be produced by the body. The 

balance of omega-6 and omega-3 intake is very important for metabolic homeostasis. Both omega-6 

and omega-3 fatty acids are beneficial for human health, however, lower ratio of omega-6/omega-3 

fatty acids (up to 4/1) is desirable for reducing the risk of chronic disease (Simopoulos, 2016). 

Chronic conditions such as cardiovascular disease, diabetes, cancer, obesity, asthma and depression 

are negatively associated with increased intake of omega-6 fatty acid and positively associated by 

increases in omega-3 fatty acid intake. Ratio of omega-6/omega-3 fatty acids in the western diets is 

15/1 to 20/1 (Simopoulos, 2016). Modern agriculture have led to decrease in omega-3 fatty acid 

content and increase in omega-6 fatty acid content in foods. For instance, wild animals contain about 

five times more omega-3 fatty acids per gram than it is found in domestic livestock (Simopoulos, 

2002). Similar pattern can be seen in farmed fish (van Vliet and Katan, 1990) and eggs (Simopoulos 

and Salem, 1989). The main reason is the difference in feed used in farming compare to the food 

available in natural environment. Microalgae, as a rich source of omega-3 fatty acids, are consumed 

by wild fish and other marine organism in the ocean, which would explain lower ratio of omega-

6/omega-3 fatty compared to majority of farmed fish.  

Fig 5.1 shows the percentage of omega-3, omega-6 and omega-9 fatty acids in four microalgal species 

exposed to different light intensities.  All of the species contained omega-3 fatty acids except A. maxima, 

where omega-6 fatty acids made the majority of PUFAs. Chlorella minutissima had 0.9/1 to 1/1 omega-

6/omega-3 fatty acids ratio without major deviations at different light intensities. Similar ratio was 

found for R. salina exposed to 100 μmol photon m2/s, 1/1, with the increased ratio at the higher light 

intensities, ~1.6/1. The lowest omega-6/omega-3 fatty acids ratio was determined in N. oceanica at all 

three light intensities, 0.3/1. The total relative amount of PUFAs was highest at 100 μmol photon 

m2/s (43% of total fatty acids) and decreased with the increase of the light intensity, most likely due to the 

increase in the portion of saturated fatty acids in the storage lipid bodies. These findings suggests that 

changes in the lipid content and fatty acids composition due to the increase of light intensity do not 

significantly affect the omega-6/omega-3 fatty acids ratio. An exception was R. salina that showed 

~50% increase in the ratio, which indicates either degradation of omega-3 fatty acids or 

accumulation of omega-6 fatty acids at higher light intensities. Increase in the light intensity also 
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stimulates increase in the content of saturated fatty acids, which positively correlates with an 

increase of the total lipid content. There are very few foodstuffs of non-animal origin that can 

compete with an omega-6/omega-3 fatty acids ratio found in microalgae, e.g. chia seeds, squash, 

cabbage or spinach (Tavakkoli-Kakhki et al. 2013). However, lipid content of these vegetables is very 

low and none of them is able to synthesize long chain PUFAs such as EPA and DHA.  

 

                       

Fig 5.1. Relative amount (% of total FA) of fatty acids groups among different microalgae cultivated under three 

different light intensities: a), b) and c) Arthrospira platensis; d), e) and f) Chlorella minutissima; g), h) and i) 

Rhodoonas salina; j), k) and l) Nannochloropsis oceanica. Values are expressed as mean of n = 2. 
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Illumination by different colored LEDs and their effect on the content of omega-3,-6 and -9 fatty acids 

is shown in Fig 5.2. No significant difference in the fatty acid composition was observed in A. maxima 

and N. oceanica. In contrast, C. minutissima and R. salina showed strong deviation in the content of 

omega-3 fatty acids at red LED light. C. minutissima showed approximately 30% decrease in the 

relative content of omega-3 fatty acid (mainly ALA), whereas R. salina showed approximately 32% 

increase in the relative content of omega-3 fatty acid (ALA + EPA + DHA) compared to other LEDs. 

Since the content of omega-6 fatty acids showed no significant difference at different LEDs, the ratio 

of omega-6/omega-3 fatty acids varied in parallel with the variations in content of omega-3 fatty 

acids.  

 

Fig 5.2. Relative amounts (% of total FA) of fatty acids groups among different microalgae illuminated by 

monochromatic LEDs. Values are expressed as mean of n = 2.   

 

The exploitation of artificial light may require high investment and electricity costs, which may 

increase the final production costs (Chen et al. 2011). Therefore, reducing the energy demand while 
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keeping the high accumulation of the desired product would be optimal. Combing different abiotic 

stresses may be an approach to enhance accumulation of different metabolites. Fig 5.2 showed that 

illumination by red LED stimulated production of omega-3 fatty acids in R. salina. Therefore, salinity 

stress was applied in combination with red LED to evaluate interactive effects. Fig 5.3 illustrates R. 

salina cultured at different salinity levels illuminated by red or white LED. Salinity level of 30 ppt 

corresponds to the average salinity of sea water, which therefore represents the control. Applying 

both salinity stress (40 ppt) and illumination by red LED resulted in significantly higher relative 

proportion of omega-3 fatty acids (~10% increase) compared to the culture illuminated by red LED 

without salinity stress (30 ppt). However, red light was still a major factor affecting relative content 

of omega-3 fatty acid, which stimulated increase by ~40% (nearly doubled relative portion of EPA) 

compared to the R. salina illuminated by white LED. The total lipid content was significantly lower at 

higher salinity levels, which means that salinity of 35 ppt and 40 ppt did not stimulate cell to 

accumulate storage lipids, even though there are studies reporting increased lipid content under salt 

stress (Shah et al. 2013; Fan et al. 2014). Microalgae respond to salt stress by specific physiological 

and biochemical mechanisms to adapt to the new environment, including metabolic shifts that are 

not entirely understood.  

 

Fig 5.3. Relative amount of omega-3 fatty acids (% of total FA) and lipid content (% DW) of R. salina illuminated 

by red and white LEDs (blue, red, green and white) at different salinity levels (30, 35 and 40 ppt). Values are 

expressed as mean of n = 2. Letters above bars indicate significant difference. pSD (omega-3 FA) = 0.9; pSD 

(lipid content) = 1.8. 

 

The response of microalgae to variations in light intensity and spectral distribution varies from 

species to species. Significant effects of tested abiotic factors on the omega-3 fatty acids in selected 

microalgae are: 
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 The lowest omega-6/omega-3 fatty acids ratio (0.3/1) was determined in N. ocenica without 

major variations under different light regimes; 

 Illumination by red LED notably affects the relative content of omega-3 fatty acids in R. salina 

(increase by ~32% compared to other LEDs); interactive effects of red LED and salinity level 

(40 ppt) showed further increase in the relative content of omega-3 fatty acids by ~10%; 

  Chlorella minutissima illuminated by red light showed decrease by approximately 30% in the 

relative content of omega-3 fatty acids. 

 

5.1.2. Alkenones - novel lipid compounds 

Microalgal lipids include, but are not limited to, neutral lipids, polar lipids, wax esters, sterols and 

hydrocarbons. In addition, they include lipophilic compounds, prenyl derivatives such as tocopherols 

and carotenoids (Mimouni et al. 2018). Besides those well studied lipids found in microalgae there 

are less known, rare long chain lipids called alkenones. Alkenones are unbranched methyl or ethyl 

ketones with very long hydrocarbon chains containing two to five trans-double bonds (Rontani et al. 

2006). Interestingly, they are produced by only a few microalgal species of marine haptophytes, 

which are a group of microalgae that contribute significantly to primary productivity in the oceans. 

One of the best known species of haptophytes is golden-brown flagellated microalga Isochrysis 

galbana, which is also industrially cultivated and often used in aquaculture as feed (Volkman et al. 

1995). There is a very limited number of studies investigating these rare lipids in microalgae 

(McIntosh et al. 2019). Alkenones showed great potential as green alternative for waxes and 

sunscreen products (Huynh et al. 2019), as phase change materials (O´Niel et al. 2019) and even in 

jet fuel production (O´Niel et al. 2015). Since alkenones are very abundant lipids in a few haptophyte 

species, up to 75% of total neutral lipids (Shi et al., 2015), there is a need to understand the role of 

these lipids in the microalgal cell and how abiotic factors can affect their synthesis. 

Paper IV investigates the impact of various monochromatic LED lights on cell growth, accumulation 

and composition of alkenones and fatty acids in I. galbana. There are no previous studies examining 

the effect of light or spectral distribution on alkenone synthesis in microalgae. The main findings are 

summarized as follows: 

 By investigating alkenone accumulation across the different growth stages of I. galbana there 

was no significant difference in the alkenone content through the exponential and early 

stationary phase, indicating that alkenones do not accumulate necessarily under nutrient 
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limitation as other storage lipids, which was also confirmed by weak correlation between 

alkenone and lipid content over time; 

 Alkenones were found exclusively in non-polar lipid fraction in a “free” non-esterified form; 

 The highest growth rate was observed in I. galbana cultures illuminated by short wavelength 

spectra (violet and blue LED), which showed weak correlation with the alkenone content; 

 Illumination by red LED light showed strong effect on the alkenone synthesis with nearly 10-

fold increase compared to the white LED; 

 Production of the DHA, dominant PUFA in I. galbana showed weak correlation with the 

alkenone production indicating that alkenone synthesis probably does not share 

biosynthetic pathway with long chain PUFAs. 

 

5.1.3. Fat soluble vitamins  

5.1.3.1. Vitamin D 

There is conventional consensus that vitamin D3 is only found in foods of animal origin. Even though 

vitamin D3 in high concentration is found only in animal based foods, there are a few plants with an 

ability to synthesize vitamin D3. Species of Solanaceae family (Boland et al. 2003), and UVB exposed 

leaves from tomato and from bell pepper (Jäpelt & Jakobsen, 2013) were shown to contain vitamin 

D3. The idea of vitamin D3 in microalgae originates from the fact that fish, rich in vitamin D3, must 

have obtained vitamin D3 through the aquatic food chain. Alternative is that vitamin D3 in fish 

originates from photochemical production of vitamin D3 in their skin but that is unlikely due to the 

insufficient UV radiation in their natural habitats. Microalgae are at the bottom of the aquatic food 

chain and they have ability to float close to the surface of the water bodies, which suggests the 

possibility of photochemical production of vitamin D3 in microalgae. The present study included 

cultivation and exposure of 8 microalgal species to UVB in order to evaluate their ability to produce 

vitamin D3 by UV radiation of the provitamin D3, 7-dehydrocholesterol. Table 5.2 summarizes 

microalgal species, their biomass form at the time of exposure, UVB source and concentration of the 

measured 7-dehydrocholesterol and vitamin D3.    

 



60 
 

Table 5.2. Content of vitamin D3 and 7-dehydrocholesterol (ng/g dry matter) in different UVB exposed microalgae. Values are expressed as mean ± SD of 

n = 3. 

Microalgae species 

Biomass form at the time 

of UVB exposure 

Metabolite concentration 

(ng/g DW) 

Non-exposed microalgae 
UVB exposed microalgae 

 (15-16 kJ/m2/s) 

Live growing 

culture (0.1–

0.3% DW) 

Harvested 

slurry (20-

30% DW) 

Freeze dried 

biomass 

(˃90% DW) 

7-dehydro-

cholesterol 
Vitamin D3 

7-dehydro-

cholesterol 
Vitamin D3 

Nannochloropsis oceanica x   328 ± 17 <1 992 ± 129 285 ± 5 

Nannochloropsis oceanica  x  n.a. <1 234 ± 9 13 ± 0.4 

Nannochloropsis oceanica   x n.a <1 142 ± 17 2 ± 0.2 

Nannochloropsis oceanica* x   n.a <1 n.a. 32 ± 0.3 

Isochrysis galbana* x   n.a. <1 n.a. <1 

Nannochloropsis limnetica x   n.a. n.a. 18500 ± 2000 2700 ± 198 

Chlorella pyrenoidosa   x n.a. <1 n.a <1 

Chlorella minutissima x   n.a <1 n.a n.a 

Tetraselmis suecica x   n.a. <1 n.a <1 

Rhodomonas salina x   n.a <1 n.a <1 

Arthrospira maxima x   n.a <1 n.a <1 

Dunaliella salina x   310 ± 17 <1 644 ± 40 145 ± 11 

* species cultivated outdoor in Israel at the National Center for Mariculture; n.a. – not analyzed
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 Paper II describes and discusses findings related to vitamin D3 production in N. oceanica. The 

paper includes the reasoning behind why only N. oceanica among four tested species was able 

to produce vitamin D3 upon UVB exposure, how the different UVB doses affect the content of 

vitamin D3 in N. oceanica and evaluation of the UVB effect on the other valuable components 

such as lipids, PUFAs, carotenoids and tocopherols.  

 Paper III describes and discusses production of 7-dehydrocholesterol and vitamins D2 and D3 

in four selected microalgal species. In addition, it is discussed how vitamin D production 

depends on the microalgal processing stage (pre-harvest vs. post-harvest) and how UVB 

affects lipids, PUFAs, amino acids and other fat-soluble vitamins in N. oceanica and D. salina. 

Main findings are discussed below: 

UVB exposed microalgae for production of vitamin D3 

Table 5.2 shows that three of the nine selected species showed ability to produce vitamin D3 when 

UVB exposed – N. oceanica, N. limnetica and D. salina. The non-exposed cultures (controls) contained 

no vitamin D, which confirms that UVB stimulates vitamin D3 production in microalgae. Fresh water 

microalga N. limnetica showed notably the highest content of the vitamin D3 among all the species 

exposed under the same conditions (at least 10 times higher content compared to N. oceanica and D. 

salina). However, the main downside of N. limnetica is low growth rate compared to the N. oceanica 

or D. salina, which showed approximately two times higher growth rate. Microalgae N. oceanica was 

exposed to UVB at different stages of production: live growing culture, harvested concentrated slurry 

and as a dry biomass. Only UVB exposed live growing culture of N. oceanica produced significant 

amounts of vitamin D3, whereas exposed harvested slurry and dried biomass showed very low 

concentrations of vitamin D3. For those three species that showed the ability to produce vitamin D3, 

concentration of 7-dehydrocholesterol was also determined in order to confirm that vitamin D3 is 

being produced by conversion of provitamin D3, 7-dehydrocholesterol, upon UVB radiation. 

Surprisingly, similar to the vitamin D3 concentration, the content of 7-dehydrocholesterol was 

decreasing as the moisture content in the culture was decreasing (live growing culture ˃ harvested 

slurry ˃ dry biomass). These findings suggest that the UVB exposure might affect synthesis of 7-

dehydrocholesterol. Non-exposed live culture of N. oceanica (control) contained three times less of 

7-dehydrocholesterol/g DW, which indicates that the 7-dehydrocholesterol content was either 

increasing upon UVB exposure (in live growing culture) or it was decreasing (in harvested slurry and 

dry biomass). Exposing dry microalgal biomass to UVB in a large scale would be advantageous 

compared to exposing diluted growing culture for several reasons, including handling smaller 
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volume and ability to perform exposure at any location (not necessarily at the cultivation site). In 

addition to artificial UVB source, N. oceanica was cultivated in an open pond exposed to the natural 

light source, in Israel. Naturally exposed N. oceanica contained low levels of vitamin D3 but still higher 

compared to post-harvest biomass. Since cultivation in open pond was performed during the winter 

season in Israel, it can be expected that higher doses of vitamin D3 would be accumulated during the 

summer season, which has a higher number of sunny days. Future experiments will need to evaluate 

the efficiency of using natural light versus artificial UVB source for vitamin D3 production. In addition, 

further investigation is needed in order to provide more understanding on how UVB triggers vitamin 

D3 synthesis in microalgae at different processing stages.  

Why only some species are able to synthesize vitamin D3? 

Vitamin D3 precursor, 7-dehydrocholesterol, is also a cholesterol precursor (Prabhu et al. 2016), 

which brought to the initial assumption that species with high cholesterol content might have the 

ability to produce vitamin D3 upon UVB exposure. Microalgae from the genus Nannochloropsis 

contain high levels of cholesterol (> 75% of total sterol content) (Volkman, 2016), which supported 

this assumption. However, cholesterol is also one of the major sterols in T. suecica (Jo et al. 2004) 

and, as it can be seen from Table 5.2, UVB exposed T. suecica was not able to produce vitamin D3. 

Thus, it can be ruled out that presence of cholesterol determines whether microalgae has the ability 

to produce vitamin D3. In addition, the results are indicating that the ability to produce vitamin D3 

seems not to be genus-specific or habitat-specific since species that  produced vitamin D3 do not share 

these characteristics. To gain more information and to identify common patters among species with 

an ability to produce vitamin D3, more microalgal species needs to be screened for their ability to 

synthesize vitamin D3.  

Effect of UVB dose on the production of vitamin D3 and other metabolites 

In this project, culture of N. oceanica was exposed to different doses of UVB over seven days in order 

to evaluate how different UVB doses affect production of vitamin D3. The results showed that the 

vitamin D3 concentration increases with an increase of the UVB dose provided. Fig 5.4 illustrates the 

relationship between vitamin D3 content and provided UVB dose, which shows strong linear 

relationship in the range of the examined UVB doses. It can be assumed that further increase of the 

UVB dose would have an adverse effect on the integrity of the microalgal cells at one point, since UV 

radiation can cause reduction in supply with metabolites and ATP, and inhibit enzyme activities or 

de novo synthesis (Núñez-Pons et al. 2018).  
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Fig 5.4. Linear relationship between vitamin D3 (µg/g DW) accumulation and provided UVB dose (kJ/m2/day) 

to growing microalgal culture of Nannochloropsis oceanica.  

 

Besides triggering vitamin D3 production, UVB radiation may affect other metabolites in microalgae. 

The size of the effect depends mostly on the UVB dose provided, but also on the microalgal species. 

Lipid content significantly increased upon UVB exposure in all of the tested species. Applying 

moderate dose of UVB (15 kJ/m2/day for 3 days) to microalgae that showed ability to produce 

vitamin D3, N. oceanica and D. salina (N. limnetica was not analyzed due to the limited amount of 

biomass), showed following effects on the biomass composition: 

 protein content was unaffected in N. oceanica, whereas in D. salina a significant decrease (by 

~40%) was observed;  

 content of the PUFAs was not affected; 

 UVB stimulated accumulation of antioxidant α-tocopherol and β-carotene in D. salina (by 

~33% and ~16%, respectively), most likely as a response to protect microalgal cells from 

free radicals induced by UVB radiation; 

 in N. oceanica, content of α-tocopherol increased by ~20%, whereas content of β-carotene 

decreased by ~20% upon UVB exposure; 

 content of K2 vitamer (menaquinone-4) decreased by more than ~50% in UVB exposed N. 

oceanica and D. salina  

It can be concluded that the optimal UVB dose for production of vitamin D3, without an adverse effect 

on other high-value compounds, needs to be tailored for each species individually. Dose of 15 

kJ/m2/day for 3 days showed to be a compromised optimal UVB dose where N. oceanica and D. salina 

contained sufficient amounts of vitamin D3, PUFAs, α-tocopherol, β-carotene and menaquinone-4.  
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1.3.2. α-tocopherol (vitamin E) 

Microalgae represent an alternative source of natural vitamin E, which is a group of lipophilic 

compounds from which α-tocopherol has the highest antioxidant activity in vivo. One of the aims of 

this study was to evaluate how the abiotic factors (light regimes) stimulate the accumulation of α-

tocopherol in microalgae. Table 5.3 shows the content of α-tocopherol in four microalgal species 

exposed to different abiotic factors. Microalgae N. oceanica and C. minutissima showed the highest 

production potential, especially at the high light intensities. All the species showed an increase in the 

α-tocopherol content with the increase of the light intensity, however, C. minutissima and A. maxima 

showed increase only at 800 μmol photon/m2/s. These variations across the species suggest different 

capacity of photoprotection, which may be dependent on the cellular content of light harvesting pigments. 

Monochromatic LEDs did not show any common trend among species. Combination of red and green LED 

stimulated production of α-tocopherol in C. minutissima, to the same extent as the highest light 

intensity provided. Similar trend was found for UVB exposed N. oceanica (at the highest UVB dose), 

which had similar content of α-tocopherol as the N. oceanica exposed to the highest light intensity. 

Interesting observation was R. salina cultivated at green light, which showed up to 20-fold increase 

in the content of α-tocopherol compared to all other light regimes. 

 

Table 5.3. α-tocopherol content (µg/g DW) in four microalgal species treated by different light regimes. Data 

is shown as an average of n = 2. Arrows indicate the increase above the average (green), average (yellow) or 

decrease below the average (red) in the lipid content for each of the species. 

          

n.a. = not analyzed  

A. maxima C. minutissima R. salina N. oceanica

100 101 674 13 278

400 100 634 11 901

800 224 1016 12 1279

Blue 114 370 16 470

Red 134 481 4 315

Green 61 675 263 492

White 59 605 11 241

Blue + Red 82 474 n.a. n.a.

Red + Green 59 873 n.a. n.a.

Blue + Green 47 758 n.a. n.a.

UVB 3 32 n.a. 16 63

UVB 6 26 n.a. 5 284

UVB 16 47 n.a. 4 1153

Light intensity  

(µmol 

photon/m2/s)

LED light

UVB dose     

(kJ/m2/day)
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Mundimu et al. (2017) performed screening of 130 microalgal strains from different phylogenetic 

lineages at their stationary growth phase and reported that most strains showed rather low content 

of α-tocopherol (< 200 µg/g DW) and only 3 species contained above 800 µg α-tocopherol/g DW. 

They also reported that the content of α-tocopherol doubled in the stationary phase compared to the 

exponential phase. Fig 5.5 illustrates the comparison between the α-tocopherol content determined 

in the current study and other microalgae considered rich in α-tocopherol. High levels of α-

tocopherol reported in different microalgae are clearly a result of different abiotic stresses. Most of 

the given examples applied nitrogen starvation to induce α-tocopherol accumulation, after which the 

content increased several times. Similarly, in the current study the content of α-tocopherol increased 

4-5 times upon increasing the light intensity from 100 to 800 μmol photon m2/s, which means that 

potential of microalgae as an alternative source of α-tocopherol increases drastically after applying 

stress factors. Even though microalgae Nannochloropsis oculata and Euglena gracilis are noteworthy 

challengers when it comes to α-tocopherol content in microalgae (Fig 5.5), it can be concluded that 

C. minutissima and N. oceanica are potential candidates for alternative natural source of α-tocopherol.  

 

[1] Ogbonna et al. (1998); [2] Durmaz (2007); [3] Mudimu et al. (2017); [4] Carballo-Cardenas et al. (2003) 

 Fig 5.5.  α-tocopherol content (µg/g) in microalgae and vitamin E-rich food products. Green bars represent the 

data obtained in the current study (dark green indicates stressed cultures); blue bars represent α-tocopherol 

content in microalgae reported in the previous studies (dark blue indicates stressed cultures). 
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5.1.4. Carotenoids 

Carotenoids present in microalgae act as photo-protective agents and as light harvesting pigments 

and therefore light plays a major role in navigating synthesis of various carotenoids. Fig 5.6 (a, b, c 

and d) illustrates the content of major carotenoids in four selected microalgal species under different 

light regimes studied in the current research.   

 

(a)  

 

(b) 
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(c) 

 

(d) 

Fig 5.6. Content of major carotenoids (µg/g DW) in (a) Arthrospira maxima, (b) Chlorella minutissima, (c) 

Rhodomonas salina and (d) Nannochloropsis oceanica cultivated under different light regimes. Data is shown as 

average of n = 2. 

 

Among all carotenoids found in microalgae, β-carotene, astaxanthin, zeaxanthin and lutein are 

considered as the most relevant due to their antioxidative properties and their established 
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applications like described in Table 3.1.  Fig 5.6 shows that β-carotene was synthesized by all of the 

four species. The highest concentration was found in A. maxima and R. salina. Among various 

functions of β-carotene in the body, the main one is acting as a precursor of vitamin A. However, 

conversion of β-carotene to vitamin A in small intestine is incomplete and only approximately 1/6 of 

available β-carotene will convert to vitamin A (Bogacz-Radomska et al. 2018). Therefore, sufficient 

intake of β-carotene is important for optimal vitamin A activity. Applied abiotic factors showed 

significant effect on the content of β-carotene in all of the four species. Following effects can be 

outlined: 

 Lower light intensities (100 and 400 μmol photon/m2/s) were shown to favor production of β-

carotene more than high light intensity (800 μmol photon m2/s) 

 Illumination by combination of two monochromatic LEDs was shown to stimulate the 

production of β-carotene in A. maxima rather than individual monochromatic LEDs 

 Relatively low dose of UVB exposure (3 and 6 kJ/m2/day) was shown to significantly enhance 

production of β-carotene in A. maxima (by ~30%) and N. oceanica (by ~40%) 

 Illumination by green LED was shown stimulate production of β-carotene in R. salina with 

an increase of ~30% compared to white LED 

Fig 5.7 shows the content of β-carotene in R. salina illuminated by green LED at three different salinity 

levels. Interactive effects of salt stress (40 ppt) and illumination by green LED resulted in significant 

increase of the β-carotene content, by 75% compared to cultures illuminated by white LED at high 

salinity level (40 ppt). Interestingly, high salinity level had an adverse effect on the content of β-

carotene at white LED, whereas it has stimulating effect at green LED. Interactive effect of salt stress 

and green LED in R. salina resulted in very high β-carotene content, 1373 µg/g DW.  
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Fig 5.7. β-carotene content (µg/g DW) of Rhodomonas salina illuminated by green and white LEDs (blue, red, 

green and white) at different salinity levels (30, 35 and 40 ppt). Values are expressed as mean of n = 2. Letters 

above bars indicate significant difference. pSD (β-carotene) = ± 61. 

 

Another high-value commercialized carotenoid found in microalgae is astaxanthin. Microalgae A. 

maxima and C. minutissima contained substantial amounts of astaxanthin without major deviations 

across different treatments. Even though astaxanthin was found in lower quantities compared to β-

carotene, Naguib (2000) demonstrated that the antioxidant activity of astaxanthin was higher 

compared to β-carotene or α-tocopherol in vitro liposomal solution. Astaxanthin showed to be at 

least 6 times stronger than that of β-carotene and 1.4 times stronger than that of α-tocopherol.  

Furthermore, Rao et al (2013) reported that the astaxanthin from microalgae has better 

bioavailability and better antioxidant properties in rat model compared to other carotenoids. 

Therefore, even though the content of α-tocopherol and β-carotene was much higher in some of the 

species, astaxanthin in lower concentrations may exhibit the same level of antioxidant activity. Lutein 

was the dominant carotenoid in C. minutissima, with the highest content in cultures illuminated by 

combination of red and green LED, 6.3 mg/g DW. Content of lutein increased by 40-70% in C. 

minutissima illuminated by red/green LED compared to other light regimes. Some of the main 

producers of lutein are microalgae Chlorella protothecoides, Scenedesmus almeriens and Dunaliella 

salina. Shi et al. (2000) reported lutein content in C. protothecoides 5.4 mg/g DW, D. salina was shown 

to accumulate up to 6.6 mg/g DW (Sun et al. 2015), whereas S. almeriensis produced up to 5.5 mg/g 

DW (Sanchez et al. 2008). Therefore, C. minutissima illuminated by combination of red and green LED 

seems to be a promising alternative source of lutein. Other microalgal carotenoids, which are not as 

established as astaxanthin, β-carotene or lutein, are promising candidates for new alternative 

carotenoids at the market. Xanthophylls such as zeaxanthin, violaxanthin and alloxanthin are 
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produced in high concentrations by various microalgae. They have a high antioxidative potential and 

a range of health benefits in humans (Wang et al. 2018; Zhang et al. 2018). Zaeaxanthin was found in 

high amounts in A. maxima and R. salina, violaxanthin dominated in N. oceanica, whereas alloxathin 

made up the majority of carotenoids in R. salina. 

From all the applied treatments, the most optimal regimes that favor production of these major 

carotenoids for each species are summarized as follows: 

 A. maxima: low to moderate UVB dose ˃ blue + red LED ˃ white LED 

 C. minutissima: red + green LED ˃ blue + green LED ˃ green LED 

 R. salina: green LED + salt stress ˃ blue + green LED ˃ low UVB dose 

 N. oceanica: red LED ˃ green LED ˃ low UVB dose. 

 

5.2. Patterns in microalgal metabolites accumulation  

For each of the microalgal species a correlation matrix for the individual features was created (Fig 

5.8). The correlation matrix illustrates the relationship between the content of different metabolites 

and growth rate along all the measurements (metabolite content as an effect of light intensity, 

spectral distribution, UVB radiation, salinity level). As previously mentioned, the response of 

microalgae to variations in abiotic factors varies highly from species to species. However, there were 

some common patterns observed across the species, which are discussed below.  

The content of PUFAs and SAFAs showed relatively strong negative correlation, except in A. maxima 

where there was no linear correlation observed. Most microalgae accumulate storage lipids (as 

TAGs) in unfavorable conditions and TAGs are built dominantly by SAFAs. However, there are studies 

reporting microalgae with an ability to deposit high percentage of PUFAs in TAGs (Bigogno et al. 

2002). Nevertheless, it is generally accepted that under unfavorable conditions microalgae shift their 

metabolic pathways toward the biosynthesis of storage lipids (or carbohydrates) while synthesis of 

polar lipids, which are rich in PUFAs, is set “on hold” until the return of the favorable conditions 

(Singh et al. 2016). Besides increase in SAFAs, stress conditions may result in degradation of PUFAs 

due to oxidation (Singh et al. 2016). The total lipids and PUFAs content showed similar negative 

correlation as it was determined between SAFAs and PUFAs, or between MUFAs and PUFAs, which 

confirms that lipid accumulation induced by environmental stress includes mainly synthesis of 

SAFAs or MUFAs. An exception was C. minutissima that showed relatively week, but positive 

correlation between the total lipid content and PUFAs, which suggests the possibility of incorporating 
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PUFAs into TAGs in C. minutissima. The total lipids and tocopherols correlated positively across the 

species, especially in R. salina and N. oceanica. α-tocopherol may accumulate as a response to 

accumulation of free radicals as it can prevent oxidative damage of DNA, amino acids, and PUFAs by 

neutralizing free radicals. Therefore, both lipid and tocopherol content tend to increase under 

unfavorable conditions. On the other hand, carotenoid content showed to negatively correlate with 

the content of α-tocopherol across three out of four tested species. The carotenoid content showed 

to decrease significantly under highly unfavorable conditions (e.g. high dose of UVB radiation or high 

light intensity), whereas α-tocopherol continued to accumulate suggesting higher photosensitivity of 

carotenoids.  
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Fig 5.8. Correlation matrix plotted as a heatmap for each of the four microalgal species. The scale represent a 

measure of linear correlation between two variables. A value of +1 is total positive linear correlation, 0 is no 

linear correlation, and −1 is total negative linear correlation. 

 

5.3. Bioactive ingredients from microalgae vs. traditional sources   

Microalgae represent innovative source of natural, functional ingredients that can be used to enhance 

the nutritional value of foods. One of the main advantages of microalgae compared to other non-

animal biomasses, is the complexity of highly valuable bioactive compounds. At present, 

economically viable production of microalgal based ingredients is still challenging with less than 20 
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species cultivated in an industrial scale. However, these microorganisms have not been studied 

enough compared to the conventional agricultural crops or other microorganisms such as bacteria 

and yeast. Therefore, only continuous optimization and development of new technologies may result 

in an economically viable production. Since UVB exposed N. oceanica showed the highest potential 

for production of various bioactive compounds among selected species, the content of omega-3 fatty 

acids, carotenoids and fat soluble vitamins in common traditional sources and N. oceanica is shown 

in Table 5.4. The comparison was done in order to gain broader perspective about the content of 

bioactive compounds obtained in this study and how they can compete with the other traditional 

sources. In addition, Table 5.4 includes recommended dietary intake (RDI) for selected compounds 

and amount of microalgae that corresponds to the RDI. 

UVB radiation showed to be a suitable tool for stimulating production of various bioactive 

compounds, especially vitamin D3 and α-tocopherol. UVB exposed N. oceanica showed to be an 

excellent source of several bioactive compounds including omega-3 fatty acids, carotenoids, vitamin 

E (α-tocopherol), vitamin D3 and vitamin K2 (menaquinone-4). The novel findings about the ability of 

N. oceanica to produce vitamin D3 upon UVB radiation makes this microalgae a more complete, 

sustainable alternative to fish oil. The content of these lipophilic bioactive compounds in traditional 

plant- and animal- based sources was compared with the content determined in UVB exposed N. 

oceanica. The weakness of this comparison is the fact that the amount of bioactive compounds in 

microalgae was determined as weight per gram of DW, whereas for salmon the data is given as weight 

per gram of whole product. However, it still gives an opportunity to put the obtained values into 

perspective. Both of the traditional omega-3 rich sources, walnuts and salmon, showed to have higher 

content of total omega-3 fatty acids compared to N. oceanica. However, the content of long-chain 

PUFAs, such as EPA, was notably higher in N. oceanica, where 97% of omega-3 fatty acids was made 

of EPA. Both walnuts and farmed salmon contain ALA as their dominant omega-3 fatty acid, which is 

especially common for plant based foods as they are not able to synthesize long-chain PUFAs. In 

addition, the omega-6/omega-3 fatty acid ratio was 5:1 in walnuts, 1:1 in salmon and 0.3:1 in N. 

oceanica, which makes N. oceanica preferred source of omega-3 fatty acids (Frida Food Data, 2020). 

Besides long chain PUFAs, UVB exposed N. oceanica showed to accumulate high levels of α-

tocopherol, which were three times higher compared to the content in sunflower seeds. Typically, α-

tocopherol is obtained by extraction from vegetable oils. However, besides lower levels of α-

tocopherol, vegetable oils do not contain any other bioactive compounds that can be found in 

microalgal oil (e.g. EPA, vitamin D3) and often contain high content of gamma-tocopherol, which is 

not separated from α-tocopherol during extraction (Dietrich et al. 2006). Vitamin D3 was relatively 
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high in UVB exposed N. oceanica making this microalgae an alternative, rare vegan source of vitamin 

D3. As shown in Table 5.4, wild lichens (fungi in a symbiotic relationship with algal cells) seems to be 

a plant-based organisms that contain even higher vitamin D3 content than the one determined in N. 

oceanica. Lichens are the only commercially available vegan source of vitamin D3, however, wild 

lichens are very slow growing organisms (approximately 1 mm/year) (Sancho et al., 2007), which 

makes microalgae a preferred source of vitamin D3. Furthermore, N. oceanica has the advantage of 

containing other bioactive compounds in addition to vitamin D3. Surprisingly, the content of vitamin 

K2 in UVB exposed N. oceanica was remarkably high, even though the UVB exposure had an adverse 

effect on the content of menaquinone-4 in N. oceanica (data available in Paper III). Commonly 

menaquinone-4 is found in animal-based foods only, e.g. liver, egg yolk, or can be synthesized from 

phylloquinone (K1), which was not found in N. oceanica. As it can be seen in Table 5.4, N. oceanica 

contained nearly three times as much of menaquinone-4 than is commonly found in traditional 

animal sources. Presence of menaquinone-4 in microalgae has not been previously reported, 

therefore, N. oceanica may be a new rich source of this K2 vitamer. 
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Table 5.4. Content of bioactive compounds in UVB exposed Nannochloropsis oceanica vs traditional food sources.  

Bioactive 

compound 

UVB exposed 

N. oceanica 

(current study) 

Traditional  

plant based source 

Traditional 

animal based source 
Recommended 

dietary intake 

(RDI) 

Amount of 

microalgae that 

corresponds to 

RDI  

(g DW) 

Content Organism Content Organism Content 

Omgea-3 fatty 

acids 

21.3 ± 1 mg/g 

DW 
Walnuts 

64.2 mg/g 

DW [9] 

Farmed 

salmon, raw 

22.7 mg/g 

[9] 
Not available  - 

EPA 
20.7 ± 0.9 mg/g 

DW 

Mainly 

animal-

based foods 

- 
Farmed 

salmon, raw 

4.1 mg/g 

[9] 
251 mg/day [2] 12 

β-carotene 0.7 mg/g DW Carrot 

2.5 ± 0.1 

mg/g DW 

[6] 

Only plant-

based foods 
- 

2.9 - 3.4 mg/day 

[7] 
2.1 - 2.4 

Violaxanthin 3.9 mg/g DW Spinach 

27.6 ± 2.4 

µg/g fresh 

weight [1] 

Only plant-

based foods  
- Not available - 
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α-tocopherol 

(vitamin E) 
1.2 mg/g DW 

Sunflower 

seeds 

0.4 mg/g 

DW [9] 

Farmed 

salmon, raw 

0.003 

mg/g [9] 

11-13 mg/day 

[5] 
9.1 - 10.8 

Vitamin D3 1 ± 0.3 μg/g DW 

Lichens 

(Cladina 

arbuscula) 

0.7-2 µg/g 

DW [3] 

Farmed 

salmon, raw 

0.1 µg/g 

[9] 

10-20    µg/day 

[4] 
10 - 20 

Menaquinone-4 

(vitamin K2) 

11 ± 0.4 µg/g 

DW 

Only animal-

based foods 
- 

Liver 

products, 

eggs 

0.003–

3.69 μg/g 

[8] 

Not available - 

[1] Biehler et al. (2012); [2] EFSA (2010); [3] Wang et al. (2001); [4] EFSA (2016); [5] EFSA (2015a); [6] Sharma et al. (2011); [7] EFSA (2015b); [8]; 

EFSA (2017); [9] Frida Food Data (2020) 
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Both plants and microorganisms are used for production of β-carotene. Rhodomonas salina 

illuminated by red LED at salinity level 40 ppt showed to contain the highest content of β-carotene 

determined in this study (1.4 mg/g DW), but still lower compared to traditional sources such as 

carrots (2.5 mg/g DW) (Sharma et al. 2011). However, the main disadvantage of using plants for 

carotenoid production is seasonality of the raw material and low yields. As an example, in order to 

extract approximately 2 g of β-carotene, around 50 kg of carrots needs to be used, which results in 

unsustainable production (Sharma et al. 2011). In contrast, microalgae do not compete for an arable 

land and cultivation is not affected by seasonal variations. Besides carrots, red yeast and microalgae 

Dunaliella salina are already used for commercial production of β-carotene (Marova et al. 2012). 

Dunaliella salina contains remarkably higher content of β-carotene compared to any other given 

source, 10-13% DW (El Baz et al. 2002). In this study, D. salina was exposed to low UVB doses for a 

short time, which has not stressed the cells enough for transition from green to red phase (cells rich 

in β-carotene). Similarly, C. minutissima illuminated by green LED produced substantial amounts of 

astaxanthin (0.6 mg/g DW). However, microalga Haematococcus pluvialis can produce astaxanthin 

up to 4% DW, which is far from the capability of any other known astaxanthin producing 

microorganism (Rao et al. 2010). Therefore, it is hard to compete with species such as D. salina and 

H. pluvialis for production of β-carotene and astaxanthin, respectively. However, C. minutissima 

illuminated by red:green (1:1) LED contained remarkably high levels of lutein. Microalgae are a good 

alternative to conventional plant sources of lutein as microalgal lutein is mainly found in the free 

non-esterified form. The main source of commercially available lutein is marigold flower (Tagetes 

erecta), which contains up to 12 mg of lutein/g DW (Lin et al. 2015). However, most of the lutein 

present in marigold flowers is in esterified form, which requires chemical saponification in order to 

obtain free form of lutein. Apart from the chemical form, production of lutein from marigold flowers 

is limited by seasons and arable land (Tsao et al. 2004). On the other hand, microalgae require more 

energy, mostly due to the downstream processing (Lin et al. 2015). Therefore, the use of a whole 

microalgal cells or extracted oil would decrease the number of processing steps which may be energy 

demanding e.g. fractionation, purification. Besides very high lutein content, C. minutissima 

illuminated by red:green (1:1) LED contained high levels of α-tocopherol and violaxanthin. 

Even though bioaccessibility and bioavailability of bioactive compounds was not evaluated in this 

study it is necessary to emphasize the importance of nutrient bioavailability from microalgae. Any 

bioactive compound, in order to have an effect, needs to be accessible in the gastrointestinal tract 

after the digestion and it needs to be able to reach the target tissue. Breaking the cell walls of 

microalgae may partly enhance nutrient bioaccessability/bioavailability if microalgae are consumed 
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as a whole biomass. Also, some nutrients have higher absorption rate than other. As an example, Goh 

et al. (2009) reported that tocopherol bioaccessibility was higher than that of β-carotene, probably 

due to the higher absorbance rate for tocopherols. Lutein from Chlorella powder showed high 

bioavailability in humans (Shibata and Hayakawa, 2009), whereas lutein from spinach showed very 

low bioavailability (approximately 3%), most likely due to the very high fiber content of these 

matrices (O'Neill et al. 2001). Granado-Lorencio et al. (2009) demonstrated bioavailability of lutein 

from microalga Scenedesmus almeriensis and concluded that the high rates of absorption were 

accomplished only in an oil suspension. In addition, carotenoids such as β-carotene and lutein 

showed to improve α-tocopherol absorption in the body (Reboul et al. 2007), which again 

emphasizes an advantage of obtaining the cocktail of these compounds in a form of e.g. microalgal oil 

used as a food ingredient or supplement. Assuming the complete bioavailability, according to the 

given RDI values for each of the selected compounds, it is estimated that consuming approximately 

12 g of dry N. oceanica would be sufficient to provide the RDI for all the selected compounds.  
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Chapter 6: Quality of microalgal compounds upon extraction and 

drying 

Chapter 6 describes and discusses results obtained during the second part of the project – downstream 

processing. First part of this chapter discusses the cell disruption and extraction technology for 

obtaining high value compounds. Second part of the chapter describes the potential of the novel drying 

technology by evaluating its effect on the high value compounds. Most of the obtained data from the 

second part of the chapter is presented and discussed in paper V and the main findings are outlined in 

this chapter.    

6.1. Microalgal cell disruption by combination of high-pressure 

homogenization and enzymatic treatment  

The diversity of composition and complexity of microalgal cell wall ensures its mechanical strength 

and rigidity, which are necessary for cell protection against predators. Due to those characteristics, 

many current extraction processes require large chemical or energy loads (Günerken et al. 2015). 

Cell walls of microalgae usually consist of inner and outer cell wall layers. It is suggested that the 

outer layer contains pectin, alginates or algaenan (non-hydrolyzable aliphatic polymer cross linked 

by ester and ether bonds), whereas the inner cell wall is commonly built of cellulose, hemicellulose 

and glycoproteins (Domozych et al., 2012; Scholz et al., 2014). The cell wall composition highly 

depends on phylogeny, growth phase and cultivation parameters. Significant differences in the cell 

wall composition were observed across different species, different strains of one species as well as 

in a single strain grown under different conditions (Domozych et al. 2012; Fangel et al. 2012; 

Baudelet et al., 2017) . Gerkern et al. (2013) reported that among 14 selected Chlorella strains, not 

even two showed the same pattern for the sensitivity towards different enzymes, which emphasizes 

the challenge of the enzyme selection for the efficient microalgal cell wall disruption.  

In this study, high-pressure homogenization and enzymatic treatment were applied in order to 

degrade the cell walls of C. pyrenoidosa and release the intracellular content. In order to maintain the 

structure of high value components (e.g. pigments, PUFAs) mild conditions of cell disruption are 

necessary (Lam et al., 2018). Disrupting the cell walls by applying high-pressure homogenization at 

the moderate pressure in a single pass aimed at improving accessibility of cell wall polymers to 

enzymes for complete rupture and release of the intracellular content. Enzymatic processes have 

been shown to be able to disrupt microalgal cell wall by applying a combination of several hydrolytic 
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enzymes, rather than only one hydrolytic enzyme (Gerken et al., 2013; Harun and Danquah 2011; 

Rodrigues and Bon, 2011). The enzymatic cocktail applied in this study was Viscozyme L, a 

commercial cocktail containing a mixture of carbohydrases including beta-glucanases, cellulases, 

hemicellulases, xylanases, and arabinases. These enzymes degrade various carbohydrates commonly 

present in the cell walls of plants and algae. Besides Viscozyme L, the enzyme Neutrase was applied, 

which is an endoprotease with a broad specificity of cleavage sites. Endopeptidase should 

complement the action of carbohydrases and improve cell lysis by degradation of peptide bonds 

within cell wall and splitting polypeptide bridges that connect glycan polymers (Horst et al. 2012; 

Zheng et al., 2012; Mahdy et al. 2014). 

Recovery of lipids and proteins in Chlorella pyrenoidosa after cell disruption treatment 

Fig 6.1 illustrates the content of protein and lipids in the remaining pellet of C. pyrenoidosa after 

centrifugation.  After the cell disruption treatment, followed by centrifugation to separate the phases, 

content of most of the metabolites was analyzed only in the pellet due to the limited number of 

experiments. Results showed that different concentrations of enzymes (or their presence) had no 

effect on the cell wall rupture and release of the lipids and proteins from C. pyrenoidosa, which was 

confirmed by analyzing control samples without the enzymatic treatment (data available in Appendix 

III, Table A1). Multifactor ANOVA showed that high-pressure homogenization was the only factor 

that had significant effect on the lipid content in treated biomass (Fig 6.2). However, the total lipid 

content determined in the homogenized biomass was significantly higher compared to the non-

homogenized biomass (15-20% higher), which suggests that relatively mild high-pressure 

homogenization method only enhanced lipid extractability from C. vulgaris during the analysis In 

other words, the cell walls were not completely ruptured as there was no release of the intracellular 

lipids into the surrounding medium and therefore no oil layer in the top was observed. Fatty acid 

composition showed no significant difference across the treatments, which means that none of the 

processing parameters had an adverse effect on the PUFA content (data available in Appendix III, 

Table A2).  
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Fig 6.1. Total lipid and protein content (% total sample weight) of Chlorella pyrenoidosa after cell disruption 

treatment under different parameters. The results are presented as the mean of n = 3; error bars represent 

standard deviation. 

 

 

Fig 6.2. Graphical multifactor ANOVA describing how different factors affect lipid content during the cell 

disruption treatment of Chlorella pyrenoidosa. 

 

High-pressure homogenization had a significant effect on the total protein content determined in the 

pellet, which was confirmed by multifactor ANOVA (Table 6.1). However, in contrast to the lipid 

content, the protein content showed lower content in homogenized biomass, approximately 15% 
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decrease compared to the non-homogenized biomass. This suggests that most likely some soluble 

proteins were released into the surrounding aqueous phase from disrupted cells as expected. It is 

unlikely that any degradation occurred since the homogenization of Chlorella pyrenoidosa at higher 

pressure and two passes was shown not to have any effect on the protein degradation (Paper V).   

   

Table 6.1. Summary of multifactor ANOVA describing the effects of tested parameters on the lipid extraction 

in Chlorella pyrenoidosa 

Source 
Sum of 

Squares 
Df 

Mean 

Square 
F-Ratio P-Value 

MAIN EFFECTS      

 A: Enzyme concentration 0.105188 1 0.105188 1.38 0.2486 

 B: Homogenization  0.919917 1 0.919917 12.08 0.0015 

 C: Incubation time  0.300042 1 0.300042 3.94 0.0558 

 D: Temperature  0.300042 1 0.300042 3.94 0.0558 

INTERACTIONS      

 AB 0.00632502 1 0.00632502 0.08 0.7751 

 AC 0.00943602 1 0.00943602 0.12 0.7271 

 AD 0.524381 1 0.524381 6.89 0.1320 

 BC 0.00983269 1 0.00983269 0.13 0.7217 

 BD 0.0602792 1 0.0602792 0.79 0.3803 

 CD 0.222088 1 0.222088 2.92 0.0974 

 ABC 0.0302505 1 0.0302505 0.40 0.5330 

 ABD 0.090915 1 0.090915 1.19 0.2827 

 ACD 0.220459 1 0.220459 2.89 0.0986 

 BCD 0.100559 1 0.100559 1.32 0.2590 

 ABCD 0.00732602 1 0.00732602 0.10 0.7585 

 

Effects of the extraction treatment on the pigments of Chlorella pyrenoidosa 

There is a limited number of studies investigating the effects of enzymatic treatment on the high 

value components such as carotenoids (Al-Zuhair et al. 2016; Coelho et al. 2019). Due to the relatively 
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high sensitivity of carotenoids towards oxidation, it is essential to minimize the degradation of 

carotenoids in all steps of the process. Major pigments of C. pyrenoidosa were lutein, chlorophyll b, 

chlorophyll a and β-carotene (data available in Appendix III, Table A3). Content of lutein and β-

carotene in the pellet after the cell disruption treatment is shown in Fig 6.3. The enzymes had no 

effect on the content of pigments in the pellet of C. pyrenoidosa, confirming that presence of enzymes 

under given parameters had no effect on the cell disruption or intracellular material release. 

Multifactor ANOVA showed that incubation time had a significant effect on the content of both lutein 

and β-carotene, where longer incubation time (6 h) had an adverse effect on their content (Fig 6.4). 

Content of β-carotene was affected by both incubation temperature and time. Relatively high-

temperature and prolonged incubation time may have caused β-carotene degradation. Since there 

was no lipid release from the cells upon enzymatic treatment, it is unlikely that carotenoids were lost 

due to the cell wall rupture, however, it cannot be completely ruled out since the supernatant (after 

centrifugation) was not analyzed for the carotenoid content. Carotenoids are usually very sensitive 

to high temperature, oxygen and UV radiation, especially outside of the microalgal cell (Boon et al. 

2010). According to the current study, even 6 h of incubation at 30°C or 45°C may had an adverse 

effect on the lutein and β-carotene content inside the cell. Some of the previous studies applied the 

same or higher temperatures for 12 – 72 h in order to release the intracellular material, which is 

several times longer incubation time compared to the current study (Liang et al. 2012; Huo et al. 

2015). However, they did not assess carotenoid recovery, therefore, it can only be assumed that 

enzyme-assisted carotenoid extraction may have caused carotenoid degradation at the relatively 

long incubation time at high temperature. Furthermore, it can be assumed that if intracellular 

material is released into the surrounding medium during the incubation further degradation may 

occur due to the lack of protection by cell wall.        
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Fig 6.3. Content of major pigments (µg/g total sample) of Chlorella pyrenoidosa after cell disruption treatment 

under different parameters. The results are presented as the mean of n = 3; error bars represent standard 

deviation. 

 

 

(a) 
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(b) 

Fig 6.4. Graphical multifactor ANOVA describing how different factors affect (a) lutein and (b) β-carotene 

content during the cell disruption treatment of Chlorella pyrenoidosa.  

 

Based on the presented results above, it can be concluded that the enzymatic treatment applied had 

no effect on the cell rupture of C. pyrenoidosa at given conditions. High-pressure homogenization had 

a significant effect on the lipid extractability (solvent extraction by Biligh & Dyer method) and protein 

loss suggesting that mild processing parameters resulted in disrupted, but not completely ruptured 

cells. Disrupting the cells by high-pressure homogenization was supposed to improve accessibility 

for the applied enzymes in order to release the intracellular material. Alavijeh et al. (2020) 

demonstrated that breaking the cell wall by mechanical method such as bead milling followed by 

enzymatic hydrolysis had a positive effect on the lipid and protein recovery of C. vulgaris. Improved 

yields were assigned to the increased accessibility of enzymes to digest corresponding substrates 

after rupturing the outer cell wall by bead milling. The enzyme concentration applied in the current 

study was 0.3 - 0.5% Viscozyme L + 0.3. - 0.5% Neutrase of DW, which was higher than the 

manufacturer recommendation (0.05 - 0.1% DW). Alavijeh et al. (2020) selected an enzyme cocktail 

containing proteases and cellulases for successful recovering of lipids from C. vulgaris. Enzymes were 

added in higher concentration, 2% (w/w), and incubation was performed at 45 °C for 24h, which was 

4 times longer compared to the current study. The biomass concentration during the treatment was 

approximately 50% lower in the current study, which should be advantageous since lower 

concentration of microalgal biomass may result in a higher cell disruption efficiency due to the lower 

viscosity of the media. Previous studies showed that cellulases hydrolyze microalgal biomass at 

concentrations of 1- 5% (w/w DW) (Fu et al. 2010; Harun and Danquah 2011; Lee et al. 2011). Higher 
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concentrations of enzymes were applied in several other studies that showed successful cell wall 

hydrolysis. Horst et al. (2012) used 1 mg of Viscozyme L cocktail per mL of reaction volume for 

extracting lipids from Phaeodactylum tricornutum. Mahdy et al. (2014) applied 20-30% (w/w DW) 

of Viscozyme L and endopeptidases for hydrolysis of C. vulgaris, which was the same enzyme type 

selection as in the current study, only in a much higher concentration. Therefore, it seems that the 

low enzyme concentration was one of the major limitation in the current extraction method. 

Relatively high cost of enzymes used for cell disruption of microalgae is one of the main 

disadvantages of enzyme-assisted extraction. Extremely high concentrations of enzymes might be 

effective, but they represent a significant cost to the process, which is not acceptable. Wang et al. 

(2015) reported that the total disruption processing cost for microalga Neochloris oleoabundans was 

two times lower when enzymatic treatment was combined with high-pressure homogenization 

compared to the enzymatic treatment or high pressure homogenization applied individually. In order 

for an enzyme assisted extraction to be economically viable, quantity of an enzyme and incubation 

time should be kept to a minimum. As an example, Horst et al. (2012) found that there was no benefit 

of exceeding 1% (w/w DW) of enzyme papain for lipid extraction from P. tricornutum. It was 

suggested that immobilizing enzymes could overcome this issue. However, Fu et al. (2010) 

demonstrated that the enzyme activity was significantly reduced when the enzyme was recycled, 

with the decrease of the hydrolysis from 62% to 40% efficiency. Furthermore, Stephenson et al. 

(2010) investigated the sustainability of using enzymes for lipid extraction in a life cycle assessment 

and the results indicated that enzymes were less sustainable (in terms of CO2 release) than 

homogenization, due to the energy required to produce enzymes. Therefore, using high enzyme 

concentrations makes this methods still hardly competitive with other more traditional methods (e.g. 

high-pressure homogenization, bead milling).   

Another limitation of the present study might have been the non-optimal choice of the enzymes. 

Gerken et al. (2013) showed that Chlorella sp. cell walls were efficiently degraded by enzymes like 

chitinase, lysozyme and pectinase, whereas cellulase had no effect. On the contrary, Chen et al. (2013) 

reported that the key enzyme for C. vulgaris cell wall disruption was cellulase. For microalgae that 

contain cellulose in their cell wall, glucanases are required to hydrolyze the amorphous cellulose into 

cellulosic chains, followed by cleaving the cellulosic chains into oligosaccharides. Gerken et al. (2013) 

observed increased permeability when enzyme lysozyme was used in combination with other 

enzymes. Lysozyme hydrolyzes the linkage between peptidoglycan residues in the cell wall. They 

suggested that lysozyme degrade the outer layer of the C. vulgaris cell, which allows other enzymes 

to hydrolyze other components buried within the wall. If C. pyrenoidosa has a similar cell wall 
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structure, then the outer layer might have been preventing enzymes to reach the inner cell wall 

components. Furthermore, Van Donk et al. (1997) suggested that the cells in the late growth phase 

are more resistant towards enzymatic treatment due to the cell wall thickening. Changes in the cell 

wall structure in the nitrogen depleted medium may be due to the cells scavenging the amino sugars 

from the wall in order to use it as a source of nitrogen. Biomass of C. pyrenoidosa was harvested at 

the early stationary phase, which might have affected the rigidity of the cell walls and increase in 

their resistance towards enzymatic hydrolysis.  

6.2. Novel swirl flash technology for drying microalgae 

Harvested microalgal biomass can be further processed as a wet biomass or it can be dried. Drying 

may increase stability and enhance extractability of certain metabolites (Guldhe et al. 2014). If the 

microalgal biomass will be further fractionated, the choice of the cell disruption and extraction 

technique will also decide whether drying step in necessary. As described in section 6.1, enzymatic 

treatment or high-pressure homogenization requires liquid biomass, whereas processes such as 

super-critical fluid extraction or solvent extraction prefer dry biomass in order to avoid interferences 

with water. Preserving the quality of the biomass by eliminating possible degradation of high-value 

compounds is crucial when biomass is being used as a source of bioactive ingredients. Paper V 

describes and discusses the potential of the novel swirl flash drying method for microalgae. The 

prototype novel swirl flash dryer system was designed, constructed and filed for a patent in one of 

the previous projects of the Bioactives research group at DTU Food (Safafar et al. 2017). The main 

principle of this drying technology is removal of moisture from wet microalgae by an airstream that 

carries the biomass in a spirally flow stream of hot air, which enables fast transfer of moisture from 

microalgal slurry to the gases. Effects of the drying methods (novel swirl flash method and freeze 

drying) on the biomass composition of two microalgal species were evaluated by determining the 

content of lipids, proteins, fatty acids, pigments and α-tocopherol before and after drying. In addition, 

it was evaluated whether pretreatment by high-pressure homogenization before drying affects the 

quality of microalgal biomass. The content of microalgal metabolites in C. pyrenoidosa after applying 

drying treatments is summarized in Table 6.2. Main findings are outlined as follows: 

 Drying step (with or without cell disruption pretreatment) enhances lipid and carotenoid 

extractability in C. pyrenoidosa, most likely due to the changes in the cell structure upon 

drying that enhance solvent diffusion.  
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 Swirl flash drying had no adverse effect on the protein content or heat-sensitive 

polyunsaturated fatty acids, most likely due to the short retention of the biomass at high 

temperatures. 

 Swirl flash drying had no adverse effect on the content of lutein and β-carotene in 

C. pyrenoidosa compared to the freeze-dried biomass. However, the content of lutein was 

only significantly lower in homogenized biomass, most probably due to the increased 

exposure (released from the cell) during the drying process. 

 Swirl flash drying had an adverse effect on the content of α-tocopherol compared to the 

content determined in wet biomass. Homogenization prior to drying further decreased the 

content of α-tocopherol, which was observed also in the freeze dried biomass. 

 

Table 6.2. Content of total lipids (% DW), proteins (% DW), lutein (µg/g DW), β-carotene (µg/g DW) and α-

tocopherol in the biomass of Chlorella pyrenoidosa after applying different drying techniques with and without 

pre-treatment by high-pressure homogenization. Different letters in the same row represent significant 

differences (p ˂ 0.05). 

Pretreatment 
Drying 

method 

Lipid 

 (% DW) 

Protein  

(% DW) 

Lutein  

(µg/g DW) 

β-carotene 

(µg/g DW) 

α-tocopherol 

(µg/g DW) 

Homogenization 

Swirl flash 12.1 ± 1.1a 38.5 ± 1.5a 1964 ± 271b 742 ± 160bc 15.8 ± 3.8c 

Freeze drying 12.3 ± 0.5a 39.5 ± 0.2a 2770 ± 72a 670 ± 13c 32.1 ± 10.7c 

Wet biomass 12.3 ± 0.0a 39.1 ± 2.3a 1948 ± 12b 83 ± 6e 77.8 ± 17.9ab 

No pre-treatment 

Swirl flash 11.0 ± 0.2a 37.6 ± 0.7a 2833 ± 269a 839 ± 17ab 61.3 ± 2.2b 

Freeze drying 11.4 ± 0.2a 40 ± 1.3a 3070 ± 763ab 1093 ± 90a 93.2 ± 20.7ab 

Wet biomass 9.0 ± 0.0b 39 ± 0.6a 1347 ± 32c 354 ± 9d 95.1 ± 8.1a 

 

High temperature applied in dehydration process can cause deterioration of high-value compounds 

in microalgae. High temperatures may have an adverse effect especially on the heat-sensitive 

compounds such as carotenoids and PUFAs. Treatments over 50 °C may lead to significant 

degradation of carotenoids (Dey and Rathod 2013; Sogi et al. 2015). Short drying time seems to 

prevent any major loss of carotenoids during swirl flash drying. Freeze drying is considered as the 

gentlest dehydration method for preserving microalgal nutritive value. However, high energy 

demand and expensive equipment limit the use of this method in microalgal industry (Show et al. 

2015). There was no significant difference between the content of metabolites extracted from freeze 

dried and swirl flash dried biomass. Drying at low temperatures (freeze drying) will not inactivate 
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lipases or proteases, which activity may lead to lipid and protein degradation, especially if biomass 

will have a long shelf life. Therefore, the selection of the most suitable drying method will highly 

depend on the end application. Besides the shelf life, the extraction efficiency may also depend on the 

drying method. As demonstrated, extraction efficiencies of lipids and carotenoids were significantly 

higher for dry biomass. Drying creates a porous structure thereby increasing the contact surface 

between the solvent and the cells (Stramarkou et al. 2017). Therefore, often better extraction yields 

for non-polar compounds may be observed when using dry biomass. Drying is considered to be a 

beneficial processing step in terms of logistics and effective handling of harvested biomass, however, 

it presents a major economic constraint in microalgal production line (Show et al. 2015). Spray 

drying is the most widely used drying method in microalgal industry, due to its effectiveness and 

acceptable cost (Show et al. 2015). Safafar et al. (2017) demonstrated that the energy consumption 

by swirl flash dryer was 28% less than spray drying for the same biomass, and that it requires lower 

investment. Besides energetic advantage, swirl flash drying was shown to be a new potential method 

for drying microalgae without major adverse effects on the bioactive ingredients in microalgal 

biomass. The pretreatment by homogenization seems to be the main factor that contributed to the 

deterioration of microalgal ingredients by increasing their accessibility during both freeze drying and 

swirl flash drying.   

 

 

 

 

 

 

 

 

 

 



95 
 

6.3. Literature 

Baudelet, P.H., Ricochon, G., Linder, M., Muniglia, L. (2017) A new insight into cell walls of Chlorophyta Algal 

Res., 25:333-371. 

Boon, C.S., McClements, D.J., Weiss, J., Decker, E.A. (2010) Factors Influencing the Chemical Stability of 

Carotenoids in Foods, Critical Reviews in Food Science and Nutrition, 50:6, 515-532. 

Chen CY, Bai MD, Chang JS. 2013. Improving microalgal oil collecting efficiency by pretreating the microalgal 

cell wall with destructive bacteria. Biochem Eng J 81:170–176. 

Coelho, D., Lopes, P.A., Cardoso, V. et al. (2019) Novel combination of feed enzymes to improve the degradation 

of Chlorella vulgaris recalcitrant cell wall. Sci Rep 9, 5382. 

Dey S, Rathod VK (2013) Ultrasound assisted extraction of β-carotene from Spirulina platensis. Ultrason 

Sonochem 20:271–276 

Domozych DS, Ciancia M, Fangel JU, Mikkelsen MD, Ulvskov P, Willats WG. 2012. The cell walls of green algae: 

A journey through evolution and diversity. Front Plant Sci 3:82. 

Domozych, D.S. Ciancia, M. Fangel, J.U. Mikkelsen, M.D. Ulvskov, P. Willats W.G.T. (2012) The cell walls of green 

algae: a journey through evolution and diversity. Front. Plant Sci., 3. 

Fangel, J.U. Ulvskov, P. Knox, J.P. Mikkelsen, M.D. Harholt, J. Popper, Z.A. Willats W.G.T. (2012) Cell wall 

evolution and diversity. Front. Plant Sci., 3. 

Fu CC, Hung TC, Chen JY, Su CH, Wu WT. 2010. Hydrolysis of microalgae cell walls for production of reducing 

sugar and lipid extraction. Bioresour Technol 101(22):8750–8754. 

Gerken HG, Donohoe B, Knoshaug EP. 2013. Enzymatic cell wall degradation of Chlorella vulgaris and other 

microalgae for biofuels production. Planta 237(1):239–253. 

Guldhe, A., Singh, B., Rawat, I., Ramluckan, K., Bux, B. (2014) Efficacy of drying and cell disruption techniques 

on lipid recovery from microalgae for biodiesel production. Fuel, 128:46-52. 

Günerken E, D'Hondt a E, Eppink MHM, Garcia-Gonzalez L, Elst K, Wijffels RH (2015) Cell disruption for 

microalgae biorefineries. Biotechnology Advances 33:243-260 

Harun R, Danquah MK. 2011. Enzymatic hydrolysis of microalgal biomass for bioethanol production. Chem Eng 

J 168(3):1079–1084. 

Horst I, Parker BM, Dennis JS, Howe CJ, Scott SA, Smith AG. 2012. Treatment of Phaeodactylum tricornutum 

cells with papain facilitates lipid extraction. J Biotechnol 162(1):40–49. 



96 
 

Horst, I., Parker, B.M., Dennis, J.S., Howe, C.J., Scott, S.A., Smith, A.G. (2012) Treatment of Phaeodactylum 

tricornutum cells with papain facilitates lipid extraction. Journal of Biotechnology, 162 (1):40-49.  

Huo S., Wang Z., Cui F., Zou B., Zhao P., Yuan Z. (2015) Enzyme-assisted extraction of oil from wet microalgae 

Scenedesmus sp. G4. Energies, 8:8165-8174. 

Lam, G., Vermuë, M., Eppink, M., Wijffels, R., Van Den Berg, C., 2018. Multi-product microalgae biorefineries: 

from concept towards reality. Trends Biotechnol. 36 (2), 216–227. 

Lee S, Oh Y, Kim D, Kwon D, Lee C, Lee J. 2011. Converting carbohydrates extracted from marine algae into 

ethanol using various ethanolic escherichia coli strains. Appl Biochem Biotechnol 164(6):878–888. 

Liang K., Zhang Q., Cong W. (2012) Enzyme-assisted aqueous extraction of lipid from microalgae. J Agric Food 

Chem, 60:11771-11776, 

Mahdy A,Mendez L, Ballesteros M, Gonzaalez-Fernaandez C. 2014. Enhanced methane production of Chlorella 

vulgaris and Chlamydomonas reinhardtii by hydrolytic enzymes addition. Energy Convers Manage 85:551–

557. 

Mahdy, A., Mendez, L., Ballesteros, M., González-Fernández, C. (2014) Enhanced methane production of 

Chlorella vulgaris and Chlamydomonas reinhardtii by hydrolytic enzymes addition. Energy Conversion and 

Management, 85: 551-557.  

Rodrigues MA, Da Silva Bon EP. 2011. Evaluation of Chlorella (Chlorophyta) as source of fermentable sugars 

via cell wall enzymatic hydrolysis. Enzyme Res 2011(1):405603.  

Safafar H, Jacobsen C, Reesbøll CA,Møller P (2017) An algae drier and a system for drying algae paste and/or 

liquid algae biomass, PCT Patent Application DK2017/050403. 

Scholz MJ, Weiss TL, Jinkerson RE, Jing J, Roth R, Goodenough U, Posewitz MC, Gerken HG. 2014. Ultrastructure 

and composition of the Nannochloropsis gaditana cell wall. Eukaryotic Cell 13(11):1450–1464. 

Show KY, Lee DJ, Tay JH, Lee TM, Chang JS (2015) Microalgal drying and cell disruption—recent advances. 

Bioresour Technol 184:258–266. 

Sogi DS, Siddiq M, Dolan KD (2015) Total phenolics, carotenoids and antioxidant properties of Tommy Atkin 

mango cubes as affected by drying techniques. LWT—Food Sci Technol 62:564–568. 

Stephenson, A.L., Kazamia, E., Dennis, J.S., Howe, C.J., Scott, S.A., Smith, A.G. (2010) Life-cycle assessment of 

potential algal biodiesel production in the United Kingdom: a comparison of raceways and air-lift tubular 

bioreactors. Energy & Fuels, 24:4062-407. 

Stramarkou, M., Papadaki, S., Kyriakopoulou, K. et al. (2017) Effect of drying and extraction conditions on the 

recovery of bioactive compounds from Chlorella vulgaris. J Appl Phycol 29, 2947–2960.  



97 
 

Van Donk E, Lurling M, Hessen DO, Lokhorst GM (1997) Altered cell wall morphology in nutrient-deficient 

phytoplankton and its impact on grazers. Limnol Oceanogr 42:357–364 

Wang D, Li Y, Hu X, Su W, Zhong M. Combined enzymatic and mechanical cell disruption and lipid extraction of 

green alga Neochloris oleoabundans. Int J Mol Sci. 2015 Apr 7;16(4):7707-22. 

Zheng H, Gao Z, Yin F, Ji X, Huang H. 2012. Lipid production of Chlorella vulgaris from lipid-extracted microalgal 

biomass residues through two-step enzymatic hydrolysis. Bioresour Technol 117:1–6. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



98 
 

Chapter 7: Conclusion and future perspectives 

7.1. Upstream processing  

In recent years, consumer preferences towards natural, sustainable and vegan food are giving rise to 

the exploration of alternative sources of bioactive compounds such as microalgae. In order to 

increase the value of microalgal biomass, maximizing the accumulation of several bioactive 

compounds is one of the essential steps. This Ph.D. study demonstrated that the optimal tool for 

stimulating production of bioactive compounds was highly species- and compound- dependent. 

Relatively weak correlation between the content of different metabolites, as well as different patterns 

observed across the species makes the selection of the optimal tool challenging. From the obtained 

results the following tools for stimulating bioactive compounds in selected microalgae are proposed:  

1. Exposure of Nannochloropsis oceanica, N. limnetica and Dunaliella salina culture to UVB 

radiation (~16 kJ/m2/day, for 3-7 days) in their late exponential growth phase. Such a 

treatment stimulated production of vitamin D3. For N. oceanica and D. salina, UVB also 

stimulated α-tocopherol production, which increased by 20-30% upon exposure.  

2. Illumination by green:red LED (50:50) substantially increases the content of lutein in Chlorella 

minutissima, by ~70% compared to white LED, making this species highly competitive to other 

lutein-rich sources. 

3. Interactive effects of illumination by red LED and salt stress (40 ppt) strongly stimulates 

production of omega-3 fatty acids (EPA and DHA) in Rhodomonas salina, nearly 40% increase 

in EPA+DHA % of total FA compared to the white LED.   

4. Interactive effects of illumination by green LED and salt stress (40 ppt) strongly stimulates 

production of carotenoids, particularly β-carotene, in R. salina. Content of β-carotene increased 

by 75% compared to the control. 

5. Illumination by red LED increases the production of alkenones in Isochrysis galbana 10-fold. 

According to the list above, it can be concluded that increase in the accumulation of bioactive 

ingredients such as PUFAs, carotenoids, alkenones and α-tocopherol can be significantly stimulated 

by manipulating abiotic factors including light intensity, spectral distribution and UVB exposure, 

which confirms the first hypothesis (H1). Light as an abiotic stress is a powerful, but energy 

demanding tool for stimulating production of microalgal metabolites. Using individual 

monochromatic LEDs at lower intensity instead of white LED of high intensity was a good alternative 

for stimulating production of the bioactive compounds at lower energy consumption (e.g. 
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illumination by green:red LED (50:50) for production of lutein in C. minutissima). Furthermore, 

interactive effects of salt stress and monochromatic LEDs enhanced accumulation of omega-3 fatty 

acids and carotenoids in R. salina and C. minutissima, respectively, more than each of the abiotic 

factors individually, which confirms the second hypothesis (H2). UVB radiation was demonstrated 

to be an effective tool for stimulating vitamin D3 production in some of the species. It was 

hypothesized that exposure of microalgal cultures to UVB light can stimulate production of vitamin 

D3 without an adverse effect on the content of PUFAs, amino acids, carotenoids and other fat-soluble 

vitamins (H3). This hypothesis was rejected even though UVB light stimulated production of high 

levels of vitamin D3 in N. oceanica, D. salina and N. limnetica because other metabolites such as 

protein, vitamin K2 and β-carotene were negatively affected by UVB light in some of the species. 

However, partial loss of some of the metabolites is acceptable due to the very high levels of vitamin 

D3 and other bioactive compounds such as α-tocopherol and EPA. Particularly UVB exposed N. 

oceanica showed a strong potential for replacing animal based food ingredients, such as fish oil, as it  

contained relatively high content of various ingredients commonly found in foods of animal origin, 

such as vitamin D3, long-chain PUFAs and menaquinone-4 (vitamer K2). 

At present, achieving economically viable production of microalgal based ingredients is still a 

challenge. Low growth rates, especially in phototrophically grown microalgae, are one of the main 

challenges in production process. Therefore, future work should take into account productivities of 

selected bioactive compounds per unit of volume and time, as well as energy consumed. Strain 

improvement methods, such as mutagenesis, adaptive evolution or genetic engineering, can make 

microalgae production become more economically viable in terms of achieving higher growth rates 

and higher productivities of desired metabolites. Evaluating the effects of tested abiotic factors at 

different culture densities and different growth stages will allow the creation of mathematical 

models, which may decrease the amount of practical work during the process optimization. 

Furthermore, it is essential to evaluate bioaccessibility and bioavailability of the compounds 

investigated in this study, which will help incorporating microalgae in e.g. human diet.  

7.2. Downstream processing  

Employing energy-efficient downstream processing and maximizing the recovery of desired 

compounds is essential for obtaining an economically feasible production of microalgal ingredients. 

It was hypothesized that enzymatic cell degradation in combination with high-pressure 

homogenization ensures high extraction efficiency of lipids and proteins from microalgae without an 

adverse effect on the bioactive compounds such as carotenoids and PUFAs (H4). This hypothesis was 
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rejected as the addition of commercially available enzymatic cocktails showed no effect on the cell 

wall rupture or release of intracellular metabolites. Most likely the non-optimal concentration of 

enzymes was the main limitation towards enzymatic cell disruption, however, other factors such as 

choice of the enzyme, incubation time or temperature cannot be ruled out. High-pressure 

homogenization only enhanced extractability of lipids, whereas high incubation temperature had an 

adverse effect on the content of lutein and β-carotene. In the absence of detailed cell wall composition 

of C. pyrenoidosa a screening step testing different doses of enzymes, as well as several types of 

enzymes is inevitable. Limited number of experiments performed in the current study did not allow 

to test higher concentrations or other types of enzymes in order to determine the best combination 

of extraction variables for the release of the intracellular metabolites in C. pyrenoidosa. Limited 

knowledge about the composition of the microalgal cell wall represents a major limitation towards 

selection of the appropriate extraction technology. Besides cell wall composition for individual 

species, there is a knowledge gap on how factors, such as growth stage or cultivation parameters, 

affect the cell wall structure and composition. Future research should aim towards building a 

database where such an information would be available, which would allow easier selection of the 

optimum cell wall disruption technique, or development of new technologies for product recovery 

from specific microalgal species. 

Two drying techniques, novel swirl flash drying and freeze drying, were applied for drying 

C. pyrenoidosa and compared in terms of the degradation of the bioactive content in order to evaluate 

the potential of the novel drying technique. The final hypothesis stated that the novel swirl-flash 

technology is a suitable drying method for microalgae biomass with minimum adverse effect on the 

present bioactive compounds (H5). Quality of the microalgal biomass dried by novel-swirl flash dryer 

showed no difference compared to the freeze dried biomass, which confirms the fifth hypothesis. 

High-pressure homogenization pretreatment was found to be an effective method for cell wall 

disruption, but had an adverse effect on the content of α-tocopherol and lutein if it is applied prior to 

drying. Most likely increasing the availability of heat-sensitive compounds, such as lutein and α-

tocopherol, to hot airstream by rupturing the cell walls, may result in higher degradation rate. 

Therefore, addition of antioxidants after cell rupture may minimize the otherwise unavoidable 

degradation during any type of drying. The novel prototoype swirl flash dryer showed high potential 

as a new optimal drying technique for microalgal biomass. Future experiments should test several 

different microalgal species and other drying techniques (e.g. spray drying) in order to confirm the 

competitiveness of the swirl flash drying technology among other existing drying techniques. 

Assessment of the cost-effectiveness, taking into account the product quality, for several drying 
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technologies is essential future work, which will enable further optimization of drying technologies 

for microalgae.     

In conclusion, findings of this Ph.D opened up new possibilities for exploiting microalgae for 

production of bioactive ingredients that were not previously associated with microalgae, such as 

vitamin D3 and vitamin K2. Proposed tools for stimulating production of high value metabolites in 

specific microalgae species may contribute to a more economically feasible large scale production of 

such ingredients for functional food, feed and cosmetics. Reaching high levels of metabolites, which 

are commonly found in animal based products, represents one step further towards replacing 

current synthetic, animal or plant based ingredients with more sustainable microalgal based 

ingredients. Furthermore, employing the mild novel swirl drying technology may contribute to the 

prevention of losses caused by product degradation during downstream processing.  
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Appendix I 

Product sheets of enzymatic cocktails Viscozyme and Neutrase provided by the 

company Novozymes 
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Special Food / 2001-08285-02.pdf  

Product Sheet 

Viscozyme® L 

Description 
Viscozyme L is a multi-enzyme complex containing a wide range of 
carbohydrases, including arabanase, cellulase, beta-glucanase, hemicellulase 
and xylanase. The enzyme also has activity against the branched pectin-like 
substances found in soybean cell walls. The enzyme preparation is produced 
from a selected strain of Aspergillus aculeatus. 
 
Product Properties 
 
Appearance 
Viscozyme L is a clear brown liquid with a density of approx. 1.2 g/ml. 
 
Activity 
 
 Viscozyme ................... .......................100 FBG/g. 
 
FBG = Fungal Beta-Glucanase Units. 
See the Analytical Method for further information. 
 
Other characteristics 
The ability of Viscozyme L to function at low temperatures will result in reduced 
energy consumption in the extraction of materials from plant cells. In addition, 
the absence of significant levels of amylase and lipase activities means that 
these major components will not be affected during the extraction process.  
The optimal conditions for Viscozyme L with its several and complex activities 
are a pH range of 3.3-5.5 and a temperature of 25-55°C. 
 
Food-grade status 
Viscozyme complies with the recommended purity specifications for food-grade 
enzymes given by the Joint FAO/WHO Expert Committee on Food Additives 
(JECFA) and the Food Chemicals Codex (FCC), supplemented with a maximum 
limit of 102/g for moulds. 
 
Packaging 
See the standard Packaging List for more packaging information. 
 
Application 
Viscozyme L is a special enzyme preparation used in the breakdown of cell 
walls for the extraction of useful components from plant tissue and in the 
processing of cereal and vegetable materials.  
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The multi-component nature of Viscozyme is of particular use in the processing 
of plant materials in the alcohol, brewing, starch and related industries. The 
ability of the enzyme to liberate bound materials and to degrade non-starch 
polysaccharides can be used to improve starch availability in fermentation and 
to generally reduce viscosity and hence improve extraction yields.  
For the reduction of beta-glucans and viscosity a dosage of 0.02-0.1% of grist 
weight is recommended. For other applications a general recommendation is 
0.05-0.1%.  
 
Safety 
Enzymes are proteins. Inhalation of dust or aerosols may induce sensitization 
and may cause allergic reactions in sensitized individuals. Some enzymes may 
irritate the skin, eyes and mucous membranes upon prolonged contact. This 
product may create easily inhaled aerosols if splashed or vigorously stirred. 
Spilled product may dry out and create dust. 
Spilled material should be flushed away with water. Avoid splashing. Left-over 
material may dry out and create dust. Wear suitable protective clothing, gloves 
and eye/face protection as prescribed on the warning label. Wash 
contaminated clothes.  
 
Handling Precautions 
Viscozyme L is non-flammable, completely miscible with water and safe when 
used according to directions. Observe standard handling precautions to avoid 
direct contact with the product or inhalation of dust from the dried product. In 
case of accidental spillage and contact with the skin or eyes, rinse promptly 
with water.  
A Material Safety Data Sheet is supplied with all products. See the Safety 
Manual for further information regarding how to handle the product safely. 
 
Storage 
Enzymes gradually lose activity over time depending on storage temperature 
and humidity. It is recommended to store the product under cool and dry 
conditions in closed containers at 0-10°C (32-50°F) (e.g. in the hop storage 
room). Extended storage and/or adverse conditions incuding higher 
temperature or high humidity, may lead to a higher dosage requirement. 
Further information on product stablility is available on request.  
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Special Food / 2001-08283-04.pdf  

Product Sheet 

Neutrase® 

Description 
Neutrase is a bacterial protease produced by submerged fermentation of a 
selected strain of Bacillus amyloliquefaciens.  
Neutrase is an endoprotease which can be used in most cases where proteins 
have to be broken down either moderately or more extensively to peptides.  
Neutrase contains only the neutral part of Bacillus amyloiquefaciens proteases, 
whereas most other commercial preparations also contain the alkaline 
proteinase.  
Neutrase is a metallo proteinase (Zn), which is stabilized with Ca2+ and 
consequently inhibited by EDTA.  
Neutrase contains a non-standardized amount of beta-glucanase and is free of 
any alpha-amylase activity. 
 
Product Properties 
 
Product Type 
Neutrase 0.8 L is a clear brown liquid. Neutrase 1.5 MG is a light brown, free-
flowing, non-dusting microgranulate with an average particle size of around 
300 microns. The colour may vary from batch to batch and colour intensity is 
not an indication of product strength. 
 
Activity 
Neutrase is standardized in Anson Units per gram (AU/g).  
 
 Neutrase 0.8 L............................Declared activity: 0.8 AU/g 
 Neutrase 1.5 MG........................Declared activity: 1.5 AU/g 
 
For further information, see the Analytical Method, which is based on 
denatured hemoglobin in a 0.02 M Ca2+ buffer.  
 
Solubility 
The active components of Neutrase are readily soluble in water at all 
concentrations that occur in normal usage.  
 
Food-grade status 
Neutrase complies with the recommended purity specifications for food-grade 
enzymes given by the Joint FAO/WHO Expert Committee on Food Additives 
(JECFA) and the Food Chemicals Codex (FCC).  
 
Packaging 
See the standard Packaging List for more packaging information. 
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Application 
Neutrase is used to upgrade proteins of vegetable and animal origin. Detailed 
recommendations with respect to applications are given in separate papers.  
 
Reaction Parameters 
The optimal working conditions for Neutrase are at 45-55°C (113-131°F) and 
pH 5.5-7.5. The activities shown in Figures 1 and 2 are measured according to 
a modified Anson method in aqueous solutions without the stabilizing effect of 
proteinaceous matter. The stability of Neutrase at a certain temperature is 
influenced by the type and concentration of the proteins present. 
 

 
Fig.1. The influence of pH on the activity of Neutrase at 
45°C (113°F).  

 

 
Fig. 2. The influence of temperature on the activity of 
Neutrase at pH 6.  

 
Inactivation 
Neutrase can be inactivated by heat treatment, e.g. 2 minutes at 85°C (185°F). 
However, the inactivation is very much dependent on the substrate (substrate 
concentration, pH, etc.). Thus, the documentation for efficient elimination of 
Neutrase must be based on actual analysis for detection of residual activity.  
The stability of Neutrase at a certain temperature is influenced by the type and 
concentration of the proteins present. In Figure 3, the stability of Neutrase is 
measured without the stabilizing effect of protein substrate. 
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Fig. 3. The stability at pH 6.0 (phosphate buffer) of Neutrase at 
various temperatures.  

 
Safety 
Enzymes are proteins. Inhalation of dust or aerosols may induce sensitization 
and may cause allergic reactions in sensitized individuals. Some enzymes may 
irritate the skin, eyes and mucous membranes upon prolonged contact.  
Wear suitable protective clothing, gloves and eye/face protection as prescribed 
on the warning label. Wash contaminated clothes. 
Liquid enzyme product: This product may create easily inhaled aerosols if 
splashed or vigorously stirred. Spilled product may dry out and create dust. 
Spilled material should be flushed away with water. Avoid splashing. Left-over 
material may dry out and create dust.  
Granulate enzyme product: This product has been developed to resist 
mechanical effects. However, excessive mechanical wear and tear or crushing 
may create dust. All spills, however minor, should be removed immediately. Use 
respiratory protection. Major spills should be carefully shovelled into plastic-
lined containers. Minor spills and the remains of major spills should be removed 
by vacuum cleaning or flushing with water (avoid splashing). Vacuum cleaners 
and central vacuum systems should be equipped with HEPA filters.  
A Material Safety Data Sheet is supplied with all products. See the Safety 
Manual for further information regarding how to handle the product safely. 
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Storage 
Enzymes gradually lose activity over time depending on storage temperature 
and humidity. It is recommended to store the product under cool and dry 
conditions in closed containers at 0-10°C (32-50°F). Extended storage and/or 
adverse conditions incuding higher temperature or high humidity, may lead to 
a higher dosage requirement. Further information on product stablility is 
available on request.  
 
 
 



Appendix II 

Growth measurements (optical density at 750) of four microalgal species 

under different cultivation regimes 



 

0 1 2 3 4 5 6 7

avg 0,54 0,75 0,95 1,09 1,67 2,07 2,16 2,31

stdev 0,02 0,05 0,01 0,11 0,16 0,09 0,13 0,05

avg 0,54 0,68 0,87 1,00 1,59 2,03 2,24 2,45

stdev 0,02 0,03 0,02 0,05 0,13 0,12 0,07 0,05

avg 0,55 0,61 0,72 0,78 1,15 1,49 1,71 1,94

stdev 0,00 0,02 0,01 0,05 0,05 0,07 0,08 0,05

avg 0,54 0,64 0,75 0,81 1,18 1,52 1,74 1,80

stdev 0,01 0,03 0,04 0,04 0,09 0,12 0,14 0,14

avg 0,54 0,66 0,77 0,83 1,25 1,59 1,81 1,87

stdev 0,03 0,03 0,04 0,04 0,10 0,13 0,14 0,15

avg 0,55 0,71 0,82 0,88 1,08 1,42 1,64 1,61

stdev 0,03 0,04 0,04 0,04 0,09 0,11 0,13 0,13

avg 0,53 0,67 0,78 0,84 1,18 1,52 1,74 1,97

stdev 0,00 0,03 0,04 0,04 0,09 0,12 0,14 0,16

avg 0,54 0,64 0,75 0,81 1,20 1,54 1,76 1,79

stdev 0,03 0,03 0,04 0,04 0,10 0,12 0,14 0,14

avg 0,54 0,74 0,85 0,91 1,21 1,55 1,77 1,80

stdev 0,00 0,04 0,04 0,05 0,10 0,12 0,14 0,14

avg 0,55 0,67 0,78 0,84 1,23 1,57 1,79 1,84

stdev 0,03 0,03 0,04 0,04 0,10 0,13 0,14 0,15

avg 0,56 0,79 0,88 0,93 1,03 1,08 1,13 1,19

stdev 0,03 0,04 0,04 0,05 0,08 0,09 0,09 0,09

avg 0,58 0,80 0,89 0,94 1,00 1,06 1,09 1,10

stdev 0,00 0,04 0,04 0,05 0,08 0,08 0,09 0,09

avg 0,55 0,59 0,67 0,78 0,90 0,97 1,01 1,10

stdev 0,03 0,03 0,03 0,04 0,07 0,08 0,08 0,09

0 1 2 3 4 5 6 7

avg 0,62 0,82 1,10 1,31 1,58 1,78 1,82 1,85

stdev 0,03 0,04 0,06 0,07 0,13 0,14 0,15 0,15

avg 0,64 0,77 0,99 1,30 1,49 1,69 1,74 1,84

stdev 0,03 0,04 0,05 0,07 0,12 0,14 0,14 0,15

avg 0,62 0,69 0,85 0,98 1,10 1,29 1,33 1,50

stdev 0,03 0,03 0,04 0,05 0,09 0,10 0,11 0,12

avg 0,62 0,75 0,90 1,11 1,38 1,49 1,58 1,54

stdev 0,01 0,04 0,05 0,06 0,11 0,12 0,13 0,12

avg 0,64 0,76 0,92 1,05 1,27 1,33 1,44 1,51

stdev 0,03 0,04 0,05 0,05 0,06 0,07 0,07 0,08

avg 0,66 0,70 0,87 0,92 1,19 1,28 1,29 1,31

stdev 0,01 0,04 0,04 0,05 0,10 0,10 0,10 0,10

avg 0,62 0,74 1,10 1,19 1,36 1,51 1,72 1,64

stdev 0,03 0,04 0,06 0,06 0,11 0,12 0,14 0,13

avg 0,64 0,75 0,99 1,20 1,24 1,36 1,36 1,44

stdev 0,03 0,04 0,05 0,06 0,10 0,11 0,11 0,12
avg 0,62 0,72 0,90 1,05 1,29 1,42 1,65 1,66

stdev 0,00 0,04 0,05 0,05 0,10 0,11 0,13 0,13

avg 0,60 0,70 0,93 1,14 1,36 1,40 1,55 1,63

stdev 0,02 0,04 0,05 0,06 0,11 0,11 0,12 0,13

avg 0,62 0,74 0,68

stdev 0,01 0,04 0,03

avg 0,64 0,75 0,60

stdev 0,03 0,04 0,03

avg 0,65 0,74 0,71

stdev 0,00 0,04 0,04

A. maxima

100

LED light
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Red

Green

Blue + Red

Red + Green

Blue + Green

White

UVB dose     

(kJ/m2/day)

3

6

16
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LED light

Blue

Red

Green

Blue + Red

Red + Green

Blue + Green

White

3

6

Day

Light intensity   (µmol 
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800

400

100

16

C. minutissima

UVB dose     

(kJ/m2/day)

Light intensity   (µmol 

photon/m2/s)

800

400



 

Data is shown as an average (avg) and standard deviation (stdev) of n = 4. 

0 1 2 3 4 5 6 7

avg 0,49 0,69 0,89 1,10 1,32 1,52 1,67 1,69

stdev 0,02 0,03 0,04 0,06 0,11 0,12 0,13 0,14

avg 0,48 0,60 0,80 0,98 1,28 1,44 1,59 1,65

stdev 0,02 0,03 0,04 0,05 0,10 0,12 0,13 0,13

avg 0,50 0,59 0,68 0,80 0,92 1,19 1,38 1,42

stdev 0,00 0,03 0,03 0,04 0,07 0,10 0,11 0,11

avg 0,51 0,68 0,79 0,89 1,05 1,21 1,37 1,42

stdev 0,01 0,03 0,04 0,04 0,08 0,10 0,11 0,11

avg 0,52 0,64 0,82 0,84 1,00 1,11 1,24 1,39

stdev 0,03 0,03 0,04 0,04 0,05 0,06 0,06 0,07

avg 0,48 0,58 0,69 0,71 0,90 0,98 1,14 1,26

stdev 0,01 0,03 0,03 0,04 0,07 0,08 0,09 0,10

avg 0,47 0,66 0,80 0,90 1,10 1,22 1,38 1,40

stdev 0,02 0,03 0,04 0,05 0,09 0,10 0,11 0,11

avg 0,49 0,68 0,75 0,79 0,91 1,10 1,38 1,39

stdev 0,02 0,03 0,04 0,04 0,07 0,09 0,11 0,11

avg 0,47 0,60 0,77 0,91 0,99 1,11 1,23 1,24

stdev 0,00 0,03 0,04 0,05 0,08 0,09 0,10 0,10

avg 0,51 0,64 0,76 0,85 1,03 1,22 1,35 1,50

stdev 0,02 0,03 0,04 0,04 0,08 0,10 0,11 0,12

avg 0,52 0,58 0,65 0,85 0,90 0,92 0,94 0,99

stdev 0,01 0,03 0,03 0,04 0,07 0,07 0,08 0,08

avg 0,52 0,52 0,71 0,84 0,88 0,91 0,99 0,99

stdev 0,03 0,03 0,04 0,04 0,07 0,07 0,08 0,08

avg 0,50 0,55 0,60 0,71 0,75 0,75 0,79 0,79

stdev 0,00 0,03 0,03 0,04 0,06 0,06 0,06 0,06

0 1 2 3 4 5 6 7

avg 0,68 0,93 1,15 1,28 1,40 1,60 1,69 1,72

stdev 0,03 0,05 0,06 0,06 0,11 0,13 0,14 0,14

avg 0,64 0,93 1,06 1,13 1,31 1,55 1,72 1,79

stdev 0,03 0,05 0,05 0,06 0,10 0,12 0,14 0,14

avg 0,65 0,92 0,98 1,15 1,35 1,46 1,60 1,68

stdev 0,00 0,05 0,05 0,06 0,11 0,12 0,13 0,13

avg 0,65 0,87 1,12 1,30 1,45 1,47 1,48 1,50

stdev 0,01 0,04 0,06 0,07 0,12 0,12 0,12 0,12

avg 0,65 0,88 1,15 1,26 1,46 1,46 1,35 1,50

stdev 0,03 0,04 0,06 0,06 0,07 0,07 0,07 0,08

avg 0,63 0,87 1,09 1,19 1,33 1,47 1,46 1,45

stdev 0,01 0,04 0,05 0,06 0,11 0,12 0,12 0,12

avg 0,64 0,87 1,17 1,38 1,48 1,48 1,56 1,68

stdev 0,02 0,04 0,06 0,07 0,12 0,12 0,12 0,13

avg 0,64 0,74 0,79 0,86 0,89 0,91 0,92 0,94

stdev 0,01 0,04 0,04 0,04 0,07 0,07 0,07 0,08

avg 0,63 0,75 0,78 0,86 0,92 0,95 0,96 0,97

stdev 0,03 0,04 0,04 0,04 0,07 0,08 0,08 0,08

avg 0,66 0,74 0,76 0,77 0,77 0,79 0,81 0,81

stdev 0,00 0,04 0,04 0,04 0,06 0,06 0,06 0,06
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2
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400

100
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16
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Appendix III 

Protein content, total lipid content, fatty acid composition and pigment 

content in the pellet of Chlorella pyrenoidosa after cell disruption treatment 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



Abbreviation guide used for sample labeling 

Factor Level Abbreviation 

Enzyme concentration 

0.3% 0.3 

0.5% 0.5 

0 0 

Homogenization pretreatment 
Homogenized H 

Non-homogenized N 

Incubation time 
2h 2 

6h 6 

Incubation temperature 
30 C° 30 

45 C° 45 

Enzyme 
Viscozyme L V 

Neutrase N 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



Table A1. The total lipid (% sample) and protein content (% sample) in the pellets of C. pyrenoidosa 

after cell disruption treatment. 

Treatment parameters

0.3-H-2-30 1,04 ± 0,05 2,87 ± 0,46

0.3-H-2-45 0,96 ± 0,14 3,47 ± 0,41

0.3-N-2-30 0,81 ± 0,02 3,42 ± 0,18

0.3-N-2-45 0,81 ± 0,01 3,47 ± 0,45

0.5-H-2-30 1,01 ± 0,02 3,29 ± 0,14

0.5-H-2-45 1,08 ± 0,08 2,98 ± 0,24

0.5-N-2-30 0,84 ± 0,06 3,56 ± 0,04

0.5-N-2-45 0,82 ± 0,00 3,15 ± 0,21

0.3-H-6-30 1,02 ± 0,03 2,97 ± 0,04

0.3-H-6-45 1,02 ± 0,02 3,15 ± 0,06

0.3-N-6-30 0,83 ± 0,03 3,17 ± 0,07

0.3-N-6-45 0,76 ± 0,09 3,43 ± 0,08

0.5-H-6-30 0,97 ± 0,10 2,64 ± 0,21

0.5-H-6-45 1,02 ± 0,04 3,09 ± 0,03

0.5-N-6-30 0,80 ± 0,05 3,11 ± 0,12

0.5-N-6-45 0,88 ± 0,06 3,39 ± 0,07

Controls

0-H-2-45 1,02 ± 0,15 3,27 ± 0,13

0-N-2-45 0,97 ± 0,14 3,46 ± 0,10

0-H-6-45 1,01 ± 0,03 3,13 ± 0,08

0-N-6-45 0,87 ± 0,13 3,43 ± 0,17

V-0.5-N-6-45 0,86 ± 0,09 2,95 ± 0,56

V-0.3-N-6-45 0,85 ± 0,09 3,19 ± 0,32

N-0.5-N-6-45 0,85 ± 0,10 3,07 ± 0,12

N-0.3-N-6-45 0,81 ± 0,04 3,55 ± 0,57

Homogenized biomass 0,96 ± 0,02 3,01 ± 0,31

No treatment 0,79 ± 0,02 3,45 ± 0,11

Total lipids 
(% sample)

Total proteins 
(% sample)



Table A2. Fatty acid composition (% of total FA) in pellets of C. pyrenoidosa after cell disruption treatment. 

  

Treatment

SAFA

16:0 22,15 ± 0,35 22,11 ± 0,09 23,30 ± 0,43 22,78 ± 0,32 22,21 ± 0,31 22,12 ± 0,61 23,37 ± 0,44 23,52 ± 0,36

S 23,15 ± 0,35 22,11 ± 0,09 23,30 ± 0,43 22,78 ± 0,32 22,21 ± 0,31 22,12 ± 0,61 23,37 ± 0,44 23,52 ± 0,36

MUFA

16:1(n-7) 2,62 ± 1,36 2,94 ± 0,88 2,49 ± 1,51 2,58 ± 1,47 4,41 ± 3,33 3,19 ± 1,98 2,35 ± 1,62 3,09 ± 3,04

18:1(n-9) 5,27 ± 0,25 5,37 ± 0,12 5,38 ± 0,05 5,42 ± 0,20 5,31 ± 0,19 5,28 ± 0,17 5,39 ± 0,19 5,52 ± 0,26

18:1(n-7) 2,61 ± 0,04 2,61 ± 0,02 2,76 ± 0,05 2,68 ± 0,05 2,62 ± 0,07 2,58 ± 0,06 2,80 ± 0,09 2,77 ± 0,08

S 10,50 ± 1,66 10,92 ± 1,03 10,62 ± 1,61 10,69 ± 1,72 12,33 ± 3,59 11,05 ± 2,21 10,54 ± 1,90 11,39 ± 3,37

PUFA

16:2(n-4) 13,84 ± 0,41 13,51 ± 0,29 15,07 ± 0,36 14,43 ± 0,36 13,84 ± 0,38 13,47 ± 0,25 14,72 ± 0,39 14,39 ± 0,69

16:3(n-4) 7,01 ± 0,15 6,73 ± 0,22 7,24 ± 0,22 6,93 ± 0,03 6,78 ± 0,23 6,70 ± 0,23 6,91 ± 0,15 6,77 ± 0,45

18:2(n-6) 17,15 ± 0,92 17,37 ± 0,63 17,35 ± 0,91 17,23 ± 1,03 17,75 ± 0,78 17,32 ± 0,88 17,04 ± 1,16 16,99 ± 1,02

18:3(n-6) 5,80 ± 0,45 5,87 ± 0,34 5,53 ± 0,45 5,55 ± 0,54 5,98 ± 0,46 5,79 ± 0,31 5,29 ± 0,51 5,29 ± 0,56

S 43,81 ± 1,93 43,48 ± 1,47 45,19 ± 1,94 44,14 ± 1,95 44,35 ± 1,85 43,27 ± 1,67 43,96 ± 2,21 43,43 ± 2,72

0.5-N-2-30 0.5-N-2-450.3-H-2-30 0.3-H-2-45 0.3-N-2-30 0.3-N-2-45 0.5-H-2-30 0.5-H-2-45

Treatment

SAFA

16:0 22,59 ± 0,31 22,70 ± 0,07 22,78 ± 0,39 23,90 ± 0,56 22,72 ± 0,19 22,98 ± 0,49 23,40 ± 0,55 23,60 ± 0,34

S 22,59 ± 0,31 22,70 ± 0,07 22,78 ± 0,39 23,90 ± 0,56 22,72 ± 0,19 22,98 ± 0,49 23,40 ± 0,55 23,60 ± 1,34

MUFA

16:1(n-7) 2,39 ± 1,31 2,61 ± 1,21 4,19 ± 1,93 3,43 ± 3,63 1,63 ± 0,36 2,33 ± 1,47 3,66 ± 2,31 3,36 ± 1,67

18:1(n-9) 5,38 ± 0,13 5,35 ± 0,13 5,23 ± 0,31 5,47 ± 0,10 5,39 ± 0,13 5,42 ± 0,10 5,33 ± 0,20 5,44 ± 0,26

18:1(n-7) 2,66 ± 0,02 2,67 ± 0,02 2,62 ± 0,06 2,81 ± 0,03 2,65 ± 0,04 2,70 ± 0,07 2,69 ± 0,07 2,75 ± 0,13

S 10,42 ± 1,46 10,63 ± 1,36 12,04 ± 2,30 11,71 ± 3,76 9,67 ± 0,53 10,45 ± 1,64 11,68 ± 2,58 11,55 ± 2,06

PUFA

16:2(n-4) 13,42 ± 0,31 13,61 ± 0,38 14,47 ± 0,70 14,72 ± 0,87 13,44 ± 0,39 13,66 ± 0,41 14,49 ± 0,42 14,50 ± 0,37

16:3(n-4) 6,47 ± 0,12 6,58 ± 0,28 7,03 ± 0,42 6,83 ± 0,59 6,46 ± 0,25 6,50 ± 0,30 6,80 ± 0,31 6,84 ± 0,22

18:2(n-6) 17,32 ± 0,71 17,17 ± 0,71 16,86 ± 1,32 17,21 ± 1,09 17,24 ± 0,69 17,26 ± 0,73 16,44 ± 0,81 16,38 ± 0,94

18:3(n-6) 5,71 ± 0,35 5,64 ± 0,36 5,39 ± 0,58 5,35 ± 0,64 5,72 ± 0,39 5,67 ± 0,42 5,18 ± 0,41 5,06 ± 0,48

S 42,92 ± 1,49 43,00 ± 1,73 43,74 ± 3,02 44,12 ± 3,19 42,86 ± 1,72 43,09 ± 1,86 42,90 ± 1,95 42,78 ± 2,00

0.5-N-6-30 0.5-N-6-450.3-H-6-30 0.3-H-6-45 0.3-N-6-30 0.3-N-6-45 0.5-H-6-30 0.5-H-6-45



Table A3. Pigment content (µg/g sample) in pellets of C. pyrenoidosa after cell disruption treatment 

 

Experimental treatment

0.3-H-2-30 159,2 ± 62,3 258,6 ± 30,3 432,3 ± 96,6 334,4 ± 101,6 39,4 ± 23,2

0.3-H-2-45 141,7 ± 43,3 236,1 ± 55,9 107,5 ± 35,4 315,5 ± 68,4 27,4 ± 8,0

0.3-N-2-30 201,8 ± 27,4 223,5 ± 17,7 433,4 ± 33,3 499,7 ± 84,4 45,9 ± 10,1

0.3-N-2-45 161,9 ± 38,7 224,6 ± 28,2 147,0 ± 36,2 239,2 ± 57,5 30,8 ± 12,0

0.5-H-2-30 135,2 ± 70,3 220,7 ± 46,5 278,1 ± 110,2 351,2 ± 137,1 28,1 ± 10,7

0.5-H-2-45 136,8 ± 79,8 293,0 ± 65,3 105,9 ± 65,9 364,5 ± 100,5 30,4 ± 10,1

0.5-N-2-30 165,9 ± 33,4 204,1 ± 41,5 357,0 ± 72,5 403,9 ± 93,5 31,3 ± 5,1

0.5-N-2-45 119,1 ± 15,0 251,5 ± 73,1 108,9 ± 14,4 293,9 ± 120,6 29,7 ± 2,4

0.3-H-6-30 80,8 ± 2,9 196,0 ± 45,3 102,5 ± 15,0 276,5 ± 57,0 16,0 ± 0,6

0.3-H-6-45 141,6 ± 42,0 238,5 ± 29,6 279,9 ± 52,2 313,7 ± 24,7 25,8 ± 4,4

0.3-N-6-30 104,1 ± 71,1 215,1 ± 52,3 73,5 ± 31,0 302,2 ± 48,6 19,4 ± 13,1

0.3-N-6-45 126,1 ± 87,3 215,2 ± 59,4 164,1 ± 69,3 319,2 ± 130,3 29,9 ± 19,7

0.5-H-6-30 108,1 ± 52,4 205,0 ± 11,1 61,7 ± 5,0 355,1 ± 19,8 19,9 ± 9,3

0.5-H-6-45 97,4 ± 17,9 210,9 ± 37,7 147,6 ± 39,8 260,7 ± 18,6 22,9 ± 2,3

0.5-N-6-30 124,5 ± 47,7 224,3 ± 8,9 65,0 ± 28,2 326,9 ± 25,4 20,9 ± 4,6

0.5-N-6-45 127,7 ± 25,1 228,2 ± 36,6 267,9 ± 145,3 386,2 ± 42,4 25,1 ± 8,6

Controls

0-H-2-45 139,7 ± 18,1 268,2 ± 18,7 132,7 ± 18,1 331,1 ± 67,3 28,1 ± 6,2

0-N-2-45 142,5 ± 46,0 246,2 ± 5,8 151,2 ± 52,7 245,3 ± 37,3 24,6 ± 8,1

0-H-6-45 105,8 ± 11,3 231,2 ± 44,7 89,1 ± 18,4 343,3 ± 73,1 16,6 ± 0,5

0-N-6-45 92,3 ± 38,6 202,2 ± 43,7 63,0 ± 38,0 298,7 ± 90,6 16,5 ± 8,2

V-0.5-N-6-45 100,1 ± 44,4 166,6 ± 35,9 64,1 ± 54,9 187,1 ± 36,5 19,1 ± 6,8

V-0.3-N-6-45 103,7 ± 41,1 182,6 ± 30,6 55,0 ± 3,5 236,3 ± 69,4 18,5 ± 6,5

N-0.5-N-6-45 104,6 ± 37,9 223,0 ± 96,7 72,4 ± 41,1 303,0 ± 160,9 17,7 ± 4,8

N-0.3-N-6-45 138,1 ± 21,2 233,0 ± 36,6 43,2 ± 21,1 307,0 ± 99,2 20,3 ± 3,1

Homogenized biomass 102,7 ± 55,6 207,7 ± 33,4 260,8 ± 159,5 371,2 ± 27,3 22,6 ± 8,0

β-caroteneLutein Pheophytin Chlorophyll b Chlorophyll a
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Abstract: 11 

Microalgae are promising source for new functional food products, due to their ability to 12 

synthesize various bioactive compounds. Intensity and spectral distribution of light affect 13 

metabolic processes in microalgae, which consequently affects the accumulation of these 14 

bioactive compounds. The aim of this study was to investigate the effect of light intensity, 15 

wavelength range of LED and UVB exposure on the content of fatty acids, carotenoids and α-16 

tocopherol in four microalgal species: Arthrospira maxima, Chlorella minutissima, 17 

Rhodomonas salina and Nannochloropsis oceanica. Different light regimes (3 levels of light 18 

intensity – 100, 400 and 800 µmol photon/m2/s; 3 monochromatic LEDs – blue, red and green; 19 

and UVB exposure at the dose 3 kJ/m2/day) were applied after microalgae reached their late-20 

exponential growth phase, in order to investigate potential factors that might trigger the 21 

accumulation of those high-value compounds. The light intensity of 400 µmol photon/m2/s 22 

mostly favoured carotenoid production, while 800 µmol photon/m2/s favoured lipid and α-23 

tocopherol accumulation. Rhodomonas salina demonstrated increase by ~10% in the relative 24 

content of omega-3-fatty acids after UVB exposure. Illumination of C. minutissima by green 25 

LED resulted in considerable levels of carotenoids and α-tocopherol, 6.2 ± 0.2 mg/g DM and 26 

673 - 677 µg/g DM, respectively. Red light significantly enhanced PUFAs synthesis in R. 27 

salina, with nearly doubled portion of EPA (8.8 ± 0.3 % of total FA) compared to the control, 28 

whereas green light enhanced accumulation of α-tocopherol twenty-fold. Acquired data 29 

suggested that microalgal cells with unique physiology could be produced by tailoring light 30 

quality and quantity. 31 

 32 

Key words: Light-emitting diodes, wavelengths, UV light, eicosapentaenoic acid, pigments 33 
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1. Introduction 34 

Microalgae are photosynthetic organisms that are able to synthesis bioactive compounds, such 35 

as lipids, proteins and pigments, by utilizing light energy, CO2, water and nutrients. 36 

Photosynthesis in microalgae can be driven by sunlight or artificial light. Even though sunlight 37 

is considered as a low-cost energy source, artificial light may have an advantage when biomass 38 

is used for production of high-value products (e.g., carotenoids and omega-3-fatty acids). The 39 

main advantage in use of artificial light is the better regulation of the photosynthetic photon 40 

flux density (PPFD) and light spectra, which may results in better biomass quality and 41 

productivity (Blanken et al. 2013). Intensity and spectral distribution of light affects the 42 

nutrients uptake and its metabolism. Therefore, light quality and quantity can be manipulated 43 

during the growth in order to trigger accumulation of targeted compounds (Minhas et al. 2016).  44 

Carotenoids are naturally occurring pigments that cannot be synthesized in humans and 45 

therefore must be ingested via food or supplementation. Carotenoids containing only carbon 46 

and hydrogen atoms are called carotenes, whereas xanthophylls contain also oxygen atoms 47 

(Takaichi et al. 2011).  They are beneficial to human health, mainly due to their antioxidant 48 

effect, and they are often used as natural colorants in food and cosmetic products. One of the 49 

most known carotenoids with high market potential are α- and β-carotene that have a pro-50 

vitamin A function, as well as lutein and astaxanthin, which are also important for healthy 51 

vision in humans (Minhas et al. 2016; Eggersdorfer and Wyss 2018). Approximately 200 52 

different carotenoids can be found in microalgae even though many of them are quite rare, and 53 

can be found just in a number of species. Roughly 30 of them have functions in photosynthesis 54 

as accessory pigments (primary carotenoids), while others act like intermediates of 55 

carotenogenesis (secondary carotenoids) (Takaichi et al. 2011). The main function of 56 

carotenoids in microalgae is light harvesting and transfer of the light energy to chlorophylls. 57 

They improve light utilization efficiency, due to the expansion of the absorption spectrum. 58 

Carotenoids also act as protective compounds under unfavourable conditions by protecting the 59 

cell from photo-oxidation, especially in light saturated conditions (Takaichi et al., 2011).  60 

Besides carotenoids, tocopherols play an important antioxidative role in microalgae. α-61 

tocopherol is considered to be the only tocopherol with high biological activity in humans 62 

(EFSA, 2015). Only photosynthetic organisms have the ability to produce α-tocopherol as its 63 

major function is protection of cell membranes against photo-oxidative damage. α-tocopherol 64 

is being widely used as preservative in food and cosmetic, and in humans it is important for 65 

the prevention of photo-induced skin and eye damage (Podhaisky and Wohlrab 2002).  66 
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Fatty acids biosynthesis is one of the primary pathways of cellular metabolism in microalgae. 67 

The accumulation and composition of fatty acids will depend on the strain, growth stage, and 68 

abiotic factors during the growth (Harwood 2005). Microalgae produce lipids in the form of 69 

structural lipids (mainly phospholipids and glycolipids) and storage lipids (neutral lipids such 70 

as triglycerides (TAGs)). Polyunsaturated fatty acids (PUFAs) are the main constituent of 71 

structural lipids, securing the membrane build-up and good flow properties. Nutritionally, 72 

omega-3-fatty acids, eicosapentaenoic acid (EPA, 20:5) and docosahexaenoic acid (DHA, 73 

22:6) are considered to be the most important fatty acids, due to an array of benefits to human 74 

health, because of their molecular structure with many double bonds (Swanson et al., 2012).  75 

EPA and DHA are only found in raw materials from the marine environment. Many consumers 76 

do not eat enough seafood and some consumers prefer to get EPA and DHA from dietary 77 

supplements or fish oil enriched foods. Supplements and fish oil used for enrichment of foods 78 

are made from fish species such as sardines, anchovies and sand eel (Einarsson et al., 2019). 79 

The production of fish oil from these sources cannot be increased due to sustainability issues. 80 

Therefore, there is a need for new sustainable alternative sources such as microalgae.   81 

Compared to other artificial lights, light-emitting diodes (LEDs) have a long life cycle, low 82 

heat generation and high conversion efficiencies. Due to their narrow spectral emission, 83 

exposure of microalgae cultures to LEDs can result in maximum light absorption and high 84 

energy to biomass conversion efficiencies, as well as an adequate manipulation of microalgal 85 

biomass composition (Blanken et al., 2013). It has been reported that shorter wavelengths (e.g. 86 

blue and green light) deliver more energy, which may cause photo-inhibition (Das et al., 2011). 87 

Opposite of that, longer wavelengths (e.g. red light) may alleviate the effect of photo-88 

inhibition, and result in higher growth rates (Markou, 2014). Accordingly, a number of studies 89 

have addressed that there are optimum wavelengths supporting high productivities and 90 

favorable composition for different microalgal species (Das et al., 2011; Chen et al., 2013; 91 

Mooij et al., 2016). However, often contradictory results have been obtained about the 92 

influence of specific wavelength regions of LED on microalgal biomass composition (Schulze 93 

et al., 2014). In addition, different cultivation conditions applied among the studies made it 94 

difficult to compare their outcomes.  95 

There is a number of studies investigating effects of UV radiation on microalgae. Most of the 96 

research focuses on investigating adverse effects of UV radiation on physiological changes of 97 

cells in their natural habitat (Jin et al. 2017). Another part of the studies focuses on application 98 

of high UV doses in order to trigger spontaneous genetic mutations, and obtain improved 99 

microalgae strains (Moha-León et al., 2019). Apart from that, UV was also investigated, to a 100 
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smaller extent,  as a stress factor for triggering accumulation of lipids, carotenoids, PUFAs and 101 

other metabolites, as well as for enhancing cell lysis and lipid extraction (Sydney et al. 2018; 102 

Guiheneuf et al. 2010; Tian et al. 2009). In our previous study, we have demonstrated that 103 

exposing microalgae Nannochloropsis oceanica to UVB radiation during growth triggers 104 

production of vitamin D3 (Ljubic et al., 2020). UVB clearly affected vitamin D production but 105 

also production of other bioactive compounds, which has not been thoroughly discussed. 106 

Therefore, the aim of this study was to investigate the effect of light intensity, wavelength 107 

range of LED and UVB exposure on the content of fatty acids, carotenoids and tocopherols, 108 

without compromising microalgal density. Different treatments were applied after microalgae 109 

reached their late-exponential growth phase, in order to investigate potential factors that might 110 

trigger the accumulation of these high-value compounds. Four microalgal species from 111 

different families were selected: Arthrospira maxima (Cyanophyta), Chlorella minutissima 112 

(Chlorophyta), Rhodomonas salina (Cryptophyta) and Nannochloropsis oceanica 113 

(Eustigmatophyta), since they could have differences in the mechanisms for transmitting the 114 

carbon flux between biosynthetic pathways. Effect of applied light treatments on the 115 

production of bioactive compounds such as fatty acids, carotenoids and α-tocopherol was 116 

evaluated for each of the tested species, and the patterns of biochemical composition of the 117 

microalgal biomasses were discussed.  118 

 119 

2. Materials and methods 120 

2.1. Microalgal production  121 

Four microalgal species were obtained and cultivated: Arthrospira maxima (SAG 84.79, 122 

Culture Collection of Algae, Göttingen, Germany), Chlorella minutissima (UTEX 2219, Utex 123 

Culture Collection of Algae, University of Texas, Austin, USA), Rhodomonas salina (DTU 124 

Aqua, Technical University of Denmark, Lyngby, Denmark) and Nannochloropsis oceanica 125 

(NIVA 2/03, Norwegian Institute for water research, Oslo, Norway). The inoculum was 126 

prepared in Guillard F/2 medium (Guillard 1962) for marine species R. salina and N.oceanica, 127 

Zarrouk medium (Zarrouk 1966) was used for cultivation of A. maxima, and Walne´s medium 128 

(Walne, 1970) for cultivation of C. minutissima.  129 

The cultivations were carried out using 5 L GS Schott bottles. The cultures were aerated with 130 

sterile air at the temperature 22±1 °C and pH 7.5±0.5, except for A. maxima where pH was 131 

9.5±0.5. pH monitoring was performed by Milwaukee MC-122-pH controller (Milwaukee 132 

Electronics, Szeged, Hungary) equipped with a solenoid valve to control CO2 injection. The 133 

standard white LED light with the color temperature of 4000 K (SunFlux A/S, Glostrup, 134 
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Denmark) was provided at the intensity of 150 µmol photon/m2/s measured on the outer side 135 

of the bottle; Universal Light Meter ULM-500, Heinz Walz GmbH, Effeltrich, Germany). The 136 

cultivation was carried out until the cultures reached their late-exponential growth phase (final 137 

biomass concentration was 1.6 g/L for A. maxima, 1.5 g/L for C. minutissima, 1.3 g/L for R. 138 

salina and 1.4 g/L for N. oceanica) after which following treatments were applied: 139 

Experiment 1: Exposure to the three different light intensities 140 

The cultures of each species were separated into three 2 L GS Schott bottles and were exposed 141 

to white LED light (4000 K) at the intensity of either 100 µmol photon/m2/s, 400 µmol 142 

photon/m2/s and 800 µmol photon/m2/s for 7 days. 143 

Experiment 2: Exposure to four different LED colors 144 

The cultures of each species were separated into four 2 L GS Schott bottles and each bottle 145 

exposed to different LED lights of either: Blue (450-500 nm), green (520-565 nm) red (625-146 

750) and white, which is composed of multi-chromatic wavelengths, at the intensity of 100 147 

µmol photon/m2/s over 7 days. 148 

Experiment 3: Exposure to the UVB light 149 

Cultures of each species were transferred from 5 L GS Schott bottles into transparent, 150 

rectangle-shaped, plastic containers (25 cm x 15 cm x 20 cm) in order to increase the surface 151 

of the culture during the UVB exposure. The cultures were exposed to UVB light from above 152 

3 hours per day, for 7 days, which corresponds to UVB dose of 3 kJ/m2/day. UVB lamps (D3
+ 153 

UV Flood DESERT, 24 W tubes, Arcadia, United Kingdom) with its main wavelength at 154 

312 nm were used. For quantification of UVB irradiance dose given to the microalgal cultures 155 

a handheld ILT 1400-BL photometer equipped with a SEL005/TLS312/TD detector 156 

(International Light Technologies, Peabody, MA, USA) was used within the 10 cm distance 157 

from the surface of the microalgal culture to the light source.  158 

2.2. Sampling 159 

In order to separate the biomass, samples were centrifuged (refrigerated centrifuge, IEC 160 

Centra-GP8R, Buckinghamshire, England) at 8,000 g for A. maxima, 6,000 g for N. oceanica 161 

and C. minutissima and 4,000 g for R. salina. Corresponding g force was selected based on the 162 

separation efficiency for each of the species while preserving the cell structure. Harvested 163 

biomass was washed, freeze-dried (Beta 1-8, Martin Christ GmbH, Osterode, Germany) and 164 

stored at -40 °C until analysis within 3 months. 165 

2.3. Biochemical analysis 166 

Total lipid content 167 
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Lipid extraction was carried out according to Bligh & Dyer method (1959), with a reduced 168 

amount of solvent (30 mL of each). Approximately 1 g of the freeze-dried microalgal biomass 169 

was weighted into extraction glass. Extraction was performed by subsequent addition of 170 

methanol, chloroform and water while mixing. In order to separate phases, methanol/water and 171 

chloroform/oil, samples were centrifuged at 1,400 g for 10 min. Bligh & Dyer extracts were 172 

used for analyses of the total lipid content and fatty acid composition. Determination of total 173 

lipid content was done by weighing approximately 15 g of extract in beakers and keeping it 174 

overnight in a fume hood in order to evaporate chloroform, and weighing the lipids remaining.  175 

Fatty acids 176 

Fatty acid (FA) profile was determined based on the American Oil Chemist´s Society (AOCS) 177 

official method Ce 1i-07 (Firestone, 2009) with slight modifications. Approximately 3 g of 178 

Bligh & Dyer extract was weighted in methylation glass tube, and dried under the stream of 179 

nitrogen. A mixture of 100 μL of internal standard solution (C23:0), 100 μL of toluene and 180 

200 μL of heptane with butylated hydroxytoluene (BHT) was added to the dry extract. 181 

Methylation was performed in a microwave oven (Microwave 3000 SOLV, Anton Paar, 182 

Ashland, VA, USA) for 10 min at 100 °C and power of 500 watts. Afterwards, 0.7 mL of 183 

heptane and 1 mL of saturated salt water (0.36 g NaCl/g H2O, at 20°C) were added to the 184 

methylation glass. The upper phase (heptane) was transferred into GC vials and analyzed by 185 

gas chromatography (HP-5890 A, Agilent Technologies, Santa Clara, CA, USA). Fatty acid 186 

methyl esters were separated by the GC column Agilent DB wax 127-7012 (10 m x 100 μm x 187 

0.1 μm; Agilent technologies, Santa Clara, CA, USA). Standard mix of fatty acids methyl esters 188 

(Nu Check Prep 68D, Elysian, MN, USA) was used for fatty acid identification. Fatty acids 189 

were reported as area % of total fatty acids.  190 

Pigments 191 

Pigment analysis was performed according to the method described by Safafar et al. (2015). 192 

Approximately 30 mg of the freeze-dried microalgal biomass was weighted in a 10 ml 193 

centrifugation tube. Methanol containing the antioxidant butylated hydroxytoluene (BHT) as 194 

internal standard was added to the tube with the sample, and placed in a sonication bath (Buch 195 

& Holm A/S, Herlev, Denmark) for 15 min at 5 ± 2 °C in order to extract pigments. Extraction 196 

was repeated three times and extracts were collected subsequently. Pigment analyses were 197 

performed by HPLC using Agilent 1100 Liquid Chromatograph with DAD 400-700 nm (Santa 198 

Clara, CA, USA). Separation was carried out on a Zorbax Eclipse C8 column (150 mm x 46 199 

mm). The mobile phase was a mixture of 70% methanol + 30% of 0.028 M tertiary butyl 200 

ammonium acetate in water, used for gradient elution as described by Safafar et al. (2015), at 201 
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the flow rate of 1.1 mL min-1, and a run time of 40 min. DHI pigment standard mix (DHI LAB 202 

Products, Horsholm, Denmark) was used for identification of peaks, of which 18 of different 203 

carotenoids can be detected and 4 chlorophylls. Calibration curves are constructed for the 204 

standards and used for pigment quantification. BHT was detected at 222 nm, while detection 205 

of chlorophylls and carotenoids was carried out at 665 nm and 440 nm, respectively. Pigments 206 

were reported as mg/g dry weight (DW).  207 

Tocopherols 208 

For determination of tocopherols approximately 1 g of Bligh & Dyer extract was weighted in 209 

a glass tube. Extracts were evaporated to dryness under a stream of nitrogen and kept protected 210 

from the light. Dry extracts were re-dissolved in a solution of 2-propanol:n-heptane 211 

(0.5:99.5, v/v). The mixture was filtered by 0.22 μm polytetrafluoroethylene (PTFE) syringe 212 

filter and 20 μL of filtrate was injected to HPLC. Extraction, detection and quantification was 213 

performed based on the AOCS official method as (Firestone, 2009) using an Agilent 1100 214 

Liquid Chromatograph equipped with a fluorescence detector Agilent technologies (Santa 215 

Clara, CA, USA), with the excitation wavelength set at 290 nm and emission wavelength at 216 

330. The separation was carried out in isocratic mode using a Spherisorb silica column (150 217 

mm x 46 mm). Mobile phase was a mixture of 2-propanol: n- heptane (0.5:99.5, v/v). 218 

Identification and quantification was performed by using tocopherol standards and their 219 

calibration curves (Calbiochem, Merck Millipore, Massachusetts, USA). Tocopherol content 220 

was expressed as μg/g DW. 221 

2.4. Statistical analysis 222 

Cultivation experiments were performed in either duplicates or triplicates. The results are given 223 

as the mean ± standard deviation (SD), except for experiment performed in duplicates where 224 

pooled standard deviation (pSD) was determined in order to increase the statistical weight. For 225 

non-homogenous set of data (tocopherol content), the results were given as a range. One-way 226 

analysis of variance (ANOVA) was used to determine significant difference in the growth rate, 227 

and the content of pigments, fatty acids and tocopherols between the treatments of the same 228 

species. The Tukey’s post hoc test was used to detect significant differences between groups 229 

where p-values ˂0.05 were considered significant. The Statgraphics Centurion 18 software 230 

(Statpoint Technologies, Inc., USA) was used for the statistical analyses.  231 

 232 

3. Results 233 

Four microalgal species were cultivated at three different light intensities and the effect of the 234 

light intensity on the lipid content, fatty acids, pigments and tocopherols was evaluated (Fig 1, 235 
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Table 1). As expected, significant increase of the lipid content was observed at 800 µmol 236 

photon/m2/s for all the species except for R. salina, where the significant increase in the lipid 237 

content was observed already at 400 µmol photon/m2/s followed by further increase at 800 238 

µmol photon/m2/s. The relative content of PUFAs decreased gradually with the increase of 239 

light intensity in all of the tested species except for C. minutissima where, surprisingly, the 240 

opposite trend was observed. The relative content of PUFAs in C. minutissima increased more 241 

than 15% between light intensity of 100 to 800 µmol photon/m2/s. The relative content of 242 

PUFA increased from 41.3 ± 1.0% of total FA to 49.3 ± 1.0% of total FA, whereas the MUFA 243 

content decreased from 24.3 ± 1.0% of total FA to 19.1 ± 1.0% of total FA, when comparing 244 

cultures cultivated at 100 µmol photon/m2/s and 800 µmol photon/m2/s, respectively. The 245 

content of SAFA showed no significant difference among the treatments. The dominant PUFA 246 

of C. minutissima was the essential fatty acid, α-linolenic acid (18:3(n-3)) (ALA), accounting 247 

for 22.3 ±.0.7% of total FA. The major PUFA in N. oceanica was EPA (20:5(n-3)), 33.9 ± 248 

0.6% of total FA, whereas R. salina contained both EPA and DHA (22:6(n-3)), 8.3 ± 0.3% of 249 

total FA and 5.5 ± 0.3% of total FA, respectively (Online source, Table S1). Microalgae C. 250 

minutisima, R. salina and N. oceanica showed significant decrease in concentration of 251 

carotenoids when cultivated at 800 µmol photon/m2/s, compared to 100 and 400 µmol 252 

photon/m2/s. On the other hand, A. maxima showed significant increase in the carotenoids 253 

content both by increasing the light intensity to 800 µmol photon/m2/s and by decreasing the 254 

light intensity to 100 µmol photon/m2/s, when both light intensities were compared to 255 

400 µmol photon/m2/s.  256 

 257 

 258 
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 259 

*pSD (lipids) = ± 1.5; pSD (PUFAs) = ± 1; pSD (carotenoids) = ± 0.5  260 

Fig 1 Lipid content (% DW), PUFAs (% of total FA) and carotenoid content (mg/g DW) of 261 

four microalgae species cultivated under three different light intensities (800, 400 and 262 

100 µmol photon/m2/s), n = 2 263 

 264 

Content of α-tocopherol in tested microalgae is shown in Table 1. All the species contained 265 

only α-tocopherol, except C. minutissima that also contained very low concentrations of γ-266 

tocopherol. Nannochloropsis oceanica showed significant increase in the content α-tocopherol 267 

with the increase of light intensity, whereas A. maxima showed significant increase only when 268 

cultivated at 800 µmol photon/m2/s, compared to 100 and 400 µmol photon/m2/s. There was 269 

no significant difference in the α-tocopherol content across different light intensities in C. 270 

minutissima. The same pattern showed R. salina, which contained very low levels of α-271 

tocopherol. 272 

 273 

Table 1. Content of α-tocopherol (µg/g DW) in microalgae cultivated under three different 274 

light intensities. Values are expressed as a range, n = 2. Different letters in the same column 275 

represent significant differences (p ˂ 0.05). 276 

Light intensity  

(µmol photon/m2/s) 
A. maxima C. minutissima R. salina N. oceanica 

100 103 - 141b 579 - 769a 9 - 17a 242 - 313c   
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400 91 - 111b 557 - 710a 11 - 13a 731 - 1072b 

800 255 - 265a  902 - 1130a  9 - 13a 1252 - 1307a 

 277 

Fig 2 shows the relation between the light intensity, measured at the most shaded point of the 278 

A. maxima culture (center of the cultivation vessel, 7 cm from the light exposed sides), and 279 

biomass accumulation. The light availability decreased rapidly for all three applied light 280 

intensities, and at day 4, all the cultures showed almost no light penetration to the center of the 281 

culture. Even though biomass accumulation was increasing over time, there was no significant 282 

difference in the biomass accumulation between 400 and 800 µmol photon/m2/s, except at day 283 

7, where biomass accumulation at 800 µmol photon/m2/s was significantly lower compared to 284 

400 µmol photon/m2/s.  285 

 286 

 287 

Fig 2 Light intensity measured in the center of the culture (presented with the marked lines) 288 

and biomass accumulation (optical density at 750 nm) (presented with the columns) of 289 

A. maxima cultivated at three different light intensities (800, 400 and 100 µmol photon/m2/s). 290 

The standard deviations are presented as bars (n = 3). 291 

 292 
Besides white LED at different intensities, microalgal cultures were exposed to relatively low 293 

UVB doses (3 kJ/m2/day) in order to evaluate if UVB exposure will affect accumulation of 294 

lipids, PUFAs, carotenoids or α-tocopherol. To put the applied UVB dose into perspective, 295 

Tian et al. (2009) was using UVB dose of 8.8 kJ/m2/day for exposing Dunaliella salina culture 296 

in order to mimic the natural UVB dose provided during summer with a clear sky in eastern 297 
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China. The content of total lipids, PUFAs, carotenoids and α-tocopherol, in UVB exposed 298 

microalgae, is shown in Table 2. The total lipid content significantly increased in the UVB 299 

exposed cultures of R. salina and N. oceanica, whereas A. maxima showed no significant 300 

difference in the lipid content. The relative content of PUFAs in A. maxima and R. salina 301 

showed no significant difference after UVB exposure, which indicates presence of UVB 302 

protection mechanisms. Interestingly, even if there was no significant variation in the relative 303 

content of PUFAs in R. salina, the relative content of beneficial omega-3-fatty acids (composed 304 

of EPA, DHA and ALA) increased significantly after UVB exposure, from 22.1% to 25.3% of 305 

total FA. On the other hand, the relative content of PUFAs in N. oceanica decreased 306 

significantly, from 27.1 ± 1.0% to 24.3 ± 1.0% total FA, while the SAFAs content significantly 307 

increased, from 37.2 ± 1.0% to 39.8 ± 1.0% total FA (Online source, Table S2). Microalgae C. 308 

minutissima was not able to tolerate UVB exposure, which resulted in biomass aggregation 309 

followed by cell death. Carotenoid content in A. maxima showed no significant difference 310 

before and after UVB exposure. On the contrary, N. oceanica showed significant decrease upon 311 

UVB exposure, by 10%, whereas R. salina showed increase in the content of carotenoids by 312 

~20%. Similarly, A. maxima and N. oceanica showed significant decrease in the content of α-313 

tocopherol after UVB exposure, whereas R. salina showed no significant difference.  314 

 315 

Table 2. Content of PUFAs (% of total FA), carotenoids (mg/g dry matter) and α-tocopherol 316 

(µg/g DW) in microalgae with and without UVB exposure. Values are expressed as mean, n=2. 317 

Different letters in the same column for a certain set of data (with and without UVB) represent 318 

significant differences (p ˂ 0.05). 319 

 
UVB 

exposed 
A. maxima R. salina N. oceanica 

Lipid content (% DM) 
- 5.3a 16.2b 18.6b 

+ 5.9a 21.1a 24.0a 

PUFAs (% of total FA) 
- 44.5a 54.7a 27.1a 

+ 44.4a 55.0a 24.3b 

Carotenoids (mg/g DM) 
- 2.4a 5.5b 7.4a 

+ 2.7a 6.7a 6.7b 

α-tocopherol (µg/g DM) 
- 81 - 84a 7 - 13a 231 - 251a 

+ 26 - 38b 15 - 17a 41 - 84b 

*SDp (lipids) = ± 1.7; SDp (PUFAs) = ± 1.0; SDp (carotenoids) = ± 0.2 320 
 321 
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Cultures of A. maxima, C. minutissima, R. salina and N. oceanica were exposed to different 322 

LED lights - blue, red, green and white in their late-exponential growth phase, in order to 323 

evaluate effects on synthesis of fatty acids, carotenoids and α-tocopherol. Figure 3 illustrates 324 

relative content of SAFAs, MUFAs and PUFAs under different colored LEDs in each of the 325 

four microalgal species. Fatty acid composition of A. maxima showed no significant difference 326 

after illumination by different colored LEDs. The relative content of PUFAs in C. minutissima 327 

was significantly lower under red light, whereas there was no significant difference under blue, 328 

green or white LED. On the contrary, R. salina showed significant increase in PUFA content 329 

under red light, ~8% higher compared to white light, and ~15% higher compared to blue and 330 

green light. As mentioned earlier, the major PUFAs of R. salina are omega-3-fatty acids ALA 331 

and EPA. The relative content of ALA and EPA under red light was 20.2 ± 0.3% and 8.8 ± 332 

0.3%, whereas the content under white light was 13.4 ± 0.3% and 4.9 ± 0.3%, respectively 333 

(Online source, Table S1). In contrast to PUFAs content of R. salina, the relative content of 334 

SAFAs was the highest under blue light, and lowest under red light. Different pattern was 335 

observed in N. oceanica, where the highest relative PUFA content was observed under blue 336 

light, followed by red ˃ white or green light.  337 

 338 

 339 

*SDp = ± 1.9 340 

Fig 3 Relative concentrations (% of total FA) of fatty acids groups among different microalgae 341 

cultivated under colored LED lights. Different letters above the bars represent significant 342 

differences in the fatty acid content of the same fatty acid group for each species (p ˂ 0.05), n 343 

= 2.  344 

The content of carotenoids and α-tocopherol in microalgae exposed to different colored LEDs 345 

is shown in Table 3. The highest carotenoid content of A. maxima was observed under white 346 
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light, followed by blue light. β‑carotene constituted  approximately 50% of all carotenoids 347 

determined in A. maxima, which means that white light favors production of β‑carotene in A. 348 

maxima (Online source, Table S3). It was previously reported, that the highest protein content, 349 

which accounted for more than 50 % DW in A. maxima, was obtained under white light 350 

(Markou 2014). Therefore, even though A. maxima has a generally low content of lipids and 351 

carotenoids per cell, it is considered as an advantage that white light favors also production of 352 

lipid (40% more lipids compared to cultures illuminated by individual colored LEDs; data not 353 

shown) and carotenoids. The carotenoid content in R. salina reached maximum accumulation 354 

under green light, whereas there was no significant difference across other LEDs.  The major 355 

carotenoid in R. salina was alloxanthin, accounting for more than 70% of total carotenoids 356 

(Online source, Table S3). Interestingly, illumination by green light also triggered synthesis of 357 

α-tocopherol in R. salina, where considerable amounts were detected, 220 - 306 µg/g DW, 358 

compared to the R. salina cultures illuminated by blue, red and white light, where α-tocopherol 359 

content was 3-18 µg/g DW. Similarly, C. minutissima showed the highest carotenoid content 360 

under green light followed by white ˃ red ˃ blue light. Substantial amounts of α-tocopherol 361 

were also observed in C. minutissima under green light, 660 - 673 µg/g DW. For N. oceanica, 362 

the most favorable light for carotenoid accumulation was red followed by green ˃ white ˃ blue 363 

light. There was no significant difference in the content of β‑carotene, which means that 364 

variation in the content of carotenoids is a result of variation in the content of various 365 

xanthophylls. Content of α-tocopherol in N. oceanica was significantly lower at white LED 366 

compared to blue, red and green LEDs. 367 

 368 

Table 3. Content of carotenoids (mg/g DW) and α-tocopherol (µg/g DW) of microalgae 369 

cultivated under different colored LED light. Values for carotenoid content are expressed as 370 

mean and for α-tocopherol as a range, n = 2. Different letters in the same row represent 371 

significant differences (p ˂ 0.05). 372 

  Blue  Red  Green White 

Carotenoids 

(mg/g DW) 

A. maxima 1.4b 0.7c 0.8c 2.3a 

C. minutissima 4.1c 5.2b 6.2a 5.4b 

R. salina 4.8b 5.2b 7.1a 5.5b 

N. oceanica 7.0c 8.8a 7.6b 7.4bc 

α-tocopherol 

(µg/g DW) 

A. maxima 101 - 127a 103 - 165a 58 - 65b 55 - 62b 

C. minutissima 353 - 387d 470 - 493b 660 - 673a 465 - 483b 
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R. salina 13 – 18b 3 - 5c 220 - 306a 10 - 12b 

N. oceanica 379 - 562a 311 - 318a 406 - 579a 231 - 250b 

*SDp (carotenoids) = ± 0.2 373 

 374 

4. Discussion 375 

4.1.Fatty acids, pigments and tocopherols in response to light intensity 376 

Lipid accumulation under high light intensities is a result of efficient consumption of excess 377 

photo-assimilates in order to prevent photo-oxidative damage under stress (Singh et al. 2016). 378 

In this study, significant increase in the lipid content was observed at light intensity of 800 379 

µmol photon/m2/s (Fig 1). Pal et al. (2011) reported that Nannochloropsis sp. produced the 380 

highest lipid content (47% DW) when cultivated at 700 µmol photon/m2/s. In this study lipid 381 

content of N. oceanica was 32% DW at 800 µmol photon/m2/s. However, applying different 382 

cultivation conditions in different studies makes the direct comparison difficult. In contrast to 383 

the lipid content, the relative content of PUFAs decreased with the increase of light intensity. 384 

Often the optimal light intensity for high PUFA content does not positively correlate with the 385 

high lipid, carotenoid or tocopherol production as their accumulation is commonly triggered 386 

by environmental stress (Gong and Bassi, 2016). Marine species, N. oceanica and R. salina, 387 

showed significant decrease in the relative portion of EPA by increasing the light intensity 388 

(decrease by 65% and 50% at 800 µmol photon/m2/s, respectively), most likely due to the 389 

increased synthesis of SAFA and MUFA that are building blocks of storage lipids (TAGs). 390 

However, degradation of PUFAs cannot be ruled out. Long chain PUFAs are the principal 391 

component of the cells membranes, and they are more sensitive towards oxidation, due to the 392 

presence of double bonds. Nzayisenga et al. (2020) previously reported high content of PUFA 393 

under low light intensity, and greater accumulation of saturated fatty acids under high light 394 

intensity. Surprisingly, the opposite trend was observed in C. minutissima (increase in PUFAs 395 

by 15% between light intensity of 100 to 800 µmol photon/m2/s), which suggests the possibility 396 

of depositing PUFAs in TAGs under environmental stress. Usually microalgae cells do not 397 

tend to deposit long chain PUFAs in TAGs under stress, but in some species it has been 398 

reported differently, e.g. arachidonic acid (ARA) in the microalga Parietochloris incisa 399 

(Bigogno et al. 2002) and EPA and ARA in Porphyridium cruentum (Cohen 1990). 400 

Light regime strongly influences carotenogenesis. At low light intensities, the need for more 401 

light harvesting molecules increases so that the greater absorption cross-section is ensured. 402 

Besides chlorophylls, carotenoids also have the ability to harvest light and transfer that energy 403 

to chlorophylls. Therefore, microalgae adjust to low light intensities by incorporating a higher 404 
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concentration of light-harvesting pigments. Under high light intensities some of the carotenoids 405 

tend to degrade (mostly primary carotenoids), while some tend to accumulate to a certain extent 406 

as a protection against cell damage (Sun et al., 2018). Content of β-carotene (primary 407 

carotenoid) in R. salina significantly increased from 520 ± 21 µg/g DW to 655 ± 21 µg/g DW, 408 

when light intensity was increased from 100 µmol photon/m2/s to 400 µmol photon/m2/s. 409 

However, after increasing the light intensity to 800 µmol photon/m2/s, the content of β-carotene 410 

decreased significantly to 303 ± 21 µg/g DW, which indicates that the accumulation of β-411 

carotene occurs up to a certain stress level, after which it might decompose (Online source, 412 

Table S3). Similar pattern was observed in both C. minutissima and N. oceanica. β-carotene 413 

showed decrease in the content at 800 µmol photon/m2/s across all the species, however, 414 

besides that, there was no common pattern among the content of individual pigments, which 415 

indicates that microalgal response to light intensity is very species dependent. Photosynthesis 416 

occurs at both low and high light intensity, however, at low intensity it generates fewer oxygen 417 

radicals, whereas at high intensity the surplus energy, that the cells were not able to utilize, 418 

activates more oxygen molecules that might lead to the formation of secondary carotenoids, 419 

such as astaxanthin (Sun et al., 2018). This might explain the increase in the astaxanthin levels 420 

in A. maxima and C. minutissima, which increased by 14% and 29%, respectively, after 421 

increasing the light intensity from 100 µmol photon/m2/s to 800 µmol photon/m2/s (Online 422 

source, Table S3).  423 

In microalgae, tocopherols protect membranes against photo-oxidative damage by scavenging 424 

free radicals (Takaichi et al., 2011). Therefore, it can be assumed that the tocopherol synthesis 425 

in microalgae can be enhanced by increasing the light intensity. α-tocopherol content 426 

significantly increased in A. maxima and N. oceanica after increasing the light intensity from 427 

400 to 800 µmol photon/m2/s. Microalgae at the light-exposed side absorb the light energy 428 

supplied to the culture, reducing the light availability in the inner parts of the culture. Therefore, 429 

during microalgal growth, supplied light energy is absorbed in a relatively small volume 430 

fraction on the light-exposed side. As the culture´s density increases, the light penetration 431 

decreases, which causes self-shading effect. Fig 2 shows that illumination by 800 µmol 432 

photon/m2/s caused light oversaturation and photosynthetic inhibition due to the self-shading 433 

effect, which also explains the increase of lipids, carotenoids and α-tocopherol in A. maxima 434 

culture exposed to light intensity of 800 µmol photon/m2/s. However, increasing the light 435 

intensity from 100 to 400 µmol photon/m2/s did not have significant effect for any of the 436 

species except N. oceanica, for which a significant increase in the content of α-tocopherol was 437 

observed. Different patterns observed emphasize once again physiological differences among 438 
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different species, different photoprotective capacity and their individual metabolic response to 439 

environmental stress. Furthermore, N. oceanica and C. minutissima produced considerably 440 

high levels of α-tocopherol when exposed to high light intensities, 1252 - 1307 µg/g DW and 441 

902 - 1130 µg/g DW, respectively, which suggests these species as a rich alternative source of 442 

this natural antioxidant. For comparison, sunflower oil, which is considered as one of the 443 

richest dietary sources of vitamin E, contains 497 ± 35 µg α-tocopherol per gram of oil (Grilo 444 

et al. 2014).  445 

 446 
4.2. Effect of UVB exposure on variation in PUFA, carotenoids and tocopherol content  447 

UVB may significantly affect production of bioactive compounds in microalgae as 448 

demonstrated in our previous work where exposure to UVB triggered production of vitamin 449 

D3 in N. oceanica (Ljubic et al. 2020). There is a number of studies investigating the effects of 450 

UVB on the fatty acid composition of microalgae (Bermejo et al. 2018; Guiheneuf et al. 2010; 451 

Skerratt et al. 1998). However, the results are often contradictory, and difficult to compare, due 452 

to the difference in a UVB dose applied, different cultivation conditions and physiological 453 

characteristics between microalgal strains. Exposure to UVB can alter the fatty acid 454 

composition, and therefore the nutritional value of microalgal biomass (Richa et al. 2016). 455 

Most of the studies reported an overall increase in levels of both SAFAs and MUFAs, and a 456 

decrease in levels of PUFAs in UVB exposed microalgae (Kumar et al. 2018; Guiheneuf et al. 457 

2010), as it was observed in N. oceanica. In general, UVB affects fatty acid composition by 458 

reducing supply of metabolites and adenosine triphosphate (ATP) needed for biosynthesis, by 459 

inhibition of enzymatic activities, or by oxidative damage (Richa et al., 2016). The sensitivity 460 

of PUFAs towards oxidation is positively correlated to the number of double bonds (Minhas et 461 

al. 2016), which could be one of the reasons for the reduction of PUFAs levels in N. oceanica, 462 

which contains high levels of EPA (~30% of total FA). However, the lipid content in N. 463 

oceanica increased by 13% when UVB exposed, which most likely indicates that increase in 464 

the storage lipid content positively correlates with the SAFA synthesis, which increased in the 465 

UVB exposed biomass by 18%. Therefore, even though the relative PUFA content decreased, 466 

no degradation necessarily happened. There are a few studies reporting increased levels of 467 

PUFAs triggered by UVB exposure (Liang et al. 2006; Skerratt et al. 1998). Liang et al. (2006) 468 

demonstrated that Phaeodactylum tricornutum contained 19.8% more EPA after being stressed 469 

with UV light. In this study, the relative content of omega-3-fatty acids in R. salina increased 470 

significantly upon UVB exposure, suggesting that the low dose of UVB stimulates synthesis 471 

of ALA and EPA in R. salina.   472 
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In order to mitigate oxidative stress caused by UV radiation, microalgae have developed UV 473 

absorbing compounds and antioxidant systems, including carotenoids and α-tocopherols. 474 

Therefore, UVB exposure can either enhance accumulation of these antioxidants, or cause their 475 

degradation. Even though UVB-induced synthesis of carotenoids and α-tocopherols in 476 

microalgae has been reported (Srivastava et al. 2006), this study showed that synthesis of these 477 

compounds was not stimulated at the given UVB dose, except significant increase in the 478 

content of carotenoids in R. salina. However, when N. oceanica was exposed to five times 479 

higher UVB dose (16 kJ/m2/day), the content of α-tocopherol increased by 75%, compared to 480 

non-exposed cultures (data not shown). Arthrospira maxima and R. salina showed no increase 481 

in the content of carotenoids and α-tocopherol at higher UVB doses. Therefore, enhanced 482 

accumulation of carotenoids and α-tocopherol seem to vary significantly within different 483 

microalgal species and applied UVB doses. 484 

 485 
4.3. Changes in biomass composition illuminated by different colored LEDs 486 

Fatty acid biosynthesis in microalgae starts from SAFAs followed by subsequent steps of 487 

desaturation and elongation reactions leading to decrease in SAFAs portion, and increase in 488 

UFAs (Hardwood, 2005). According to this study, red light seems to stimulate those reaction 489 

steps in R. salina, resulting in higher portion of PUFAs, whereas blue light favor SAFAs 490 

synthesis. To our knowledge, there are no previous studies investigating effects of different 491 

colored LEDs on production of fatty acids in R. salina. Dominant omega-3-fatty acid of N. 492 

oceanica, EPA, contained the highest, 23 ± 0.6% of total FA, under blue light, and lowest, 19.1 493 

± 0.6% of total FA, under white light, which is in the agreement with the results obtained by 494 

Chen et al. (2013). On the contrary, Das et al. (2011) reported the highest EPA content in 495 

Nannochloropsis sp. biomass grown under white light, 23 ± 1% of total FA, and the lowest 496 

EPA content in biomass exposed to blue light, 10 ± 1% of total FA. Differences between these 497 

results may be assigned to different cultivation conditions, and growth medium composition, 498 

as well as illuminating the cultures at different growth stages. Thus, these results addresses the 499 

possibility of selecting an appropriate LED light for production fatty acids of interest. Fatty 500 

acid composition of A. maxima and C. minutissima showed no significant difference upon 501 

illumination by different colored LEDs, except lower relative PUFA content in C. minutissima 502 

at red light. The relative content of major PUFA in C. minutissima, ALA 18:3(n-3), decreased 503 

by ~32% at red light compared to other LEDs, which is in the agreement with the study of 504 

Tang et al. (2011), which demonstrated ~20% decrease in the content of ALA in C. minutissima 505 

at red light. Generally. non-marine species (A. maxima and C. minutissima) showed less 506 
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deviations in the relative content of fatty acids across different colored LEDs compared to 507 

marine species (R. salina and N. oceanica), which contain long-chain PUFAs such as EPA and 508 

DHA. Therefore, it can be suggested that monochromatic LEDs may affect desaturation and 509 

elongation reactions leading to long-chain PUFA synthesis. 510 

Carotenoids absorb light at a range of 400-550 nm of the solar spectrum, and exhibit yellow 511 

and orange color, which means that carotenoids absorb blue and green region of the spectra. 512 

No common pattern was observed among different colored lights and carotenoid content across 513 

different species. Chlorella minutissima showed the highest levels of carotenoids at green light, 514 

where major carotenoids were lutein and β‑carotene. Primary carotenoids, such as lutein, 515 

usually do not accumulate under stress conditions, whereas β‑carotene act as a secondary 516 

metabolite, and therefore accumulates under stress (Minhas et al., 2016). Content of lutein in 517 

C. minutissima did not change significantly by switching from white to green light. On the 518 

other hand, β‑carotene content increased significantly by switching from white to green light, 519 

515 ± 36 µg/g DW to 701 ± 36 µg/g DW. Therefore, these results suggests the possibility of 520 

illumination by green LED as a method for inducing β‑carotene synthesis in C. minutissima. 521 

Besides carotenoids, both C. minutissima and R. salina showed significant increase in α-522 

tocopherol (Table 3) and lipid content (from 21 ± 1.5 % to 41 ± 1.5 % DW, and from 24 ± 523 

1.5% to 28 ± 1.5% DW, respectively (data not shown)) under green light. Therefore, green 524 

LED may be used as a simple method for accumulation of carotenoids, lipids and α-tocopherol 525 

in C. minutissima and R. salina. Jung et al. (2019) reported similar findings for another three 526 

microalgal species illuminated by green LED in their late-exponential growth phase. White 527 

LEDs were reported to be least power-efficient for biomass, fatty acid, and carotenoids 528 

accumulation (Ma et al. 2018). Therefore, spectral distribution of LEDs can be tailored for each 529 

species in order to achieve more energy-efficient tool for stimulating accumulation of 530 

microalgal metabolites, as demonstrated in this study. 531 

 532 

5. Conclusion 533 

Light is considered as the most significant factor governing the process of microalgal 534 

phototrophic cultivation as it can bring significant changes in the growth and chemical 535 

composition. Findings of this study suggested that microalgal cells with unique physiology 536 

could be produced by tailoring light quality and quantity. However, the general conclusion is 537 

that no model fits all, and light intensity, color and UVB stress needs to be tailored for each 538 

species, and most appropriate species chosen, for the specific target bioactive compounds. 539 

Increase of the light intensity (from 100 to 800 µmol photon/m2/s) stimulated accumulation of 540 
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lipids (mostly SAFAs), carotenoids and α-tocopherol in all of the tested microalgal species. 541 

Exceptionally, Chlorella minutissima showed an increase in the relative PUFA content with 542 

the increase of light intensity. The light intensity of 400 µmol photon/m2/s mostly favoured 543 

carotenoid production, while 800 µmol photon/m2/s favoured lipid and α-tocopherol 544 

accumulation. Exposure to UVB light showed to have either no effect or an adverse effect on 545 

carotenoid and α-tocopherol content. Exceptionally, R. salina demonstrated ~10% increase in 546 

the relative content of omega-3 fatty acids and carotenoid increase by ~20% upon UVB 547 

exposure. Illumination by different colored LEDs differently affected each of the microalgal 548 

species. Arthrospira maxima showed highest levels of PUFAs and carotenoids under white 549 

light. Illumination of C. minutissima by green LED resulted in considerable levels of 550 

carotenoids and α-tocopherol, with an increase by ~20% and ~30%, respectively. Similarly, R. 551 

salina illuminated by green LED showed increase of α-tocopherol twenty-fold and carotenoids 552 

by ~30%. Nannochloropsis oceanica showed the highest content of PUFAs, mainly EPA, 553 

under blue light, while the highest accumulation of carotenoids was triggered by red light. In 554 

order to more thoroughly evaluate the strain-specific light response, comparison of multiple 555 

monochromatic combinations at different light intensities and different time periods should be 556 

investigated. Such an approach would reveal interactive effects of light quality and quantity on 557 

microalgal biomass composition, and enable even more tailored light treatment for each 558 

individual microalgal species for further optimization of target bioactive compounds.  559 
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Table S1 Content of fatty acids (% of total FA) in four microalgal species under different light intensities 

and illuminated by different monochromatic LEDs. Data is presented as an average of n = 2. pSD = 0.8. 

 

 

Fatty acid 800 400 100 Blue Red Green White

14:0 1,3 1,6 1,6 1,3 1,9 1,1 0,9

14:1 1,0 3,2 2,2 1,6 2,1 1,6 1,7

16:0 35,2 37,2 40,1 45,2 40,0 43,7 43,7

16:1 (n-7) 5,3 5,1 5,8 5,9 4,7 5,1 5,7

16:2 (n-4) 0,0 0,0 0,0 0,0 1,6 2,2 0,0

18:0 2,3 1,6 1,0 1,1 1,9 1,0 0,9

18:1 (n-9) 9,9 7,6 4,1 2,7 5,1 3,0 3,5

18:1 (n-7) 0,8 0,0 0,0 0,0 0,0 0,0 0,0

18:2 (n-6) 14,6 15,6 18,8 17,5 16,1 17,3 18,1

18:3 (n-6) 20,5 22,6 25,7 24,7 23,1 23,7 24,6

20:1 (n-7) 2,8 2,2 0,7 0,0 2,5 0,0 0,5

20:2 (n-6) 0,9 2,1 0,0 0,0 0,0 0,5 0,0

20:3 (n-6) 3,9 0,0 0,0 0,0 0,9 0,0 0,0

22:1 (n-9) 1,4 1,1 0,0 0,0 0,0 0,0 0,0

Pooled standard deviation = 0.8

Fatty acid 800 400 100 Blue Red Green White

14:0 0,7 1,0 1,0 2,1 2,0 1,1 1,9

14:1 1,2 1,6 1,5 0,9 1,0 1,3 0,8

16:0 16,3 17,3 17,9 19,5 20,1 19,7 18,5

16:1 (n-1) 2,0 2,7 3,2 1,2 3,6 3,2 1,1

16:2 (n-4) 2,8 3,6 3,1 2,9 3,2 0,0 2,0

16:3 (n-4) 4,0 2,9 2,1 2,0 4,5 4,7 4,3

17:0 8,8 9,6 9,2 12,0 7,4 11,6 9,7

18:0 0,3 0,0 0,0 0,0 8,4 0,0 0,0

18:1 (n-9) 11,5 12,4 15,6 11,7 15,4 11,3 15,1

18:2 (n-6) 15,4 16,5 14,9 8,7 7,9 12,2 10,1

18:2 (n-4) 1,5 0,0 0,0 0,0 0,0 0,0 0,0

18:3 (n-3) 22,3 20,6 18,1 31,4 19,9 27,5 29,2

18:3 (n-6) 3,4 2,9 3,1 4,6 3,8 3,7 4,2

24:1 (n-9) 3,1 3,0 2,9 3,1 2,8 2,9 3,2

Pooled standard deviation = 0.7

LED color 

Arthrospira maxima

Light intensity                    

(μmol photon m
2
sec

-1
) 

Light intensity                    

(μmol photon m
2
sec

-1
) 

Chlorella minutissima

LED color 
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Table S1 Continuing. 

 

 

 

 

Fatty acid 800 400 100 Blue Red Green White

14:0 9,2 8,3 9,4 9,4 5,3 7,2 10,0

14:1 0,3 0,4 1,3 0,2 0,5 0,4 0,3

16:0 25,4 25,3 12,5 26,8 19,2 25,1 23,5

16:1 (n-7) 1,1 0,4 1,5 1,1 1,1 1,2 1,3

16:2 (n-4) 0,0 0,0 0,0 0,4 1,4 0,5 0,0

18:0 4,1 5,6 1,6 5,4 2,6 5,9 3,5

18:1 (n-9) 11,2 9,9 3,4 8,8 4,3 10,3 6,6

18:1 (n-7) 0,0 0,0 0,0 0,0 2,5 0,0 0,0

18:2 (n-6) 11,0 12,5 14,3 11,6 10,7 14,2 10,7

18:3 (n-6) 17,5 17,8 21,0 15,8 16,2 14,4 19,9

18:3 (n-3) 12,4 11,9 21,2 11,3 20,2 10,2 13,4

20:3 (n-6) 0,0 0,0 0,0 0,0 0,0 1,0 0,7

20:5 (n-3) 4,2 4,2 8,3 3,9 8,8 3,5 4,9

22:6 (n-3) 2,7 2,8 5,5 2,9 3,5 2,6 3,9

Pooled standard deviation = 0.3

Fatty acid 800 400 100 Blue Red Green White

14:0 6,2 5,8 5,6 6,7 5,4 5,5 5,9

14:1 0,2 0,3 0,9 0,2 0,4 0,5 0,3

15:0 0,4 0,4 0,9 0,4 0,5 0,5 0,4

16:0 39,8 30,1 22,3 29,0 29,0 31,9 33,1

16:1 (n-7) 23,3 20,2 22,8 22,2 25,3 22,2 21,4

17:0 0,1 0,5 0,9 1,2 1,9 1,1 0,9

18:0 1,4 0,8 0,0 0,0 0,0 0,0 0,0

18:1 (n-9) 11,0 9,7 3,5 9,4 8,1 12,4 12,1

18:2 (n-6) 1,7 2,9 5,2 3,4 4,7 2,7 3,2

20:3 (n-6) 2,0 3,8 3,7 4,2 3,8 3,6 3,7

20:5 (n-3) 12,0 24,2 33,9 23,0 21,0 18,1 19,1

Pooled standard deviation = 0.6

Nannochloropsis oceanica

Light intensity                    

(μmol photon m
2
sec

-1
) 

LED color 

Rhodomonas salina

Light intensity                    

(μmol photon m
2
sec

-1
) 

LED color 
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Table S2 Content of fatty acids (% of total FA) in four microalgal species exposed to UVB 

radiation LEDs. Data is presented as an average of n = 2.  

 

 

 

 

 

 

 

 

 

 

Exposed Non-exposed Exposed Non-exposed Exposed Non-exposed

14:0 1,2 1,6 7,1 10,0 5,2 6,6

14:1 1,2 2,2 0,9 0,3 0,3 0,3

15:0 0,0 0,0 0,0 0,0 0,4 0,5

16:0 41,2 40,1 23,7 23,5 33,4 29,4

16:1 (n-7) 5,8 5,8 1,3 1,3 20,6 23,1

16:2 (n-4) 1,6 0,0 0,0 0,0 0,0 0,0

18:0 0,0 1,0 3,5 3,5 0,8 0,7

18:1 (n-9) 0,0 4,1 8,1 6,6 13,0 10,4

18:1 (n-7) 3,7 0,0 0,0 0,0 0,0 0,0

18:2 (n-6) 18,6 18,8 14,0 10,7 2,2 2,1

18:2 (n-4) 0,0 0,0 0,0 1,3 0,0 0,0

18:3 (n-6) 24,2 25,7 16,1 19,9 0,0 0,0

18:3 (n-3) 0,0 0,0 14,8 13,4 0,0 0,0

20:1 (n-7) 0,0 0,7 0,0 0,0 0,0 0,0

20:3 (n-6) 0,0 0,0 0,0 0,7 3,0 3,6

20:5 (n-3) 0,0 0,0 6,9 4,9 19,2 21,4

22:6 (n-3) 0,0 0,0 3,1 3,9 0,0 0,0

Pooled standard deviation = 0.4

Fatty acid

UVB exposure (3 kJ/m
2
/day)

Arthrospira maxima Rhodomonas salina Nannochloropsis oceanica
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Table S3 Content of pigments (µg/g DW) in four microalgal species under different light intensities and illuminated by different 

monochromatic LEDs, data is presented as an average of n = 2. 

 

 

Vaucheriaxanthin Neoxanthin Astaxanthin Zeaxanthin Lutein
Vaucheriaxanthin 

ester
Chlorophyll b Chlorophyll a

800 36,64 88,85 515,63 619,47 60,01 40,41 285,60 1109,01

400 127,87 56,52 346,16 494,68 40,18 51,77 306,73 63,05

100 0,00 28,08 448,49 705,70 57,85 52,35 441,41 220,41

Blue 0,00 0,00 174,10 310,26 45,19 34,54 201,13 185,31

Red 0,00 0,00 134,88 0,00 0,00 67,77 136,73 26,05

Green 0,00 29,14 84,04 153,28 17,79 18,52 111,72 76,75

White 0,00 95,14 324,03 615,22 52,43 37,47 483,03 95,04

Pooled standard 

deviation for each of 

the pigments

7,06 3,14 31,57 20,54 3,70 30,87 62,18 62,04

Fucoxanthin Neoxanthin Violaxanthin Astaxanthin Alloxanthin Lutein Chlorophyll b Chlorophyll a

800 235,94 203,96 1216,60 522,14 159,88 2066,38 3264,12 4951,46

400 448,43 236,92 2157,77 447,55 106,10 2168,32 5134,95 7056,53

100 499,10 286,89 2162,12 374,05 102,30 1859,59 6391,55 7214,10

Blue 273,38 210,57 1410,56 414,10 52,60 1391,52 4375,92 6526,82

Red 370,91 274,43 1894,47 628,98 59,01 1490,36 5060,02 7383,47

Green 430,99 280,28 2388,16 626,78 58,50 1747,20 6399,36 8546,82

White 345,37 286,23 1836,80 588,36 85,95 1714,63 5243,48 7196,54

Pooled standard 

deviation for each of 

the pigments

12,35 24,09 34,57 9,71 21,07 35,57 201,06 127,21

Arthrospira maxima

Light intensityight 

intensity (μmol photon 

m
2 

sec
-1

) 

LED color

Pigments (µg/g DW)

Light regime

Chlorella minutissima

Pigments (µg/g DW)

Light regime

Light intensityight 

intensity (μmol photon 

m
2 

sec
-1

) 

LED color
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Table S3 Continuing 

 

Chlorophyll c2 Alloxanthin Zeaxanthin Chlorophyll b Chlorophyll a β carotene

800 338,68 2005,23 661,33 4146,85 612,18 302,79

400 1623,76 3170,98 1148,95 5393,89 1257,99 654,64

100 846,15 3002,35 1207,49 6060,72 2547,40 519,81

Blue 236,10 3265,63 946,17 6899,89 1319,69 549,38

Red 264,35 3701,20 994,87 7261,83 1960,02 544,13

Green 553,78 4623,45 1452,86 10437,27 1895,76 971,03

White 920,15 3523,96 1346,25 7357,68 1103,74 650,71

Pooled standard 

deviation for each of 

the pigments

80,30 96,26 51,65 287,46 188,64 21,00

Vaucheriaxanthin Fucoxanthin Violaxanthin
Vaucheriaxanth

in ester
Canthaxanthin Chlorophyll a β carotene Pheophytin

800 94,13 21,46 1750,08 702,68 332,07 1650,36 74,00 17,73

400 221,80 9,78 3125,44 978,06 686,59 4878,21 423,87 39,39

100 181,89 17,64 1784,40 587,88 539,02 4068,29 445,98 0,00

Blue 368,99 40,83 3861,64 1275,17 790,58 7580,81 379,04 0,00

Red 446,25 35,14 4805,50 1533,50 1219,25 9151,43 439,81 0,00

Green 374,48 30,97 4124,02 1293,00 1028,96 7477,83 421,36 0,00

White 343,02 17,00 4086,31 1328,45 1030,67 7426,39 329,35 0,00

Pooled standard 

deviation for each of 

the pigments

30,68 8,04 289,79 107,28 108,99 650,62 98,51 18,98

Light regime

Light intensityight 

intensity (μmol photon 

m
2 

sec
-1

) 

Pigments (µg/g DW)

Rhodomonas salina

Pigments (µg/g DW)

LED color

Nannochloropsis oceanica

Light regime

Light intensityight 

intensity (μmol photon 

m
2 

sec
-1

) 

LED color
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A B S T R A C T

For the last two decades there has been a rise in awareness about the general low dietary intake of vitamin D3.
Fish have the highest natural content of vitamin D3, which is suggested to originate from zooplankton and
microalgae. However there are no studies reporting which microalgal species may be the source of vitamin D3. In
this study, four selected microalgal species were cultivated during exposure of artificial UVB. The effect of UVB
dose on the growth and biochemical composition of the cells (vitamin D3, PUFAs and carotenoids) was eval-
uated. Of the four species, exclusively Nannochloropsis oceanica was able to produce vitamin D3 (up to
1 ± 0.3 µg/g DM), and production was significantly enhanced by increasing the dose of the UVB. These findings
suggest that N. oceanica exposed to artificial UVB could be used as a new natural source of vitamin D3, either as
direct source or through animal feed.

1. Introduction

Vitamin D belongs to a group of lipid soluble sterols with the two
major forms - vitamin D3 (cholecalciferol) and vitamin D2 (ergocalci-
ferol). Vitamin D3 and its metabolites are found mainly in foodstuffs of
animal origin, such as fish, eggs and meat, whereas vitamin D2 can be
found in wild mushrooms, and ultraviolet-B (UVB) exposed fungi and
yeast (Jäpelt & Jakobsen, 2013). When consumed, vitamin D3 is in-
itially converted to 25-hydroxyvitamin D in the liver, and further in the
kidney hydroxylated to the metabolically active form 1,25- dihydrox-
yvitamin D (Pilz et al., 2018). Besides the dietary intake, vitamin D3 can
be synthesized in skin cells during exposure to sun light. UVB light
enables the conversion of naturally present 7-dehydrocholesterol
(provitamin D3) to vitamin D3 (Pilz et al., 2018).

Vitamin D deficiency and insufficiency is a world-wide problem,
which affect more than one billion people, and on a yearly basis e.g.
around 13% of the European population is vitamin D3 deficient (vi-
tamin D3 status < 30 nmol/L) and 40% vitamin D3 insufficient (vi-
tamin D3 status < 50 nmol/L) (Cashman et al., 2016; Holick, 2017).
The recommended daily intake is 10–20 μg vitamin D3 per day in
Europe and US (IOM, 2011; NNR, 2014; EFSA, 2016). The estimated
intake of vitamin D3 is only around 3–7 μg/day, which is far below
daily recommendations (Cashman & Kiely, 2016). An alternative to
dietary intake of vitamin D is the production of vitamin D in human
skin by UVB-exposure (Pilz et al., 2018). This production is limited in

places above 35° latitude where the amount of UVB reaching the earth ́s
surface depend on season (Webb, 2006). O’Neill et al. (2016) assessed
vitamin D-effective UVB availability for several European countries
using a validated UV irradiance model, which made use of the average
UVB-measurements over a 10-year period. As an example in Co-
penhagen, Denmark (55 °N) the maximum UVB dose was shown to be in
June and July at 5 kJ/m2/month, while from October to March no
production of vitamin D is present (vitamin D winter months). In con-
trast in Southern Europe, represented by Athens, Greece (37 °N) the
maximum was 9–10 kJ/m2/month in June and July, and only two vi-
tamin D winter months (December and January), and as expected at
Crete, Greece (35 °N), UVB-exposure is efficient for vitamin D pro-
duction in human all year round. Apart from geographic latitude, vi-
tamin D3 synthesis in skin can be reduced for many other reasons like
low outdoor activity due to unhealthy lifestyle, immobility of elderly
people, or severe air pollution. Therefore, intake of vitamin D3 through
nutrition plays an essential role to maintain healthy vitamin D3 levels.

Fish and fish products are major dietary sources of vitamin D3,
especially salmon (Salmo salar) and rainbow trout (Oncorhynchus my-
kiss) (Jakobsen & Smith, 2017). However, the origin of vitamin D in fish
still remains unclear. The photochemical production of vitamin D3 in
fish is doubtful, due to the insufficient UV radiation in their natural
habitats. Therefore, it is suggested that vitamin D3 present in fish ori-
ginates from zooplankton and microalgae (Takeuchi, Okano, Tanda, &
Kobayashi, 1991; Sunita Rao & Raghuramulu, 1996). Microalgae have
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been recognized as a potential source for various high-value ingredients
with positive health effects, such as polyunsaturated fatty acids
(PUFAs), pigments, vitamins, peptides and many other bioactive com-
pounds. Microalgae can be found at the surface of the water bodies so it
can be assumed that vitamin D3 is synthesized due to the sun exposure.
Microalgae should be able to synthesize 7-dehydrocholesterol in order
to synthesize vitamin D3 by UVB exposure, if they use the same meta-
bolic pathway as vertebrates. Sterols in microalgae display enormous
diversity, due to the large number of classes and their composition
varies depending on growth stage, light spectrum and temperature
(Véron, Billard, Dauguet, & Hartmann, 1996), which means it is hard to
make any general conclusions about the ability of microalgae to syn-
thesize vitamin D.

To our knowledge there are no studies reporting which microalgal
species may be the source of vitamin D3. In this study, four selected
microalgal species from different classes, Chlorella minutissima from
Chlorophyta, Nannochloropsis oceanica from Eustigmatophyta,
Arthrospira maxima from Cyanophyta and Rhodomonas salina from
Rhodophyta were cultivated and exposed to artificial UVB.
Furthermore, the dependence on dose was investigated by varying the
exposure time and distance from the light source. In addition to vitamin
D3 concentrations, also the effect of UVB light on the microalgal growth
and changes in the biochemical composition of the cells were de-
termined, due to the high nutritional importance of the omega-3-fatty
acids and pigments in microalgal biomass.

2. Materials and methods

2.1. Microalgal production

Four microalgal species were purchased: Chlorella minutissima
(UTEX 2219, Utex Culture Collection of Algae, University of Texas,
Austin, USA) Nannochloropsis oceanica (NIVA 2/03, Norwegian Institute
for water research, Oslo, Norway) Arthrospira maxima (SAG 84.79,
Culture Collection of Algae, Göttingen, Germany) and Rhodomonas
salina (DTU Aqua, Technical University of Denmark, Lyngby,
Denmark). The inoculum was prepared in Guillard F/2 medium
(Guillard & Ryther, 1962) for salt water species N. oceanica and R.
salina; Zarrouk medium (Zarrouk, 1966) was used for A. platensis and
Walne’s medium (Walne, 1970) for cultivating C. minutissima.

The cultivation experiments were carried out in triplicates using 1 L
and 5 L GS Schott bottles for up-scaling. The cultures were aerated with
a mixture of carbon dioxide (5%) and sterile air. Cultivation tempera-
ture was 23 ± 1 °C and pH 7.5 ± 0.5, except for A. platensis where pH
was 9.5 ± 0.5. pH monitoring was performed by Milwaukee MC-122-
pH controller (Milwaukee Electronics, Szeged, Hungary) equipped with
a solenoid valve to control CO2 addition. The LED light (SunFlux A/S,
Glostrup, Denmark) provided before UVB treatment had an intensity of
110–120 μmol photon/m2/s (measured on the outer side of the bottle;
Universal Light Meter ULM-500, Heinz Walz GmbH, Effeltrich,
Germany).

Cultures (in their exponential growth phase) were transferred from
5 L GS Schott bottles into transparent, rectangle-shaped, plastic con-
tainers (25 cm× 15 cm× 20 cm) in order to increase the surface of the
culture for the UVB exposure.

2.2. UVB-treatment

For the UVB experiments UVB tube (D3
+ UV Flood DESERT, 24 W

tubes, Arcadia, United Kingdom) with its main wavelength at 312 nm
was used. For quantification of UVB irradiance dose over the microalgal
cultures a handheld ILT 1400-BL photometer equipped with a SEL005/
TLS312/TD detector (International Light Technologies, Peabody, MA,
USA) was used within the three distances from the surface of the mi-
croalgal culture; 5 cm, 10 cm and 15 cm.

2.2.1. Experiment 1
In order to investigate ability of microalgae to synthesize vitamin

D3, as a preliminary experiment, all four microalgae species were ex-
posed to UVB for 3, 6, 18 and 24 h per day for 7 days, which corre-
sponds 3 kJ/m2/day, 6 kJ/m2/day, 16 kJ/m2/day and 22 kJ/m2/day,
respectively. The UVB-tube was placed at distance of 10 cm from the
surface of the cultured microalgae. Growth was monitored every 24 h
by taking 5 mL of culture and measuring optical density at 750 nm. A
control culture received no UVB exposure.

2.2.2. Experiment 2
Species (N. oceanica) that produced vitamin D3 following UVB ex-

posure was tested further for the effect of dose, which was varied by
exposure time and distance to the surface of the microalgal culture.

a. UVB exposure for 1, 3 and 6 days (24 h a day) at a distance of 15 cm
above the surface of the culture, provided a dose of 15 kJ/m2/day.

b. UVB exposure for 5 days (24 h a day) at distance of 5 cm, 10 cm and
15 cm from the surface of the microalgal culture, provided a dose of
36 kJ/m2/day, 22 kJ/m2/day and 15 kJ/m2/day, respectively. A
control culture received no UVB exposure.

2.3. Sampling

For chemical analysis 500 mL of culture was sampled. In order to
achieve biomass separation, samples were centrifuged (refrigerated
centrifuge, IEC Centra-GP8R, Buckinghamshire, England) at 8000 g for
A. maxima, 6000 g for N. oceanica and C. minutissima and 4000g for R.
salina. Biomass was washed, freeze-dried (Beta 1–8, Martin Christ
GmbH, Osterode, Germany) and stored at −20 °C until analysis.

2.4. Biochemical analysis

2.4.1. Total lipid content
Lipid extraction was preformed according to Bligh and Dyer (1959),

with a reduced amount of solvent (30 mL of each). Approximately 1 g of
the freeze-dried microalgal biomass was weighted into extraction glass.
Extraction was carried out by subsequent addition of methanol,
chloroform and water while stirring. In order to separate phases - me-
thanol/water from chloroform/oil, samples were centrifuged at 1400 g
for 10 min. Bligh & Dyer extracts were used for analyses of the total
lipid content, fatty acid composition and tocopherols. Determination of
total lipid content was done by weighing approximately 15 g of extract
in beakers and keeping it overnight in a fume hood in order to eva-
porate chloroform.

2.4.2. Fatty acids
Fatty acid profile was determined based on the American Oil

Chemistś Society (AOCS) official method Ce 1i-07 (Firestone, 2009)
with slight modifications. Approximately 3 g of Bligh & Dyer extract
was weighted in methylation glass tube and dried under the stream of
nitrogen. A mixture of 100 μL of internal standard solution (C23:0),
100 μL of toluene and 200 μL of heptane with butylated hydroxytoluene
(BHT) was added to extract. Methylation was performed in a micro-
wave oven (Microwave 3000 SOLV, Anton Paar, Ashland, VA, USA) for
10 min at 100 °C and power of 500 W. After methylation, 0.7 mL of
heptane and 1 mL of saturated salt water (0.36 g NaCl/g H2O, at 20 °C)
were added to the glass tube. The upper phase (heptane) was trans-
ferred into GC vials and analyzed by gas chromatography (HP-5890 A,
Agilent Technologies, Santa Clara, CA, USA). Fatty acid methyl esters
were separated by the GC column Agilent DB wax 127-7012
(10 m × 100 μm × 0.1 μm) (Agilent technologies, Santa Clara, CA,
USA). Standard mix of fatty acids methyl esters (Nu Check Prep 68D,
Elysian, MN, USA) was used for fatty acid identification. Fatty acids
were reported as area % of total fatty acids.
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2.4.3. Pigments
Pigment analysis was done according to the method described by

Safafar, van Wagenen, Møller, and Jacobsen (2015). Approximately
0.03 g of the freeze-dried microalgal biomass was placed in a 10 mL
centrifugation tube. Methanol containing the internal standard and
antioxidant BHT was added to the sample and they were placed in a
sonication bath (Buch & Holm A/S, Herlev, Denmark) for 15 min at
5 ± 2 °C in order to extract pigments. Extraction was repeated three
times and extracts were collected subsequently. Pigment analysis was
performed by HPLC using Agilent 1100 Liquid Chromatograph with
DAD 400–700 nm. Separation was carried out on a Zorbax Eclipse C8
column 150 mm × 46 mm × 3.5 μm (Phenomenex Inc. CA, USA). The
mobile phase being a mixture of 70% methanol +30% of 0.028 M
tertiary butyl ammonium acetate in water used for gradient elution as
described by Safafar et al. (2015) and at a flow rate of 1.1 mL/min and
a run time of 40 min. DHI pigment standard mix (DHI LAB Products,
Horsholm, Denmark) was used for identification of peaks, of which 18
of different carotenoids can be detected and 4 chlorophylls. BHT was
detected at 280 nm, while detection of chlorophylls and carotenoids
was done at 660 nm and 440 nm, respectively. Pigments are reported as
mg/g dry biomass.

2.4.4. Vitamin D
Vitamin D analysis was performed as previously described by

Barnkob, Petersen, Nielsen, and Jakobsen (2019). Briefly, 0.1 g of
freeze-dried microalgae was weighed, added 8 ng d6-vitamin D3

(Chemaphor, Ottava, Canada) as internal standard and saponified over
night at room temperature. The unsaponifiable matter was extracted
with 20% ethyl acetate in n-heptane by liquid/liquid extraction,
cleaned-up by a SPE-hybrid solid-phase extraction, and derivatized with
4-phenyl-1,2,4-triazole-3,5-dione (PTAD; Sigma-Aldrich, Steinheim,
Germany) for 5 min in darkness. Quantification of vitamin D3 and vi-
tamin D2 using a LC-MS/MS consisting of an Agilent 1200 Series HPLC
and Agilent 6470 Triple Quadrupole MS (Santa Clara, CA) coupled with
a C18 column (Ascentis Expess, 2.1 mm × 10 cm, 2.7 μm; Supelco
Analytical, Bellafonte, PA) and a gradient mobile phase of water:-
methanol including 2.5 mM ammonium phosphate. Limit of quantifi-
cation (LOQ) for both vitamers was 4 ng/g dry biomass. The analyses
for vitamin D were conducted in laboratory environment accredited to
perform the analyses according to ISO17025 (2015).

2.5. Statistical analysis

All biological experiments were performed in three replicates. The
results are given as the mean ± standard deviation (SD). One-way
analysis of variance (ANOVA) was used to determine significant dif-
ference in the vitamin D3 content between the individual groups.
Tukey’s post hoc test was used to detect significant differences between
groups where p-values < 0.05 were considered significant. Association
between vitamin D3 content and UVB dose was assessed with Pearson’s
correlation coefficient using the Data Analysis function in Excel (ver-
sion 2010, Microsoft, Redmond, WA, USA). The Statistica v. 13.2 soft-
ware (USA) was used for all other statistical analyses.

3. Results

The vitamin D3 content in the four selected microalgal species for
experiment 1 is shown in Table 1. N. oceancia was the only tested
species that contained vitamin D3 after UVB exposure. Results suggest
that concentration of vitamin D3 increases with the increase of the
applied UVB dose. Pearson correlation coefficient was 0.88 indicating a
strong positive linear relationship between provided UVB dose and vi-
tamin D3 content (data not shown).

Vitamin D3 content in N. oceanica increased significantly
(p < 0.05) over 6 days of constant UVB exposure in experiment 2a,
providing a dose of 15 kJ/m2/day (Fig. 1a). By decreasing the distance

between the UVB lamp and the microalgal cultures from 15 cm to 5 cm,
which corresponds 15 kJ/m2/day and 36 kJ/m2/day, respectively,
there was a significant increase in D3 concentration (Fig. 1b). Fur-
thermore, besides vitamin D3, lower quantities of vitamin D2 were also
found in N. oceanica, as well as in microalgae R. salina (data not shown).
Vitamin D2 content was increasing with the increase of the UVB dose
and the highest measured content was 0.27 ± 0.08 µg/g dry matter
after the UVB dose of 36 kJ/m2/day. Rhodomonas salina contained up to
0.20 µg/g dry matter after exposure to UVB dose of 6 kJ/m2/day. All
the other tested species showed to have vitamin D2 content below the

Table 1
Content of vitamin D3 (μg/g dry matter) in tested microalgal species treated
with different doses of UVB (kJ/m2/day) for 7 days. Values are expressed as
mean ± SD of n = 3. Different letters in the same row represent significant
differences (p < 0.05).

Vitamin D3 (µg/g dry matter)

UVB
dose
(kJ/m2/
day)

Nannochloropsis
oceanica

Rhodomonas
salina

Arthrospira
maxima

Chlorella
minutissima

0 < 0.004 <0.004 <0.004 <0.004
3 0.09 ± 0.01c <0.004 <0.004 <0.004
6 0.29 ± 0.00b <0.004 <0.004 <0.004
16 0.42 ± 0.04a <0.004 <0.004 <0.004
22 0.48 ± 0.05a <0.004 <0.004 <0.004

Fig. 1. Changes in content of vitamin D3 (µg/g dry matter) in microalgae
Nannochloropsis oceanica treated with UVB (a) dose of 15 kJ/m2/day over dif-
ferent number of days (b) at different distances between the culture and the
UVB source: 5 cm (36 kJ/m2/day), 10 cm (22 kJ/m2/day) and 15 cm (15 kJ/
m2/day), after 5 days. The standard deviations are presented as bars (n = 3).
Different letters above the bars represent significant differences (p < 0.05).

Fig. 1. (continued)
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limit of quantification (< 0.004 µg/g dry matter).
Effect of different doses of UVB on the cell growth and biochemical

composition of N. oceanica was determined by monitoring growth on a
daily basis and analyzing content of high value compounds. The mea-
sured content of total lipids, PUFAs, carotenoids and chlorophylls under
different UVB exposure is displayed in Table 2. The total lipid content
tended to increase by the increase of the UVB exposure, whereas PUFAs,
chlorophylls and carotenoids content decreased. Surprisingly, the lipid
content was significantly lower in the biomass treated with 3 kJ/m2/
day and 6 kJ/m2/day compared to the untreated biomass. However,
biomass that was exposed to the 16 kJ/m2/day of UVB had significantly
higher lipid content compared to the untreated biomass. Biomass
treated with UVB of 6 kJ/m2/day and 16 kJ/m2/day showed significant
decrease in the relative amount of PUFA compared to untreated bio-
mass, however there was no significant difference between the biomass
treated by 3 kJ/m2/day and 6 kJ/m2/day. Content of the highly sen-
sitive eicosapentaenoic acid (EPA) in the N. oceanica biomass decreased
significantly after exposure to UVB. Content in the untreated biomass
was 21.06 ± 0.07% of total fatty acids, compared to 16.93 ± 0.09%
of total fatty acids in the biomass treated by 16 kJ/m2/day (data not
shown).

Growth of N. oceanica under different treatments was monitored
over 7 days in experiment 1 (Fig. 2). Biomass increment data showed
that the increase in duration of UVB exposure resulted in lower biomass
accumulation. The highest biomass increment was detected in un-
treated biomass for the first 4 days. However, after 4 days there was no
significant difference in biomass accumulation for untreated and
treated biomass, 3 kJ/m2/day and 6 kJ/m2/day, respectively. Cultures
treated for 16 and 22 kJ/m2/day showed significantly lower biomass
accumulation.

4. Discussion

It is already known that the conventional belief of vitamin D3 as an
‘animal form of vitamin D’ is not valid anymore. Vitamin D3 has been

identified within the few plant species of Solanaceae family (Boland,
Skliar, Curino, & Milanesi, 2003), and in UVB-exposed leaves from to-
mato and bell pepper (Jäpelt & Jakobsen, 2013). This present cultiva-
tion study is the first that demonstrates the ability of microalgal species
to produce vitamin D3. As mentioned earlier, microalgae represent the
primary source of vitamins in aquatic food chains. Since phytoplankton
usually habitats the surface of the water, the presence of vitamin D3

most likely originates from UV radiation of provitamin 7-dehy-
drocholesterol. However, these assumptions were not yet confirmed.
Partly because of the challenge it is to quantify vitamin D3 by a specific
method and partly because the studies did not include specific strains.

4.1. Effect of UVB exposure on variation in vitamin D3 content in
Nannochloropsis oceanica

The results clearly showed that the vitamin D3 concentration in the
biomass of N. oceanica increased by the increase of the UVB dose pro-
vided. (Table 1, Fig. 1). At the highest UVB dose tested at 36 kJ/m2/day
the content was 1 ± 0.3 µg vitamin D3/g dry matter (Fig. 1b). There
are only a few studies reporting the occurrence of vitamin D3 in mi-
croalgae. Sunita Rao and Raghuramulu (1996) examined mixed phy-
toplankton consisting of the green algae Pediastrum, Scenedesmus, Cru-
cigenia, Coelastrum, Chlorella, and Cosmarium; blue green algae
Gomphosphania and Oscillatoria; brown algae Gomphonema, Synedra,
Navicula, and Cyclotella. They reported content of vitamin D3 to be
0.8 µg/g dry matter in phytoplankton of fresh water species. Takeuchi
et al. (1991) reported 0.15 µg/g of vitamin D3 in dry matter of phyto-
plankton during the summer in Biwa Lake, Japan. And finally, (Brown,
Mular, Miller, Farmer, & Trenerry, 1999) studied content of vitamins in
four micraoalgal species, Tetraselmis, Pavlova, Stichococcus, Nanno-
chloropsis, and reported the content of vitamin D3 below the detection
limit in all four cases (< 0.35 µg/g dry matter).

To ensure a higher dietary intake of vitamin D3 in the population
voluntary or mandatory fortification of foods in margarine and milk
products are used (Pilz et al., 2018). Due to difference in the dietary
intake of these food groups among people a more optimal strategy will
be to broaden the range of foods with a higher amount of vitamin D3

through fortification and biofortification (Cashman & Kiely, 2016).
Salmon is generally regarded as being high in vitamin D3. Recently,
salmon was reported to contain 2.3–7.3 µg/100 g for farmed species
and 6.7–26.6 µg/100 g for wild caught (Jakobsen, Smith, Bysted, &
Cashman, 2019). Egg is another vitamin D3 rich source with a content
at 2.3 µg/100 g, but as for farmed fish the content in eggs depends on
the vitamin D3 content in feed, and for pork and beef the vitamin D3

content also depends on the fat content (Danish Food Composition
Databank, 2019). The biofortification strategy by feeding may alter-
natively be performed by UVB exposure. For husbandry e.g. UVB-ex-
posure of pigs in their indoor facilities increased the vitamin D3 content
in pork at least 10 times, up to 3 µg vitamin D3/100 g, while UVB
exposure of mushrooms can create a content of vitamin D2 up to 80 µg/
g dry matter (Urbain, Valverde, & Jakobsen, 2016; Barnkob et al.,
2019). In the EU vitamin D enriched mushrooms are approved at a level
of 20 µg vitamin D2/100 g (Commission Implementing Regulation (EU)
2018/1011). The EFSA Panel on Nutrition, Novel Foods and Food
Allergens (2020) concluded that the UVB exposed mushroom powder

Table 2
Concentration of the lipid, PUFA, carotenoid and chlorophyll of the microalga Nannochloropsis oceanica treated with different doses of UVB for 7 days. Values are
expressed as mean ± SD of n = 3. Different letters in the same column represent significant differences (p < 0.05).

UVB dose (kJ/m2/day) Total lipids (%) PUFA (% of total FA) Carotenoids (mg/g) Chlorophylls (mg/g)

0 31.4 ± 1.4b 27.1 ± 0.2a 10.2 ± 0.9a 13.7 ± 0.4a

3 23.9 ± 1.3c 24.6 ± 0.4b 6.7 ± 0.2b 8.8 ± 0.4b

6 25.0 ± 0.6c 24.2 ± 0.1b 3.3 ± 0.2c 4.7 ± 0.1c

16 36.9 ± 1.8a 22.1 ± 0.4c 2.4 ± 0.1d 3.4 ± 0.2d

Fig. 2. Effect of different dose of UVB on growth of Nannochloropsis oceanica.
The standard deviations are presented as bars (n = 3).
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(containing 100–130 µg vitamin D2/100 g) is safe to use for general
population. The similar content of vitamin D3 was found in N. oceanica
(100 ± 30 µg/100 g). These findings call for a further investigation as
this could be a new sustabinable source for vitamin D3. The microalgae
N. oceanica is not yet approved for human consumption, therefore ne-
cessary approval e.g. in Europe as a novel food, may either be as a food
or an ingredient. Microalgae might be used in fortified food (e.g. juice
or bread) or as supplement, especially for vegetarians and vegans.

4.2. Origin of vitamin D3 in Nannochloropsis oceanica

Presence of vitamin D3 in N. oceanica indicates high levels of pro-
vitamin 7-dehydrocholesterol in this species, which is being converted
to vitamin D3 by UVB exposure. Sterols in microalgae display large
diversity due to the wide phylogenetic heterogeneity and the long
evolutionary distance among them. Microalgal sterol composition
varies also upon different growth stage, temperature, light intensity and
spectra (Véron et al., 1996). Interestingly, N. oceanica sterol biosyn-
thetic pathway shares structure and sterol profiles features with both
animals and plants (including green algae). The key enzyme catalyzing
sterol side chain reduction (sterol-24(25)-reductase) is different from
that of higher plants. Amino acid sequence analysis of the enzyme
showed that is clustered with that of Choanoflagellates (assumed to be
unicellular ancestor of animals) (Lu et al., 2014), which suggests the
origin of N. oceanica. Cholesterol has been found to be the most
abundant sterol in N. oceanica, 70–75% of the total sterol content, while
only a minor amount of the phytosterols was found (Lu et al., 2014). In
plants, cholesterol is normally a minor component among sterols, and it
usually constitutes from 1% to 5% of the overall sterol composition,
while phytosterols are the dominant sterols in plants (Carland, Fujioka,
& Nelson, 2010). This unusual feature most likely explains the ability of
N. oceanica to produce vitamin D3. Existing literature describing the
presence and regulation of vitamin D3 and 7-dehydrocholesterol in
microalgae and plants has been reviewed (Jäpelt & Jakobsen, 2013),
but knowledge is still very limited. However, the presence of choles-
terol in some of the microalgal species raises the possibility that 7-de-
hydrocholesterol could be formed in these organisms. Since the other
cultivated species were not able to synthesize vitamin D3 after UVB
exposure, it can be suggested that tested strains of Chlorella minutissima,
Arthrospira maxima and Rhodomonas salina do not contain 7-dehy-
drocholesterol.

4.3. Changes in the microalgal biomass as a result of UVB exposure

Microalgal growth is considered an important parameter that in-
tegrates stress effects in several biochemical processes. Fig. 2 shows that
there was no significant difference in the biomass accumulation from
day 4 between the cultures that received the two lower UVB doses,
3 kJ/m2/day or 6 kJ/m2/day, compared to the control. Cultures that
have received UVB doses of 16 kJ/m2/day or 22 kJ/m2/day showed
significantly lower biomass accumulation compared to the rest of the
cultures. It can be observed that the time of adaptation (lag growth
phase) was longer for the cultures that received higher UVB doses.
However, all the cultures showed ability to grow or survive the given
UVB doses since there was no decrease in the biomass accumulation in
any of the cultures. There are a few studies on the effect of UVB on
growth in microalgae (Suresh, Joshi, & Viswanathan, 1998; Van de Poll,
Eggert, Buma, & Breemann, 2001; Kumar, Nanda, Kumar, & Chauhan,
2018). The results have mostly showed negative effect of UVB on the
growth of algae, which is in the agreement with our results. Suresh
et al. (1998) investigated effects of UVB on the growth and composition
of cyanobacteria Nostoc spp. UVB dose of only 3 kJ/m2/day (for four
days) resulted in the reduction of growth by 50%. Further increase in
the UVB dose to 4 kJ/m2/day showed total inhibition in the growth of
the culture. It was suggested that the total inhibition happened due to
irreversible damage to photosynthetic apparatus (Quesada & Vincent,

1997). Based on the comparison of these studies with the current one, it
can be noticed that N. oceanica exhibited high damage resistance to-
wards UVB considering the drastically higher UVB doses applied.

Enhanced UVB exposure on microalgae may result in damaging cells
and on the other hand may exhibit protection or defense mechanisms to
prevent the cell death (Xue, Zhang, Zhang, An, & Wang, 2005). Mi-
croalgae face high levels of stress when exposed to UVB exposure and
were usually found to respond with reversible photoinhibition
(Franklin, Osmond, & Larkum, 2003; García-Gómez et al., 2012).
Therefore, UVB radiation may affect primarily photosynthesis but also
growth, pigmentation, general metabolism, and nitrogen fixation (Xue
et al., 2005). These effects are the results of either direct impact of UVB
on membrane proteins, DNA, enzymes and pigments or indirect impact
of UVB by the formation of reactive oxygen species. Kumar, Tyagi, Nath
Jha, Srinivas, and Singh (2003) studied protective mechanisms against
UVB damage in microalgae and reported the presence of photo-
reactivation mechanism, which allows survival under natural condi-
tions, even under continuous exposure to UVB. The “safe” dose of UVB
will depend upon the species, but if growth is being observed under
UVB exposure it suggests the presence of the photoreactivation me-
chanisms in the cells. In addition, repair-capacity increases when UVB
exposure is accompanied by low intensity visible light (below 300 μmol
photon/m2/s) because it is assumed that the visible light can enhance
protection against photo-damage. Several microalgal species are able to
produce UV-absorbing compounds, which may protect cells from un-
wanted effects of UVB (Pangestuti, Siahaan, & Kim, 2018). Some of the
most known compounds are water soluble mycosporine-like amino
acids and pigment scytonemin. Further studies are needed to confirm
whether such compounds were formed in N. oceanica. Besides UV ab-
sorbing compounds, another result of the UVB exposure may be the
accumulation of detoxifying enzymes such as superoxide dismutase,
catalase and quenching agents like carotenoids. However, in the present
study the content of carotenoids decreased with increasing exposure to
UVB. Even though carotenoids may be synthesized in microalgae due to
the UVB exposure, at the high UVB doses, such as above 3 kJ/m2/day,
they can be rapidly oxidized in order to protect the cells against the
photo-damage.

Microalgae are of industrial interest because of their e.g. rapid
growth and ability to synthesize large amounts of lipids, high-value
PUFAs and carotenoids. These high value compounds were highly af-
fected by the UVB exposure. Lipid content of N. oceanica significantly
decreased after applying UVB dose of 3 kJ/m2/day and 6 kJ/m2/day,
but interestingly UVB dose of 16 kJ/m2/day resulted in the significant
increase in lipid content. It is known that some microalgal species can
accumulate lipids as a result of environmental stress, which could be
the reason why the lipid content increased after the exposure to such a
high dose of UVB. Microalgae have the ability to overproduce lipids
under stress condition such as high salt concentrations, high light in-
tensities, or nutrient limitation (Sun, Ren, Zhao, Ji, & Huang, 2018).
However, that means that the two other tested UVB doses do not re-
present the environmental stress for N. oceanica, which is also sup-
ported by the growth trend data (Fig. 2). Furthermore, it can be as-
sumed that the decrease in the lipid content of the cultures exposed to
the lower UVB doses was a result of a biosynthetic shift towards pro-
duction of carbohydrate and protein. However, more experiments need
to be carried out to confirm these assumptions.

Our study revealed decrease in PUFAs, carotenoids and chlorophylls
content compared to the control. PUFAs content decreased 9% when
exposing cultures to 3 kJ/m2/day and 6 kJ/m2/day compared to the
control. After exposing the culture to 16 kJ/m2/day, PUFAs content
decreased 18%. Kumar et al. (2018) examined the effect of UVB light on
the content of carotenoids and fatty acids in microalga Chlorella sor-
okiniana. The given UVB dose was 0.04 kJ/m2/day for four days. They
reported a decrease in the lipid content of 19% compared to control.
Similar to the current study, they have observed an increase in mono-
unsaturated fatty acids (MUFAs) and a decrease in PUFAs levels, which
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is most likely the result of lipid oxidation. Also, another suggestion is
that for PUFA synthesis high levels of the adenosine triphosphate (ATP)
molecules are required, but under UVB exposure, ATP is being used by
the different mechanisms in order to protect the cell against in-
tracellular oxidative stress (Talero et al., 2015). Carotenoids and
chlorophylls showed the same pattern as the PUFAs, with the maximum
decrease of 76% and 81%, respectively. Suresh et al. (1998) reported a
chlorophyll content reduction of 26% and 35% when the Nostoc spp.
cultures were exposed to UVB at 3 kJ/m2/day and 4 kJ/m2/day, re-
spectively. A significant decrease in carotenoid contents was also ob-
served in UV treated biomass with 31.4% decrease compared to control.

5. Conclusion and perspectives

Microalga Nannochloropsis oceanica was able to naturally produce
high levels of vitamin D3 by exposure to artificial UVB. Chlorella min-
utissima, Arthrospira maxima and Rhodomonas salina were not able to
produce vitamin D3 and the UVB exposure had inhibitory effect on their
growth. For N. oceanica vitamin D3 production was significantly en-
hanced by increasing the dose of the UVB exposure and there was a
linear relationship between the dose and the vitamin D3 production.
High UVB doses were shown to have an adverse effect on the growth
and content of PUFAs, chlorophylls and carotenoids. These findings
suggest that N. oceanica exposed to artificial UVB could be used as a
new natural source of vitamin D3.

Microalgae are an extremely diverse group of organisms with a long
evolutionary history, and therefore, it is still hard to make any con-
clusions about microalgae and vitamin D3 production in general. Based
on this study, for microalgae N. oceanica, UVB dose of 6 kJ/m2/day may
be suggested as a compromise, where biomass will contain sufficient
amounts of vitamin D3, PUFAs and carotenoids.

These findings may present a new opportunity for a biorefinery
concept for microalgae in which both PUFAs, vitamin D and pigments
could be obtained. Though, more research needs to be conducted in
order to determine the presence of vitamin D3 in other microalgal
species considering geographic factors including the areas with the high
light intensities over the year that might provide the UVB dose that can
naturally trigger the production of vitamin D3. Another important task
to be considered is evaluating both bioaccessibility and bioavailability
of vitamin D3 from N. oceanica in order to discuss the potential role of
microalgae as a new natural source of vitamin D3 in human diet.
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Abstract 

There has been a rise in awareness about the low dietary intake of vitamin D worldwide. Besides 

being provided through the diet, vitamin D3 can be synthesized in skin when exposed to UVB 

light. UVB light triggers the conversion of naturally present 7-dehydrocholesterol (provitamin D3) 

to vitamin D3 in skin. In this study four microalgal species, Tetraselmis suecica, Dunaliella salina, 

Nannochloropsis oceanica and Nanochloropsis limnetica were cultivated and exposed to UVB (15 

kJ/m2/day for 3 days) in order to investigate their ability to produce vitamin D3 by conversion of 

7-dehydrocholesterol. In addition, N. oceanica was exposed to UVB as a wet paste and dried 

biomass in order to investigate vitamin D3 production at different processing steps. Other fat-

soluble vitamins and provitamin D3, lipids, fatty acids, proteins and amino acids were determined 

to evaluate the effect of UVB exposure in N. oceanica and D. salina. Most of the cultures were 

capable of producing vitamin D3 when UVB exposed (D. salina (145 ± 11 ng/g DM), N. oceanica 

(285 ± 5 ng/g DM), and N. limnetica (2700 ± 198 ng/g DM)), whereas T. suecica was not able to 

produce vitamin D3. UVB exposed wet paste and dry biomass of N. oceanica was shown to contain 

lower levels of 7-dehydrocholesterol and vitamin D3, 13 ± 0.4 ng/g DM and 2 ± 0.2 ng/g DM, 

respectively, which suggest that the production of 7-dehydrocholesterol is increasing during UVB 

exposure of the growing diluted cultures. UVB stimulated accumulation of α-tocopherol and β-

carotene in D. salina and α-tocopherol in N. oceanica. On the contrary, UVB had an adverse effect 

on the protein content in D. salina and β-carotene content in N. oceanica. These findings suggest 

that UVB exposed microalgae has a potential as a new, vegan, natural and sustainable source of 

vitamin D3. 

Key words: Nannochloropsis, Dunaliella, 7-dehydrocholesterol, α-tocopherol, β-carotene, 

vitamin K 
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1. Introduction 

Microalgae have a potential to serve as cell factories for the production of several bioactive 

compounds. Over the last two decades, microalgae have been highly explored for the production 

of metabolites such as carotenoids and long-chain omega-3 polyunsaturated fatty acids (LC-

PUFA), which are widely used in nutraceutical industry as food supplements and in aquaculture 

for improving the nutritional value of feed. Abiotic factors such as light, temperature, nutrients or 

pH can be manipulated during the growth in order to enhance production of molecules of interest 

[1]. Several studies have reported that high light intensities and ultraviolet (UV) radiation may 

stimulate accumulation of lipids, carotenoids and other metabolites as well as enhance cell lysis 

and lipid extraction [2,3,4]. UV radiation affects microalgal cell physiology either directly or by 

the reactions mediated by the UV-induced reactive oxygen species (ROS). However, microalgae 

have evolved several lines of resilience mechanisms, such as synthesis of protective antioxidants 

(including carotenoids and tocopherols), UV absorbing mycosporine-like amino acids and pigment 

scytonemin, to prevent the harmful effects of UV radiation [5].   

Microalgae are a source of both fat-soluble and water-soluble vitamins [6]. Vitamin D is a lipid 

soluble vitamin that occurs in two main forms: vitamin D3 (cholecalciferol) and vitamin D2 

(ergocalciferol). Vitamin D3 and its metabolites are found mainly in foodstuffs of animal origin, 

such as fish, eggs and meat, whereas vitamin D2 can be found in wild mushrooms and UVB 

exposed fungi and yeast [7]. After ingestion, vitamin D is initially converted to 25-hydroxyvitamin 

D in liver, and further hydroxylated to the metabolically active form 1,25- dihydroxyvitamin D in 

the kidney [8]. 1,25- dihydroxyvitamin D plays an important role in regulating levels of calcium 

in the human body and consequently bone tissue formation as well as other essential functions in 

the organism [9]. Several studies have shown that vitamin D3 supplementation is more effective in 

raising serum 25-hydroxyvitamin D levels than vitamin D2 supplementation [10,11,12]. Besides 

being provided through the diet, vitamin D3 can be synthesized in skin when exposed to sun light. 

UVB light triggers the conversion of naturally present 7-dehydrocholesterol (provitamin D3) to 

vitamin D3 [8]. However, vitamin D3 synthesis in skin can be significantly reduced due to the 

geographic latitude, low outdoor activity, immobility of elderly people or severe air pollution [13].  

Both vitamin D2 and D3 supplements can be found on the market. Vitamin D3 is produced by 

converting lanolin, derived from sheepwool, into 7-dehydrocholesterol, which is then converted 
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to vitamin D3 by UVB irradiation. To our knowledge, wild lichens, which are fungi in a symbiotic 

relationship with algal cells, are the only commercially available vegan source of vitamin D3. 

Wang et al. [14] reported content of vitamin D3 to be 0.67-2.04 µg/g dry matter in lichens (Cladina 

arbuscula). However, wild lichens are slow growing organisms. For most of the species the growth 

rate is below 1 mm per year [15], which makes lichens a non-sustainable source of vitamin D3. 

Microalgae, on the contrary, are rapid growing microorganisms that can be cultivated in a large 

scale in a controlled environment. Derived microalgal products may be more suitable for 

formulation into food products, due to the presence of other bioactive compounds such as protein, 

omega-3 fatty acids and β-carotene. Furthermore, in recent years consumer preferences toward 

vegan, natural and sustainable food, as well as general low dietary intake of vitamin D, is giving 

rise to the exploration of other potential sources of vitamin D3. 

The number of studies investigating vitamin D3 in microalgae is very limited [16,17,18]. Previous 

studies suggested that vitamin D3 present in fish originates from zooplankton and microalgae 

[16,17]. However, only recently, as a part of our previous work [19], specific microalgae species 

was reported to have the ability to naturally produce vitamin D3 after UVB exposure. The 

microalgae Nannochloropsis oceanica was shown to produce relatively high levels of vitamin D3 

(1 ± 0.3 µg/g dry matter) after exposing growing cultures to UVB. Even though it is hard to make 

any general conclusions about the connection between sterol composition and ability of microalgae 

to synthesize vitamin D3, we assume that the presence of cholesterol in microalgae indicates the 

ability of vitamin D3 synthesis. Therefore, it can be assumed that there are more microalgal species 

with the ability to produce vitamin D3. Furthermore, it is still not known if microalgae use a similar 

mechanism of vitamin D3 biosynthesis as that in the vertebrate and human skin or if they use some 

other metabolic pathways. Therefore, in this study four microalgal species, from classes known to 

contain cholesterol, Tetraselmis suecica (Prasinophyceae), Dunaliella salina (Chlorophyceae), 

Nannochloropsis oceanica (Eustigmatophyceae) and Nanochloropsis limnetica 

(Eustigmatophyceae), were cultivated and exposed to UVB in order to investigate their ability to 

produce vitamin D3. In addition, Nannochloropsis oceanica was cultivated and exposed to UVB at 

three different stages (during the growth, after harvesting and after drying) in order to investigate 

the production of vitamin D3 at different processing steps. Besides vitamin D, the provitamin D3 

(7-dehydrocholesterol), and other high-value ingredients with beneficial health effects such as fat-
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soluble vitamins (A, E and K), lipids, fatty acids, proteins and amino acids were determined to 

evaluate the effect of UVB exposure on the microalgae biomass.      

 

2. Materials and methods 

2.1 Microalgae production  

Marine microalgal species, Tetraselmis suecica (NIVA-3/10), Dunaliella salina (NIVA-CHL 163) 

and Nannochloropsis oceanica (NIVA 2/03), were purchased from Norwegian Institute for Water 

Research, Oslo, Norway. Fresh water species, Nanochloropsis limnetica (SAG 18.99), was 

purchased from Culture Collection of Algae, Göttingen, Germany. Marine species were cultivated 

in Guillard F/2 medium [20] and Walne´s medium [21] was used for cultivating fresh water 

species. The cultivation was carried out in triplicates using 1 L and 5 L GS Schott bottles. The 

cultures were aerated and mixed with sterile air. pH monitoring was performed by Milwaukee MC-

122-pH controller (Milwaukee Electronics, Szeged, Hungary) equipped with a solenoid valve for 

controlling CO2 addition. Cultivation temperature was 22±1 °C and pH 7.5±0.5. Provided LED 

lights (SunFlux A/S, Glostrup, Denmark) had an intensity of 110-120 μmol photon/m2/s, measured 

on the outer side of the bottle (Universal Light Meter ULM-500, Heinz Walz GmbH, Effeltrich, 

Germany). Cultures, in their exponential growth phase, were transferred from 5 L GS Schott 

bottles into transparent, rectangle-shaped, plastic containers (25 cm x 15 cm x 20 cm) for UVB 

experiments. Microalgal growth was estimated by taking 5 mL of the culture every 24 hours and 

measuring optical density at 750 nm. 

 

2.2 UVB treatment 

UVB lamps (280-315 nm) (Arcardia Reptile T5 54W D3+ Fluorescent Lamps, RFD3P54T5) were 

placed over the container at a distance of 15 cm above the surface of the cultures providing the 

UVB dose of 15 kJ/m2/day for 3 days. For quantification of UVB irradiance dose, a handheld ILT 

1400-BL photometer equipped with a SEL005/TLS312/TD detector (International Light 

Technologies, Peabody, MA, USA) was used. Cultures were continuously aerated in order to 

provide mixing and homogenous exposure. The same cultivation conditions were applied during 

the exposure as described above (2.1).  
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After the UVB treatment cultures were centrifuged (refrigerated centrifuge, IEC Centra-GP8R, 

Buckinghamshire, England) at 6000 g for 5 minutes in order to separate the biomass from the 

medium, followed by freeze-drying (Beta 1-8, Martin Christ GmbH, Osterode, Germany). Samples 

were stored at -20 °C until the analysis.  

UVB treatment given to harvested biomass (after centrifugation) and freeze-dried biomass was 

performed only for N. oceanica. The same UVB treatment was applied as described above for the 

live cultures. Concentrated biomass (5%, w/w) was poured into a round glass plate (20 cm 

diameter) in a 2 cm thick layer. The biomass was mixed by placing the plate in an orbital platform 

shaker (Heidolf instruments GmbH, Schwabach, Germany) during the UVB exposure. For the 

freeze-dried samples, the biomass was spread in a plastic container (10 cm x 10 cm) in a 3-5 mm 

thick layer. For all the experiments, control cultures received no UVB exposure. 

 

2.3 Biochemical analysis 

Total lipid content 

Lipid extraction was done according to method by Bligh & Dyer [22], with a reduced amount of 

solvent (30 mL of each). Approximately 50 mg of the freeze-dried biomass was weighted into 

extraction glass and lipids were extracted by subsequent addition of methanol, chloroform and 

water while stirring. In order to separate phase methanol/water from chloroform/oil, the mixture 

was centrifuged at 1400 g for 10 min. Obtained lipid extracts were used for analyses of the total 

lipid content and fatty acid composition. The total lipid content was determined by weighing 

approximately 15 g of extract in beakers and keeping it overnight in a fume hood in order to 

evaporate chloroform.  

Fatty acids 

Fatty acid composition was determined based on the American Oil Chemist´s Society (AOCS) 

official method Ce 1i-07 [23] with some modifications [24]. Approximately 3 g of the obtained 

lipid extract was weighted in methylation glass tube and dried under the nitrogen stream. Dry 

extract was mixed with 0.1 mL of internal standard solution (C23:0), 0.1 mL of toluene and 0.2 

mL of heptane with butylated hydroxytoluene (BHT). Methylation was carried out in a microwave 

oven (Microwave 3000 SOLV, Anton Paar, Ashland, VA, USA) at 100 °C and power of 500 watts 

for 10 min After methylation, 0.7 mL of heptane and 1 mL of saturated salt water (0.36 g NaCl/g 

H2O, at 20°C) were added to the sample. The upper phase of the mixture (heptane) was transferred 
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into GC vials and analysed by gas chromatography (HP-5890 A, Agilent Technologies, Santa 

Clara, CA, USA). Fatty acid methyl esters were separated by the GC column Agilent DB wax 127-

7012 (10 m x 100 μm x 0.1 μm) (Agilent technologies, Santa Clara, CA, USA). Standard mix of 

fatty acids methyl esters (Nu Check Prep 68D, Elysian, MN, USA) was used for identification of 

each fatty acid. Quantification was done by internal calibration using C23:0 FAME. Fatty acids 

were reported as mg/g dry biomass.  

Amino acids and protein  

The amino acid composition was determined using Phenomenex EZ:faastTM amino acid analysis 

kit (Phenomenex Inc. CA, USA). Approximately 10 mg of freeze-dried microalgal biomass was 

weighted in glass vials and mixed with 1mL of 6 M HCl. Hydrolysis was carried out in an oven at 

110 °C for 18 hours. Amino acid derivatization was performed by several clean-up steps, according 

to the user manual EZ:faastTM, in order to remove matrix interference. For the amino acid 

composition determination liquid chromatography with Agilent 1100 series LC/MSD Trap mass 

spectrometry (Agilent technologies, Santa Clara, CA, USA) was used. Applied column was 

EZ:fastTM LC-MS column (250 x 3.0 mm, Phenomenex, Torrance, CA, USA). Amino acids were 

quantified using Agilent MassHunter software (Quantitative Analysis 10.1.) and reported as µg/g 

of dry biomass.  

Protein content was calculated as the sum of individual amino acids after subtraction of the 

molecular weight of H2O, which was added during hydrolysis.  

Vitamin D and 7-dehydrocholesterol 

Vitamin D and 7-dehydrocholesterol determination was performed as described by Barnkob et al. 

[25], by a minor modification of the LC-system. Briefly, 0.1 g of freeze-dried microalgal biomass 

was weighed and mixed with 8 ng of d6-vitamin D3 and 40 ng of d7-dehydrocholesterol 

(Chemaphor, Ottava, Canada) as internal standards. The samples were saponified by adding 

ethanol and potassium hydroxide overnight at room temperature. The unsaponifiable matter was 

extracted using 20% ethyl acetate in n-heptane by liquid/liquid extraction and cleaned-up by a 

SPE-hybrid solid-phase extraction followed by derivatization step with 4-phenyl-1,2,4-triazole-

3,5-dione (PTAD; Sigma-Aldrich, Steinheim, Germany) for 5 min in darkness. Quantification of 

vitamin D2 and vitamin D3 was carried out using a LC-MS/MS (Agilent 1200 Series HPLC and 

Agilent 6470 Triple Quadrupole MS) (Santa Clara, CA) coupled with a C18 column (Ascentis 

Expess, 2.1 mm x 10 cm, 2.7 μm;  Supelco Analytical,  Bellafonte, PA). For vitamin D the gradient 
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was a combination of water:methanol, while for 7-dehydrocholesterol a combination of 

acetonitrile:water and methanol. All mobile phases contained 2.5 mM ammoniumformate. Content 

of vitamin D2 and D3 was reported as ng/g dry biomass.  

β-carotene and α-tocopherol 

Approximately 0.1 g of freeze-dried biomass was weighed and mixed with 10 mL of 60% KOH 

and ethanol. The samples were saponified over night at room temperature. Following step included 

addition of ethanol/H2O (50:50) to reach 100 mL. For the analyses of α-tocopherol and β-carotene 

2 mL of the saponified solution were transferred into each of the two separate glass tubes. Mixture 

of heptane/ethylacetate (80:20) was used for liquid/liquid extraction in order to separate the 

organic phase. Extraction was repeated three times by using 5 mL of the mixture and extracts were 

collected subsequently. The collected extracts were evaporated to dryness in a vacuum centrifuge 

(Christ ColdTrap CT 04-50) and dissolved in a corresponding mobile phases.   

β-carotene analysis was performed by using HPLC, Agilent 1100 Liquid Chromatograph equipped 

with DAD 400-700 nm. Separation was carried out on a Zorbax Eclipse C8 column 150 mm x 46 

mm x 3.5 μm (Phenomenex Inc. CA, USA). The mobile phase was a mixture of 70% methanol + 

30% of 0.028 M tertiary butyl ammonium acetate in water used for gradient elution as described 

by Safafar et al. (2015). Flow rate was 1.1 mL/min and a run time 40 min. DHI pigment standard 

mix (DHI LAB Products, Horsholm, Denmark) was used for identification of peaks. Internal 

standard, BHT was detected at 280 nm, while detection of β-carotene was done at 440 nm. β-

carotene was reported as µg/g dry biomass. 

For the α-tocopherol analysis, dry extracts were dissolved in 1 mL of isopropanol:heptane 

(0.5:99.5, v/v). The mixture was filtered through 0.22 μm PTFE syringe filter and 20 μL of filtrate 

was injected to HPLC. Analysis was performed based on the AOCS official method as (Firestone, 

2009) using an Agilent 1100 Liquid Chromatograph equipped with a fluorescence detector. The 

flow rate was 1.0 mL/min. The separation was carried out in isocratic mode using the Spherisorb 

column (250 mm x 4.6 mm, 5 μm). Identification of peaks was done using tocopherol standards 

(Calbiochem, Merck Millipore). α-tocopherol was expressed as μg/g DM. 

Vitamin K 

Phylloquinone (vitK1) and meanquinone-4 (MK-4) were quantified using an LC-MS/MS method 

thoroughly described elsewhere [26]. In short, approximately 0.02 g of freeze-dried sample was 

mixed with the internal standards (d7-phylloquinone and d7-menaquinone-4). The sample was 
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heated in 2-propanol at 100 °C for 15 min, and extracted to heptane. Followed by enzymatic 

hydrolysis with lipases for 1 hour at 37 °C, extracted to heptane, and evaporated. Cleaned up on a 

silica SPE column and evaporated. Diluted in methanol for separation, detection and quantification 

using the same LC-MS/MS-system as used for vitamin D, but with a gradient combined of 

water:methanol (10:90 v/v) and ethanol which both contain 2.5 mM ammonium phosphate. 

Phylloquinone and menaquinone-4 are expressed as ng/g dry matter. 

 

2.5 Statistical analysis 

All biological experiments were performed in triplicates. The results are given as the mean ± 

standard deviation (SD). T-test and one-way analysis of variance (ANOVA) was used to determine 

significant difference in the metabolite content between the groups where p-values ˂ 0.05 were 

considered significant. Shapiro-Wilk test was performed to test that data have met the assumption 

of normality. The Statgraphics Centurion v. 18 software (Statpoint Technologies, Inc., USA) was 

used for all the statistical analyses. 

 

3. Results and discussion  

3.1. Vitamin D content in microalgae exposed to artificial UVB  

The content of vitamin D2, D3 and 7-dehydrocholesterol in selected microalgal species is displayed 

in Table 1. It can be observed that in non-exposed microalgal biomass levels of vitamin D2 and D3 

were below the level of quantification, except for D. salina where relatively low levels of vitamin 

D2 were detected. UVB exposed D. salina contained extremely high amounts of vitamin D2 (38000 

± 1300 ng/g DM). However, due to the fact, that cultivated cultures were not axenic, it cannot be 

ruled out that the cultures might have contained yeast, which produce ergosterol as their major 

sterol. Notable amounts of vitamin D3 were found in both of the Nannochloropsis species and D. 

salina, which proves that UVB triggers the production of vitamin D3 in some of the microalgal 

species. Vitamin D3 content in UVB exposed N. limnetica showed remarkably high levels, 2700 ± 

198 ng/g DM, several times higher compared to the levels in N. oceanica and D. salina. To put 

these values into perspective, wild caught salmon, which is a very rich source of vitamin D3, 

contains 70-270 ng/g vitamin D3 [27]. Content of vitamin D3 found in N. limentica was at least ten 
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times higher. The recommended daily intake of vitamin D3 is 10-20 µg per day [28,29], which 

corresponds to approximately 0.37-0.74 g of dry N. limnetica.  However, it needs to be noted that 

our results are reported as an amount of vitamin D3 per dry weight of micoalgal biomass, which 

makes it more concentrated compared to fresh salmon. Also, growth rate of N. limnetica was 0.09 

day-1, which was two times lower compared to N. oceanica and D. salina with 0.20 day-1 and 0.18 

day-1, respectively. Ma et al. [30] reported that N. limnetica is the species from the Nannochlorpsis 

genus with the lowest growth rate compared to the remaining five species. Due to the low growth 

rate, the final concentration of the N. limnetica culture was 0.22 g/L, whereas the concentration of 

the N. oceanica culture was 1.37 g/L (data not shown). Since the culture of N. limnetica had lower 

turbidity compared to other cultures, penetration and availability of the UVB light might have also 

been higher compared to the more turbid culture of N. oceanica. In our previous study, it was 

reported that the vitamin D3 content increases with an increase of the given UVB dose [19]. 

Therefore, it can be assumed that a relatively higher UVB dose per g of microalgae biomass was 

applied to N. limnetica culture, due to the lower turbidity compared to the other cultures. 

 

Table 1. Content of vitamin D2, D3 and 7-dehydrocholesterol (ng/g dry matter) in non-exposed 

and UVB exposed microalgal cultures. Values are expressed as mean ± SD of n = 3, except for 

N. limnetica where n = 2.  

  Non-exposed UVB exposed 

Microalgae 

species 

Vitamin D2 

(ng/g) 

Vitamin D3 

(ng/g) 

7-dehydro- 

cholesterol 

(ng/g) 

Vitamin D2 

(ng/g) 

Vitamin D3 

(ng/g) 

7-dehydro- 

cholesterol 

(ng/g) 

T. suecica <1 <1 - 111 ± 7 <1 - 

D. salina 50 <1 310 ± 85 38000 ± 1300 145 ± 11 664 ± 40 

N. limnetica - - - 920 ± 88 2700 ± 198 
18500 ± 

2000 

N. oceanica* <1 <1 328 ± 17 102 ± 6 285 ± 5 992 ± 129 

N. oceanica** <1 <1 - 4443 ± 200 13 ± 0.4 234 ± 9 

N. oceanica*** <1 <1 - 3 ± 0.3 2 ± 0.2 142 ± 17 

*Growing diluted culture; **Harvested biomass; ***Freeze-dried biomass; - not analysed.  
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Exposing diluted growing cultures to artificial UVB at a large scale might be costly and 

impractical. Therefore, vitamin D production in concentrated harvested biomass or dried biomass 

would be advantageous. The biofortification of foods by UVB exposure was already performed 

e.g. on mushrooms for vitamin D2 and on pork for production of vitamin D3 [31, 25]. During the 

production, the mushroom puree passes under a UVB lamp in order to induce the conversion of 

provitamin D2 to vitamin D2 [32]. Similar setting was assumed to be applicable for microalgae 

biomass as well. However, this study showed significant difference in the vitamin D content of the 

N. oceanica biomass that was UVB exposed during the growth, after the harvesting step 

(centrifugation) or as a dry biomass (Table 1). Even though the biosynthetic pathway for 

cholesterol and 7-dehydrocholesterol in microalgae is unknown, it was assumed that microalgae 

synthesize 7-dehydrocholesterol using the same pathway as vertebrates. To our surprise, the results 

indicate that the production of vitamin D in high concentration was not possible unless the growing 

diluted cultures were exposed to UVB, which rises a question about the biosynthetic pathway for 

the production of vitamin D in microalgae. UVB exposed diluted growing cultures of D. salina 

and N. oceanica contained 2-3 times higher concentration of 7-dehydrocholesterol compared to 

non-exposed cultures, which indicates that UVB might stimulate synthesis of vitamin D 

precursors. Content of the 7-dehydrocholesterol was approximately 3 times higher than vitamin 

D3 in the UVB exposed diluted growing cultures of N. oceanica, but the difference was much 

higher for the cultures exposed post-harvested. Based on those results it can be concluded that 

conversion of 7-dehydrocholesterol to vitamin D3 was lower as the density of microalgal culture 

increases (live culture ˃ harvested biomass ˃ dry biomass). These findings indicate the possibility 

of active and continuous synthesis of vitamin D3 precursors in UVB exposed growing cultures, 

which is not the case in harvested and dry biomass where metabolic activity decreases. Another 

reason could be the lower accessibility and assimilation of UVB light in the up-concentrated/dry 

cultures.      

As mentioned previously, it has been assumed that the sterol composition of microalgal species 

indicates their ability to produce vitamin D3 as 7-dehydrocholesterol, which can be 

photochemically converted to vitamin D3 in skin, is a cholesterol precursor. Volkman [33] reported 

that microalgae from the genus Nannochloropsis contain a dominance of cholesterol (> 75%), 

which agrees with our findings. However, Jo et al. [34] found that cholesterol was one of the major 

sterols in T. suecica, which according to the present study was not able to produce vitamin D3. 
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Thus, presence of cholesterol does not necessarily determines if microalgae has the ability to 

produce vitamin D3. In addition, sterol composition in microalgae highly deviates depending on 

cultivation parameters and growth phase [33], which may also affect the synthesis of vitamin D 

precursors in the cell.  

 

3.2.Effect of UVB on a naturally present bioactive compounds in D. salina and N. oceanica 

Protein and lipids 

Figure 1 shows protein and lipid content before and after UVB exposure in N. oceanica and D. 

salina. Protein content of N. oceanica showed no significant difference before and after UVB 

exposure, 22.7 ± 1 % DM and 26.1 ± 2 % DM, respectively. On the contrary, D. salina showed 

significant decrease in the protein content after UVB exposure, from 38.3 ± 4 % DM to 22.7 ± 3 

% DM. Previous studies have reported that UVB exposure can lead to a significant reduction in 

protein content of microalgae [35,36]. On the contrary, Kumar et al. [37] reported increase in 

protein content after exposing microalgae to UVB. It has been shown that the nitrogen fixing 

enzyme, nitrogenase, is highly sensitive to UV radiation. In addition, UV radiation especially 

damages proteins rich in aromatic amino acids such as histidine, phenylalanine and tyrosine 

because of their absorption abilities in the UV part of the spectra [38]. All of the mentioned 

aromatic amino acids were found in both N. oceanica and D. salina and the content has 

significantly decreased after UVB exposure, which is shown in Table 2.     

Table 2. Content of amino acids (mg/g dry matter) in N. oceanica and D. salina biomass before 

and after UVB treatment. Values are expressed as mean ± SD of n = 3. Different letters in the same 

column (for each species) represent significant differences (p < 0.05). 

 N. oceanica D. salina 

Amino acid Non-exposed UVB exposed Non-exposed UVB exposed 

ARG 13.6 ± 2.2a 9.8 ± 1.1a 19.2 ± 3.9a 9.5 ± 2.8b 

SER 11.4 ± 0.8a 9.5 ± 0.5a 15.1 ± 2.9a 9.6 ± 2.9b 

HYP 0.7 ± 0.1a 0.4 ± 0.3a 1.0 ± 0.2a 1.1 ± 0.2a 

GLY 12.6 ± 0.4a 10.8 ± 0.5b 17.9 ± 0.7a 12.1 ± 1.6b 

THR 16.5 ± 0.7a 14.5 ± 1.0a 20.7 ± 2.7a 14.3 ± 2.4b 



12 
 

ALA 16.7 ± 0.7a 14.5 ± 0.6b 21.7 ± 2.7a 13.9 ± 2.4b 

PRO 13.4 ± 0.8a 13.0 ± 0.1a 20.1 ± 0.8a 13.2 ± 0.4b 

MET 3.2 ± 0.3a 2.3 ± 1.0a 7.5 ± 0.3a 3.2 ± 2.6b 

ASP 34.8 ± 3.4a 30.2 ± 3.0a 51.1 ± 4.4a 29.1 ± 4.0b 

VAL 36.2 ± 2.1a 31.1 ± 2.7a 50.3 ± 4.2a 30.3 ± 1.4b 

HIS 5.2 ± 0.3a 4.2 ± 0.1b 8.0 ± 0.5a 5.7 ± 0.2b 

LYS 24.9 ± 3.3a 22.0 ± 2.0a 40.7 ± 5.1a 18.9 ± 6.0b 

GLU 49.0 ± 15.1a 49.7 ± 9.9a 74.8 ± 17.2a 45.5 ± 14.8a 

LEU 24.3 ± 0.7a 19.2 ± 0.8b 34.6 ± 1.9a 21.3 ± 1.4b 

PHE 13.1 ± 0.9a 10.7 ± 0.6b 20.5 ± 0.6a 12.7 ± 0.5b 

ILE 19.5 ± 1.0a 16.3 ± 2.2a 28.1 ± 2.9a 15.4 ± 5.8b 

TYR 7.6 ± 0.4a 6.1 ± 0.2b 12.3 ± 0.5a 7.5 ± 1.4b 

 

Most microalgae accumulate lipids as an energy reserve when exposed to unfavourable conditions 

[1]. It has been suggested that UV radiation can reduce the ability of microalgae to absorb 

inorganic nutrients such as nitrogen, phosphate and carbon [5]. If nitrogen levels inside the cell 

decrease, photosynthesis will run at a lower rate. As a response to that state, photosynthetically 

fixed carbon diverts from the protein synthesis into the pathways for carbohydrate or lipid 

synthesis [39]. The total lipid content in D. salina showed significant increase after the UVB 

exposure, from 17.2 ± 0.2% to 22.9 ± 1.6% (Figure 1). Similar pattern was observed in N. oceanica. 

On the contrary, Kurinjimalar et al. [36] reported that lipid content in the microalgae Botryococcus 

braunii was significantly reduced after exposure to UVB (5 W/m2 for 15-60 min). Similarly, 

Kumar et al. [37] reported reduced lipid content in UVB exposed C. sorokiniana (5.7 W/m2 for 2 

h/day over four days). In the current study, microalgae were continuously exposed to UVB dose 

of 15 kJ/m2/day that corresponds 0.17 W/m2/day, which is notably lower compared to the previous 

studies. Based on the results, it can be assumed that N. oceanica and D. salina were able to adapt 

to the moderate UVB exposure, however, intense UVB exposure would have a greater impact on 

metabolic activity where defense mechanisms might not be able to prevent lipid or protein 

degradation.  
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Figure 1. The total lipid and protein content (% of the total dry weight) of N. oceanica and D. 

salina biomass before and after UVB exposure. The standard deviations are presented as bars 

(n=3). Different letters above the bars represent significant differences (p ˂ 0.05) within the same 

group of compounds, for each species separately. 

UVB has deleterious effects on several enzymes and biochemical pathways, especially those 

involved in the synthesis of fatty acids [5]. The content of SAFA, MUFA and PUFA in N. oceanica 

and D. salina, before and after UVB exposure, is presented in Figure 2. Both species showed 

significant increase in the content of SAFA and MUFA after UVB exposure, whereas levels of 

PUFA showed no significant difference. Even though PUFAs are susceptible to photooxidation 

due to the presence of double bonds, no significant difference was observed in the content of 

eicosapentaenoic acid (20:5 (n-3)) before and after UVB exposure, for both N. oceanica and D. 

salina. Content of EPA in N. oceanica was 19.9 ± 0.4 and 20.7 ± 0.9 mg/g in non-exposed and 

UVB exposed biomass, respectively. Similar pattern was observed for the major omega-3 fatty 

acid of D. salina, α-linolenic acid (18:3 (n-3)), with the content of 14.4 ± 1.1 and 12.7 ± 1.1 mg/g 

for non-exposed and UVB exposed biomass, respectively. Content of the dominant saturated fatty 

acids, palmitic acid (16:0), increased  more than 50% after UVB exposure, for both species, which 

indicates that the increase in the lipid content positively correlates with the synthesis of this 

saturated fatty acids. These findings show that vitamin D3 production can be achieved in both N. 

oceanica and D. salina, without the degradation of valuable omega-3 fatty acids due to UVB 

exposure. 
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Figure 2. Fatty acid content (mg/g dry matter) in N. oceanica and D. salina biomass before and 

after UVB exposure SAFA (saturated fatty acid), MUFA (monounsaturated fatty acid), PUFA 

(polyunsaturated fatty acid). Values are expressed as mean ± SD of n = 3. Different letters above 

the bars represent significant differences (p ˂ 0.05) within the same group of compounds, for each 

species separately. 

 

Fat-soluble vitamins  

Besides vitamin D, remaining lipid soluble vitamins: vitamin E (α-tocopherol), provitamin A (β-

carotene) and vitamin K (phylloquinone and menaquinone-4) were measured in the UVB exposed 

biomass of N. oceanica and D. salina (Table 3). Due to limitation in amounts of biomass, the 

analyses of non-exposed biomass were done as single determinations. In the statistical evaluation, 

we have assumed that the variation is similar to the results for the UVB exposed biomass. 

α-tocopherol is the only compound showing vitamin E activity in humans [40]. In microalgal cell, 

it protects against lipid peroxidation through the scavenging of free radicals [41]. In the current 

study, the content of α-tocopherol increased by 20% and 33% after the UVB exposure, for N. 

oceanica and D. salina, respectively. The results indicate that the increased synthesis of α-

tocopherol might be due to the increased need for regulation of homeostasis of ROS in cells to 

prevail against the UVB induced oxidative damage. 

β-carotene is an essential provitamin A for humans, and in microalgae accumulates as secondary 

metabolite under stress conditions (e.g., nutrients depletion, high light intensities) to protect the 
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cells from oxidative stress [42]. High light intensity and UV radiation may cause damage in light 

harvesting pigments, which results in a delayed transfer of excitation energy to photosystems, 

leading to a decrease in photosynthetic activity and growth [5]. However, as mentioned earlier, 

moderate UVB exposure can stimulate the production of carotenoids such as β-carotene. The 

content of β-carotene in UVB exposed biomass of N. oceanica decreased 20%, which is most 

likely result of oxidative degradation due to the UVB exposure. On the contrary, UVB exposed 

biomass of D. salina showed an increase of 16%. Kurinjimalar et al. [36] observed that content of 

total carotenoids was considerably reduced with an increase of the provided UVB dose (5 W/m2 

for 15 to 60 minutes). Similarly, Jiang and Qiu [43] observed that UVB exposure (3.15 W/m2 for 

8 hours) stimulated the increase in carotenoid during the first hours followed by a significant 

decline. Wang and Chai [44] found that a relatively short exposure to high UVB was more 

damaging to microalgal cell than a longer exposure to lower irradiance. Therefore, the applied 

UVB dose in the current study (15 kJ/m2/day, which corresponds 0.17 W/m2/day) can be defined 

as a moderate dose in relation to β-carotene and α-tocopherol content. Difference in the UVB effect 

between N. oceanica and D. salina might be due to the difference in the defense and tolerance 

mechanisms of these species (e.g. synthesis of antioxidants, accumulation of compounds that are 

able to absorb UV radiation). 

The vitamin K vitamers determined in this study were phylloquinone (K1 vitamin) and 

menaquinone-4 (K2 vitamer). Phylloquinone is found in plant organisms and food of animal origin 

e.g. meat, and its presence has been reported in microalgae by Tarento et al. [45]. In plant material, 

phylloquinone is bound to the chloroplast membrane and light quantity and quality may stimulate 

production of this vitamin because it acts as an electron carrier in photosystem I [46]. Surprisingly, 

N. oceanica showed very low levels of phylloquinone, both in UVB exposed and non-exposed 

biomass, without major variations. UVB exposed D. salina showed 71% decrease in 

phylloquinone content, which indicates that UVB exposure might have led to decomposition of 

phylloquinone. Menaquinone-4, commonly found in mammals and vertebrates, is being 

synthesized from phylloquinone [47]. There is a very limited literature on content of menaquinones 

(vitamin K2 vitamers) in microalgae [48]. Surprisingly high amounts of menaquinone-4 were 

found in both N. oceanica and D. salina, which raises a question if the same pathway for 

biosynthesis of menaquinone-4 as for mammals and vertebrates also exist in microalgae. Presence 
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of menaquinone-4 in microalgae has not been previously reported. In the current study content of 

menaquinone-4 decreased by more than 50% after exposing cultures to UVB. 

 

Table 3. Content of fat-solube vitamin or provitamin active compounds in N. oceanica and D. 

salina biomass before and after UVB treatment. Values are expressed as mean ± SD (n = 3) for 

UVB exposed cultures. 

 N. oceanica D. salina 

 Non-exposed UVB exposed Non-exposed UVB exposed 

α-tocopherol (µg/g) 568 708 ± 34 354 532 ± 46 

β-carotene (µg/g) 172 137 ± 7 184 220 ± 34 

Phylloquinone (ng/g) <10 <10 335 110 ± 20 

Menaquinone-4 (ng/g) 27000 11000 ± 400 13000 6200 ± 300 

 

As described above, functions of α-tocopherol, β-carotene and phylloquinone in microalgal cell 

are well defined. However, not much is known about the function of vitamin D and menaquinone-

4 in algae. Bjorn and Wang [49] suggested that provitamin D act as UVB photoreceptor due to the 

very high quantum yield for photo conversion. Due to the very limited number of studies on 

vitamin D and vitamin K in microalgae, more research is need in order to gain understanding about 

the function of vitamin D and menaquinones in algae.  

 

4. Conclusion 

From the four tested microalgal species, live cultures of D. salina, N. oceanica, and N. limnetica 

were capable of producing vitamin D3 when UVB exposed, whereas T. suecica was not able to 

produce vitamin D3. Remarkably high levels of vitamin D3 were found in UVB exposed N. 

limnetica, most likely due to the lower density of the culture that enables higher UVB light 

penetration and assimilation. UVB exposed harvested biomass and dry biomass of N. oceanica 
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was shown to contain lower levels of vitamin D3 precursor and vitamin D3, which suggests that 

the production of both, the precursor and the vitamin D3, is increasing during UVB-exposure of 

diluted growing cultures.  

Chemical composition of N. oceanica and D. salina was evaluated before and after UVB exposure 

in order to evaluate effect of UVB on the bioactive compounds in the biomass. Lipid content 

increased in both of the UVB exposed species, whereas protein content decreased only in D. salina. 

Content of PUFAs was not affected by UVB. Applied UVB dose also showed to stimulate 

accumulation of α-tocopherol and β-carotene except in N. oceanica, where content of β-carotene 

decreased. Notably high content of menaquinone-4 was detected in both of the species, which has 

not been previously reported in microalgae. These findings suggest that microalgae represent a 

new, sustainable and promising source of fat-soluble vitamins.      

More research is needed to gain understanding how UVB triggers vitamin D3 synthesis in 

microalgae at different processing stages. Furthermore, future research needs to evaluate both 

bioaccessibility and bioavailability of vitamin D3, and other fat-soluble vitamins, from microalgae 

in order to discuss the potential role of microalgae as a new source of vitamins in human diet. 
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Abstract  11 

Alkenones are abundant very long chain lipid components produced by five microalgae species 12 

belonging to the haptophyte phylum. Of these, Isochrysis galbana is the only industrially 13 

cultivated microalgae containing alkenones. While alkenones are present in significant amounts in 14 

each of the five species, the biological function of these very long chain fatty acids is poorly 15 

understood. The regulatory mechanisms governing the biosynthesis and metabolism of alkenones 16 

is also poorly understood. Temperature, nutrient availability, and light spectra, however, have a 17 

profound influence on microalgal growth and metabolism. In the absence of previous studies 18 

examining light quality and alkenone synthesis, the impact of various colored LED lights on cell 19 

growth, lipid accumulation and composition in I. galbana was investigated. In addition, the 20 

accumulation of alkenones across different growth stages was evaluated. Results showed no 21 

significant difference in the alkenone accumulation in the exponential and early stationary phases, 22 

whereas relative neutral lipid content increased significantly during the early stationary phase, 23 

indicating alkenones do not necessarily accumulate under nutrient limitation like other storage 24 

lipids. Optimal growth was observed when cultures were illuminated with short wavelength 25 

spectra (violet, blue), 0.39 ± 0.02 and 0.40 ± 0.03 day-1, respectively, while red light had the 26 

greatest impact on alkenone synthesis. The alkenone content increased ~10 fold to 22.19 ± 9.95 27 

ng/105 cells when cultures were grown under red light relative to the control (white light). These 28 
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findings indicate that I. galbana elicits a specific metabolic response in the red part of the spectra 29 

with respect to alkenone biosynthesis.   30 

Key Words 31 

Alkenones, growth, light spectra, microalgae, unsaturation   32 

 33 

1. Introduction 34 

Microalgae are a sustainable and natural source for a wide range of bioactive molecules that have 35 

tremendous value as potential pharmaceuticals, nutraceuticals, and animal food products. 36 

Alkenones are very long chain-lipids (36-40 carbons) that have recently gained significant 37 

attention in this regard (McIntosh et al. 2019). These unusual lipids are produced by only five 38 

microalgae, all of which are marine haptophytes and include Emiliania huxleyi, Gephyrocapsia 39 

oceanicaa, Pseudoisochrysis sp., Chrysoltila lamellosa and Isochrysis galbana (Volkman et al. 40 

1995). Although they can make up to 75% of the total neutral lipid content in these microalgae 41 

(Shi et al., 2015), alkenones are poorly understood in terms of function, biosynthesis, and 42 

metabolism. Structurally, they are characterized as unbranched methyl or ethyl ketones with very 43 

long hydrocarbon chains and two to four trans-double bonds (Rontani et al. 2006). At room 44 

temperature alkenones appear as off-white waxy solids.  45 

Alkenones were first discovered in deep ocean sediments while performing organic geochemical 46 

analyses. It has been reported that alkenone chain length and saturation levels vary across different 47 

geographical locations, largely due to differences in sea surface temperatures (Brassell et al. 1986). 48 

Because bacterial enzymes lack the ability to break the trans-double bonds (Brassell 1993), 49 

alkenones are preserved in marine sediments where their molecular signatures have long since 50 

been exploited to predict paleoclimates and changes in the water temperature over time (Brassell 51 

et al. 1986).  52 

Alkenones are produced in significant amounts by certain microalgae whose growth can be readily 53 

scaled, making these lipids attractive for various biobased renewable technologies. Their high 54 

melting temperature (71.1-77.4 °C) and wax-like properties, make them attractive as a potential 55 

green alternative for waxes in personal care products (McIntosh et al. 2018). With the ability to 56 



absorb UV radiation alkenones have also garnered attention as possible sunscreens products 57 

(Huynh et al. 2019). Alkenones may also offer a competitive advantage as a phase change material 58 

for use in latent heat storage products (O´Niel et al. 2019). And finally, alkenones have been 59 

proposed as a viable biofuel when the very long hydrocarbon chains are converted to 8-13 carbon 60 

chains, suitable for jet fuel production (O´Niel et al. 2015).  61 

While present in significant amounts in certain haptophytes, the biological function of alkenones 62 

in microalgae remains unclear. The number of double bonds in alkenones negatively correlates 63 

with temperature during microalgal growth. Since this correlation is well documented for PUFAs, 64 

Brassell et al. (1986) suggested that like PUFAs alkenones may be used to maintain the fluidity or 65 

rigidity of cellular membranes. There are, however, a number of studies suggesting that alkenones 66 

exist as storage lipids (Eltgroth et al. 2005; Shi et al. 2015; Tsuji et al. 2015). Epstein (2001), for 67 

example, noted alkenone accumulation in cells as they transition from logarithmic to stationary 68 

phase, and decreases when cells are energy deprived. Bakku et al. (2018) similarly observed 69 

alkenones accumulating in lipid droplets under nitrogen-limited conditions.  Exactly how 70 

alkenones are synthesized and degraded is also an open question. While Shiraiwa et al. (2005) 71 

suggested that the alkenone biosynthesis pathway is located downstream of the fatty-acid 72 

elongation pathway, others propose a more efficient anaerobic pathway involving a novel 73 

polyketide synthase (Metz et al., 2001). 74 

Isochrysis sp. is the only industrially cultivated microalgae containing alkenones. It is primarily 75 

produced for supplementing shellfish feed (He et al., 2018), mainly due to its high levels of the 76 

nutritionally important omega-3-fatty acids, docosahexaenoic acid (DHA) and eicosapentaenoic 77 

acid (EPA). In addition to the high omega-3 content, I. galbana exhibits high growth rates and 78 

lacks a cell wall, the later of which makes lipid extraction easier compared to many other 79 

industrially cultivated microalgae (Liu et al., 2013). Alkenones account for up to 70% of total 80 

neutral lipids in Isochrysis sp. (Shi et al., 2015), and if they are to be exploited for commercial 81 

purposes it is essential to better understand how and under what conditions these unusual lipids 82 

are synthesized and degraded. The distribution of alkenones and the degree of saturation varies 83 

depending on the species and environmental conditions such as temperature and the availability of 84 

nitrogen (Volkman et al. 1995; Bakku et al. 2018; Kitamuar et al. 2018). Light spectra has a 85 

profound influence on microalgal growth, nutrient uptake, and metabolism (Minhas et al. 2016). 86 



However, there are no previous studies examining the effect of light quality on alkenone synthesis 87 

in microalgae. Therefore, in this study, the impact of various color filtered LED lights on cell 88 

growth, and the accumulation and profiles of alkenones and fatty acids in I. galbana was 89 

investigated. Furthermore, to gain insight into the physiological role in microalgae, the 90 

accumulation of alkenones across different growth stages was evaluated. 91 

 92 

2. Materials and methods 93 

2.1. Microalage cultivation 94 

Isochrysis galbana (CCMP1323) was maintained in filtered (0.2 μm) seawater supplemented with 95 

NaNO3 (400 nM), NaH2PO4 (400 nM), Na2SeO4 (10nM) and mixture of f/2 trace metals and 96 

vitamins (Guillard and Ryther 1962).  97 

Two cultivation experiments were carried out: 98 

Experiment 1: 250 mL batch cultures were prepared in 300 mL Erlenmeyer flasks and incubated 99 

at 18°C on a 12-hour light/dark cycle for 22 days. Continuous illumination was provided by cool-100 

white LEDs at the intensity of 100 ± 5 μmol photon m2sec-1. Samples were taken at 5 time points: 101 

days 3, 7, 11, 14 and 21 in order to evaluate the changes in alkenone production during different 102 

growth phases. 103 

Experiment 2: 250 mL batch cultures were prepared in 300 mL Erlenmeyer flasks and incubated 104 

at 18°C for 14 days. Continuous illumination was provided by seven different colored LEDs at the 105 

intensity of 50 ± 5 μmol photon m2sec-1: red (630-700nm), orange (590-630 nm), yellow (560-590 106 

nm), green (500-560 nm), blue (450-500 nm), violet (400-450 nm) and white (400-700 nm), 107 

composed of multi-chromatic wavelengths. Samples were taken after 14 days of cultivation.  108 

2.2. Growth determination  109 

The BD Accuri C6 benchtop flow cytometer (BD Biosciences, San Jose, CA) equipped with 488 110 

nm laser was used to determine cell counts and size on a daily basis. Two-dimensional density 111 

plots of forward scatter (FSC) and side scatter (SSC) showed cellular differentiation within a 112 

microagal population (size and number of the cells). 113 



Based on the cell count, growth rates and the doubling time were determined. The specific growth 114 

rate (µ) was calculated using the following formulae (Guillard and Ryther 1962): 115 

                                              µ =
ln  

𝑥1
 𝑥0

 

𝑡1− 𝑡0
                                                                             (1) 116 

where x1 and x0 were number of cells at t1 and t0 cultivation days, respectively. The doubling time 117 

or time required to achieve a doubling of the number of viable cells was calculated using the 118 

formulae: 119 

                                               𝐷𝑜𝑢𝑏𝑙𝑖𝑛𝑔 𝑡𝑖𝑚𝑒 =
ln (2)

µ
                                                                                       (2)                                    120 

The doubling time and specific growth rate were measured in exponential phase. 121 

2.3. Lipid content  122 

Nile Red 123 

Nile Red dye, 9-diethylamino-5-benzo[α]phenoxazinone (Thermo Fisher cat. N1142, 124 

excitation/emission maxima 552/636), was used for estimating neutral lipid content during 125 

cultivation. Nile Red dye was added to 1 mL of culture to achieve a final concentration of 0.02 126 

µg/mL. For optimal cell penetration, the dye was administered in dimethyl sulfoxide (DMSO). 127 

The mean Nile Red fluorescence detected using the BD Accuri flow cytometer C6 in the FL2 128 

channel (585/40 nm) was used to quantify the neutral lipid content based on the intensity of the 129 

flourescence. Unstained cells were used as a control.  130 

Lipid extraction and fractionation 131 

Total lipids were extracted using a modified method from Sawada and Shiraiwa (2004). Briefly, 132 

cells were harvested by centrifugation at 4000g for 10 min at 4°C. To lyse the cells, pellets were 133 

ground in liquid nitrogen and re-suspended in 10 ml of methanol. Cellular debris was removed by 134 

centrifuging the samples at 3000g for 5 min at 4oC. The resulting supernatant was transferred to a 135 

new glass tube for lipid extraction. Lipids were extracted by adding 5 mL of 136 

methanol:dichloromethane (1:1 v/v) and 5 mL of dichloromethane and vigorously mixing the 137 

sample. After centrifugation (3000 g for 5 min, 4 °C), the lower organic phase was transferred to 138 

a clean glass tube and the extraction was repeated twice. After combining the extracts 880 ng of 139 

both heneicosanoic acid (C21H42O2) and tricosanoic acid (C23H48O2) were added as internal 140 

standards. Thereafter, 25 mL of deionized water and 5 mL of saturated sodium chloride solution 141 



were added and the samples were allowed to sit for 15 min to separate the 142 

aqueous/dichloromethane phases. The upper aqueous phase was removed and an additional 5 mL 143 

of dichloromethane was added to extract any remaining lipids. The lipid containing organic phases 144 

were combined and passed over a sodium sulfate column to remove residual water. The lipids were 145 

evaporated under a nitrogen stream and resuspended in 2 mL of hexane. Neutral and polar lipids 146 

were then fractionated using a packed silica gel column (3 g). The neutral lipid fraction was eluted 147 

with 10 mL of hexane, whereas the glycolipids and phospholipids fractions were eluted with 10 148 

mL of acetone and 10 mL of methanol, respectively. To remove contaminating pigments, 149 

lipophilic amino acids, polypeptides and hydrophobic proteins, neutral lipid fractions were run 150 

through a second silica gel column (1g) and eluted with 4 mL of hexane, 4 mL hexane-ethyl acetate 151 

(90:10 v/v) and 4 mL hexane-ethyl acetate (95:5 v/v). Each of the three lipid fractions (neutral 152 

lipids, glycolipids and phospholipids) was evaporated under the stream of nitrogen. Direct 153 

transesterification of the lipid extracts was performed by adding 3 mL of methanol with 5% 154 

sulfuric acid and incubating at 70 °C for 3 h.  Transesterified lipids were recovered with 3 mL of 155 

hexane and 1 mL of saturated NaCl solution. Solvent from extracts was evaporated under a stream 156 

of nitrogen and samples were re-suspended in 10 µL of toluene and transferred into GC vials. 157 

Gas chromatography and mass spectroscopy 158 

Lipid profiles were quantified using an Agilent 7890A gas chromatograph coupled to an Agilent 159 

5975C mass spectrometer, equipped with an Agilent 7683B series auto-injector and Agilent VF-160 

200ms (TFP-MPS) capillary column (30m x 250 µm x 0.25 µm). Helium was used as the carrier 161 

gas in a splitless mode with a flow rate of 1 mL/min. The temperature program was 60 °C for 1.5 162 

min, increased linearly to 130 °C at a rate of 20 °C min, further increased linearly to 300 °C at a 163 

rate of 4 °C per min, followed by constant at 300 °C for 25 min. To identify individual lipid species, 164 

the resulting MS spectra were analyzed using the Masshunter Workstation, v. B.07.05 and NIST 165 

Mass Spectral Library 2.4. Quantities of identified alkenones were calculated using the absolute 166 

peak area compared to the internal standard. The total alkenone content was calculated based on 167 

the sum of individual alkenones. Relative abundance of alkenones, fatty acid methyl esters 168 

(FAMEs) and hydrocarbons was determined based on peak area of individual lipids divided by 169 

total lipids. List of all identified compounds (alkenones, FAMEs, hydrocarbons) can be found in 170 

the Appendix.  171 



2.4. Statistical analysis 172 

All biological experiments were performed in triplicate. The results are given as the mean ± 173 

standard deviation (SD). One-way analysis of variance (ANOVA) was used to determine 174 

significant difference in the growth rate, doubling time, and the blipid and alkenone content of I. 175 

galbana cultivated under different colored LED lights and growth phases. The Fisher's least 176 

significant difference (LSD) was used to detect significant differences between groups where p-177 

values ˂0.05 were considered significant. The Statgraphics Centurion 18 software (Statpoint 178 

Technologies, Inc., USA) was used for the statistical analyses.  179 

 180 

3. Results and discussion 181 

3.1 Alkenone accumulation across different growth stages 182 

The relative alkenone content, relative lipid content and I. galbana cell counts, evaluated across 183 

the different growth stages, is shown in Figure 1. Lag phase growth persisted from day 0 to day 3, 184 

and was followed by an exponential growth phase that transpired from day 3 to day 18. Cultures 185 

appeared to reach stationary phase somewhere between day 18-21. The total alkenone content 186 

seemed to peak during the mid-exponential phase when 6.1 ± 2.6 ng/105 cells and 6.7 ± 2.8 ng/105 187 

cells were extracted on days 11 and 14, respectively. The least amount of alkenones, 3.3 ± 1.7 188 

ng/105 cells, were extracted from cells in the lag phase. During early stationary phase on day 21, 189 

the total amount of alkenones extracted was 4.1 ± 1.2 ng/105 cells, which was not significantly 190 

different to that which was extracted during the exponential phase. Besides alkenones, the relative 191 

neutral lipid content was evaluated across growth stages, and showed a significant increase in the 192 

stationary phase, indicating nutrient limitation in the cultures after day 18.   193 



 194 

Fig 1. Relative alkenone content (expressed as % of the maximum measured value), relative lipid 195 

content (mean Nile Red fluorescence; expressed as % of the maximum measured value) and cell 196 

number of I. galbana cultivated over 22 days. The standard deviations are presented as bars, n = 197 

3. The data show alkenones accumulate and reach  a maximum somewhere between 11 and 14 198 

days post inoculation, whereas the  maximum lipid content was observed in the stationary phase 199 

(~ day 21). 200 

Various environmental stressors affect pathways of lipid biosynthesis, mostly by shifting towards 201 

TAG accumulation as a result of carbon flux transfer from the synthesis of polar (membrane lipids) 202 

to neutral lipids. When nutrients for protein biosynthesis are limited, the extra carbon produced 203 

during photosynthesis will often be incorporated into storage lipids (Scott et al. 2010). Prahl et al. 204 

(2003) and Bakku et al. (2018) reported increases in the alkenone content after cells reached 205 

stationary growth, which indicates alkenones serve as storage lipids. The increased production 206 

under nutrient limitation suggests that alkenones function as a primary carbon storage pool. The 207 

current study demonstrated no significant difference in the alkenone content after reaching the 208 

stationary phase while the neutral lipid content significantly increased, indicating an increase in 209 

the storage lipid levels under nutrient limitation, but not necessarily alkenones. The alkenone 210 

content in the early stationary phase suggests that the carbon flux responsible for storage lipid 211 

biosynthesis might shift towards TAGs first, and towards alkenones later in stationary phase. The 212 

size of the intracellular lipid bodies increases at stationary phase due to the nutrient limitation 213 

where they serve as an energy storage site. Eltgroth et al. (2005) demonstrated that most of the 214 



alkenones resides in lipid bodies, although they have not ruled out the presence of these long chain 215 

lipids in cell membranes. However, it remains unclear if the desaturation of these trans-unsaturated 216 

long chain lipids contribute to membrane fluidity, as it is in a case of PUFAs (Zhu et al. 1997). Liu 217 

and Lin (2001) found no connection between the large cytoplasmic lipid bodies and alkenones, 218 

and suggested  that alkenones were a part of cellular membranes. However, alkenones are unlikely 219 

to play a prominent role in maintaining the fluidity of the cell membrane for a number of reasons. 220 

As the number of carbons in a fatty acid chain increases, so does the melting point, which lowers 221 

alkenone´s fluidity. Furthermore, rather than introducing kinks in the hydrocarbon chain the trans- 222 

orientation of the double bonds causes the chain to maintain a more linear configuration, which 223 

means that the melting point of cis is much lower than that of the trans double bonds and saturated 224 

fatty acids (Berg et al. 2002). As mentioned earlier, unlike most other microalgae, alkenones are 225 

synthesized in greater amounts than TAGs in selected haptophytes, and “why” still remains an 226 

open question. Rontani et al. (1997) reported that alkenones are notably resistant to 227 

photodegradation and oxidation compared to other unsaturated lipids e.g. carotenoids or PUFAs. 228 

Trans-polyunsaturated long chain alkenes are more photostable than cis-polyunsaturated long 229 

chain alkenes, which indicates that the double-bond geometry plays the key role in oxidative 230 

stability of these lipids (Mouzdahir et al. 2001). Therefore, alkenones might be the favored form 231 

of storage neutral lipids in selected microalgal species because of their photostability. 232 

Our preliminary data showed that the lipid content of commercially available I. galbana was 25.5 233 

± 0.8 % dry weight consisting of 73.8 ± 2.2 % and 27.8 ± 3.2 % neutral lipids and polar lipids, 234 

respectively. The alkenone fraction was approximately 79 % of total neutral lipids suggesting that 235 

the remaining neutral lipids were most likely TAGs, various hydrocarbons and some sterols and 236 

fatty alcohols. The literature often fails to mention that the majority of the neutral lipid fraction in 237 

I. galbana is alkenones, and not TAGs (Zhu et al. 1997; Bonfanati et al. 2018; El-Din 2019) as is 238 

found in most other microalgae. This is important to emphasize as despite their prominence little 239 

is known about these unusual lipids. It stands to reason that with I. galbana biomass used as 240 

extensively as it is in the aquaculture industry, more knowledge should be gained about these very 241 

long-chain abundant lipids. The relative fatty acid and alkenone composition of neutral lipids, 242 

phospholipids and glycolipids is shown in Figure 2. It can be seen that alkenones are only 243 

prominent in the neutral lipid fraction. The fact that they are not present in the phospholipid or 244 

glycolipid fractions reinforces the notion that they are not esterified to phospholipids not do they 245 



have sugar moities attached to them. The most dominant PUFA in I. galbana was DHA, followed 246 

by stearidonic acid (SDA, 18:4 (n-3)), EPA and α-linolenic acid (ALA, 18:3 (n-3)). These results 247 

are in the agreement with Liu et al. (2013), where they screened 19 natural Isochrysis strains for 248 

fatty acid composition. Commonly long chain PUFAs are incorporated into polar lipids rather than 249 

neutral lipids. In this study, the neutral lipid fraction showed to contain substantial amount of 250 

DHA, 21% of total fatty acids. DHA dominated in phospholipid fraction, whereas SDA dominated 251 

in glycolipid fraction. Nearly 50% of fatty acids in polar lipid fraction were omega-3 fatty acids, 252 

which emphasizes the nutritional value of the I. galbana lipids. 253 

 254 

Fig 2. Fatty acid and alkenone composition (% of total content) of (a) neutral lipid (b) phospholipid 255 

and (c) glycolipid fraction in I. galbana culture. Data is shown as an average of n = 3. Fatty acids 256 

below 1% of total fatty acids are categorized as “other”. Majority of the neutral lipid fraction were 257 

alkenones, whereas phospholipids and glycolipids contained no alkenones.  258 

 259 

3.2 Effect of various color filtered LED lights on alkenone accumulation and composition 260 

Cultures of I. galbana were illuminated by different LED colored lights (red, orange, yellow, 261 

green, blue, violet and white) in order to evaluate the effect on microalgal growth, lipid and 262 

alkenone accumulation (Table 1). The highest specific growth rate and lowest doubling time was 263 

observed in cultures illuminated by blue and violet light; growth rates were 0.39 ± 0.02 and 0.40 264 

± 0.03 day-1, for blue and violet light, respectively. Illumination by longer wavelengths, such as 265 



red, orange and yellow light resulted in lower specific growth rates and higher doubling times. The 266 

lowest growth rate, 0.25 ± 0.03 day-1, was observed under orange light, most likely due to the 267 

insufficient absorption by light‐harvesting pigments. 268 

During photosynthesis, microalgae absorb light energy and convert it into chemical energy (e.g. 269 

ATP and NADPH). Light energy absorption occurs mainly via photosynthetic pigments 270 

chlorophylls, carotenoids and phycobilins. Chlorophyll a is the primary pigment responsible for 271 

photosynthesis, while carotenoids play a role in dissipating excess energy (Schulze et al., 2014). 272 

The absorbance region of chlorophylls is 450-475 nm (blue) and 630-675 nm (red) whereas for 273 

carotenoids it is 400-550 nm (violet, blue and green). Therefore, the wavelength of light plays a 274 

key role in the process of photosynthesis, growth and metabolic activity by microalgae (Glemser 275 

et al. 2016). Red light is generally the optimal wavelength for the growth of microalgae because 276 

chlorophyll a is typically the most abundant pigment and absorbs red light more efficiently than 277 

other wavelengths (Wang et al., 2014). The wavelengths absorbed differ depending on the 278 

microalgae species and the pigment molecules they possess. Li and Liu (2020) reported that among 279 

monochromatic lights, the highest absorption was obtained in I. galbana cells cultivated under 280 

blue light. Major pigments of I. galbana are the light-harvesting pigments chlorophyll a and c (that 281 

strongly absorb in the blue region) and fucoxanthin (carotenoids that absorbs in blue and green 282 

region) (Mulders et al. 2013). Therefore, most likely chlorophyll a, c and fucoxanthin present in I. 283 

galbana are responsible for efficient absorption of photons in the violet and blue region, where 284 

growth rate was highest. Lower growth rate observed under red/orange light can be attributed to 285 

the poor overlap of the red light emission spectra with the absorption spectra of I. galbana. Ra et 286 

al. (2018) also demonstrated higher growth rates of I. galbana under blue light compared to red 287 

light, which is in the accord with the current study. Lee et al. (2018) reported that illumination by 288 

different parts of the spectra strongly affects gene transcription, thereby regulating diverse 289 

downstream cell physiologies in microalgae. As an example, Kim et al. (2014) demonstrated that 290 

blue wavelength illumination affected cell size and the expression of photosynthesis-related genes 291 

in microalgae Chlorella vulgaris, which might stimulate reactions leading to cell division.     292 

Table 1. Specific growth rate (day-1), doubling time (day-1), relative lipid content (mean 293 

fluorescence) and alkenone content (ng/105 cells) of I. galbana cultivated over 14 days and 294 



illuminated by different colored LEDs. Values are expressed as mean ± SD, n = 3. Different letters 295 

in the same column represent significant differences (p ˂ 0.05). 296 

 
Specific growth 

rate (day-1) 

Doubling time 

(day-1) 

Relative lipid 

content 

Alkenones 

(ng/105 cells) 

Red 0.29 ± 0.02bc 2.38 ± 0.17bc 4767 ± 861a 22.19 ± 9.95a 

Orange     0.25 ± 0.03c 2.75 ± 0.33a 2994 ± 586b 2.24 ± 0.49b 

Yellow 0.33 ± 0.03b 2.11 ± 0.18c 2254 ± 223b 2.59 ± 0.25b 

Green 0.28 ± 0.02c 2.51 ± 0.22ab 3078 ± 306b 0.88 ± 0.48c 

Blue 0.39 ± 0.02a 1.78 ± 0.08d 2737 ± 322b 2.72 ± 0.76b 

Violet 0.40 ± 0.03a 1.74 ± 0.11d 4874 ± 238a 2.41 ± 0.28b 

White 0.29 ± 0.01bc 2.40 ± 0.12bc 2524 ± 689b 2.56 ± 0.6b 

 297 

Notably, red light had the strongest effect on the alkenone synthesis in I. galbana. When grown 298 

under red light, 22.19 ± 9.95 ng/105 cells of alkenones were yielded, which was several times 299 

higher than when I. galbana cultures were illuminated by LED lights of other colors. Apart from 300 

green light, which resulted in the biomass with the lowest alkenone content at 0.88 ± 0.48 ng/105 301 

cells, cultures illuminated under other wavelengths showed no significant difference in the amount 302 

of these very long chain lipids. The relative neutral lipid content (mean Nile Red fluorescence), on 303 

the other hand, was highest levels in the biomass cultivated under red and violet light. This suggests 304 

that the total neutral lipid content is not solely dependent upon alkenones and that the regulatory 305 

mechanisms for the synthesis of these other lipids respond differently to light. That stress affects 306 

lipid production in microalgae is well established (Minhas et al. 2016). Emission spectra with 307 

shorter wavelengths, such as violet/blue light (380-495 nm), are more likely to cause photo-308 

inhibition due to their higher energy (Das et al., 2011) and therefore stimulates lipid production. 309 

However, this does not explain the higher lipid content observed in I. galbana under the longer 310 

wavelengths of red light. Since the alkenone content is considerably higher in the biomass 311 

cultivated under red light, it is reasonable to assume that the high level of neutral lipids occurred 312 

as a result of increased alkenone synthesis triggered by red light, rather than accumulation of TAGs 313 

due to the environmental stress. The relative content of alkenones, fatty acids and hydrocarbons 314 

(alkanes and alkenes) in the neutral lipid fraction of I. galbana illuminated by different 315 



monochromatic LEDs is shown in Figure 3. The highest portion of alkenones was determined in 316 

the culture illuminated by red light, followed by violet and blue light. In contrast, illumination by 317 

orange and green light resulted in the lowest relative alkenone content. These data suggests that 318 

biosynthetic pathways responsible for alkenone synthesis might shift between alkenones and other 319 

neutral lipid components (e.g. TAGs, hydrocarbons) under the influence of monochromatic LEDs.    320 

 321 

Figure 3. Relative content (%) of alkenones, fatty acids and hydrocarbons in neutral lipid fraction 322 

of I. galbana biomass cultivated over 14 days and illuminated by different colored LEDs. The 323 

standard deviations are presented as bars, n=3. Nearly 90% of the neutral lipids in cells grown 324 

under red light are alkenones, while only ~30% are alkenones when cells are cultured in orange 325 

light. 326 

Composition and unsaturation of alkenones vary among different species and cultivation 327 

conditions (Bakku et al., 2018). The most commonly reported alkenones found in haptophytes 328 

including I. galbana are C37:3 Me, C37:2 Et, C38:3 Me and C38:2 Et  (Rontani et al., 2004). 329 

Figure 4 shows relative composition of alkenones detected in I. galbana cultivated under different 330 

colored LEDs. The dominant alkenones detected in all of the cultures was C37:3 Me, followed by 331 

C38:3 Me and C38:2 Et, which is in the agreement with previously reported alkenone composition 332 

of I. galbana (Eltgroth et al., 2005). Alkenone C38:5 Me was found only in cultures exposed to 333 

blue and violet light, which indicates that shorter wavelength region of visible emission spectra 334 

uniquely triggers synthesis of C38:5 alkenones. Cultures illuminated by red and violet light 335 

showed significantly higher relative amounts of C37:3 alkenones compared to those illuminated 336 

by blue, orange, yellow and white light. A strong positive linear relationship between lipid content 337 



and relative abundance of the dominant C37:3 alkenone was confirmed by a Pearson correlation 338 

coefficient of 0.96. Similarly, cultures illuminated by red and violet light showed significantly 339 

lower relative abundance of C38:2 and C38:3 alkenones compared to the cultures illuminated by 340 

blue, orange, yellow and white light. These findings indicate that increased levels of neutral lipids 341 

are accompanied by the increase of the dominant C37:2 alkenones.      342 

 343 

Figure 4. Relative composition (%) of total alkenones in I. galbana cultivated over 14 days and 344 

illuminated by different colored LEDs. The standard deviations are presented as bars, n = 3. 345 

Regardless of the color of light, 37:3 is uniformly the most prominent alkenone, while 38:5 is only 346 

present in cells when cultured under blue/violet light. 347 

 348 

4. Conclusion 349 

Microalgae I. galbana was illuminated by various color filtered LED lights to evaluate cell growth, 350 

and the accumulation and profile of the very long chain lipids known as alkenones. In addition, 351 

alkenone accumulation was investigated across the different growth stages to gain a better 352 

understanding of the regulation of the synthesis of these unusual lipids. There was no significant 353 

difference in the alkenone accumulation through the exponential and early stationary phase, 354 

whereas the relative neutral lipid content increased indicating that alkenones do not accumulate 355 

necessarily under nutrient limitation as is the case with TAGs. Alkenones dominated in the neutral 356 

lipid fraction, DHA in the phospholipid fraction and SDA in glycolipid fraction. The highest 357 



growth rate was observed in cultures illuminated by short wavelength spectra (violet, blue) while 358 

red light showed strongest effect on alkenone synthesis, with a nearly 10-fold increase compared 359 

to other wavelengths. These findings suggest that the red wavelength illumination might affect 360 

expression of different genes responsible for alkenone synthesis. The methyl alkenone C37:3 was 361 

uniformly the most prominent alkenone in I. galbana cultures illuminated by different colored 362 

LEDs showing strong positive correlation with the neutral lipid content.  363 

Future research aiming at evaluating different mixtures of wavelengths will aid in determining the 364 

optimal spectra with respect to growth and alkenones productivity, as well as synthesis of other 365 

valuable lipid components in I. galbana such as DHA and EPA. The detailed pathways involved 366 

in the carbon allocation mechanisms are needed for understanding the biological role of these rare 367 

long chain lipids in microalgae. Further applications and nutritional value of alkenones in food 368 

chains are yet to be discerned.  369 

 370 
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Table S1. List of identified hydrocarbons, FAMEs and alkenones in I. galbana by GC-MS 

Retention 

time 
Systematic name of the compound Abbreviation 

Hydrocarbon 
  

8,2 1-Tetradecene C14* 

8,3 Tetradecane C14 

9,1 Pentadecane C15 

10,1 7-Hexadecene C16* 

10,6 Hexadecane C16 

12,9 1-Octadecene C18* 

13,1 Octadecene C18 

14,5 Nonadecane C19 

16,3 Heneicosane C21 

17,3 Docosane C22 

19,5 Tetracosane C24 

21,1 Hexacosane C26 

23,8 Octacosane C28 

25,2 Triacontane C31 

27,1 Hentriacontane C32 

FAME 
  

8,5 Tetradecanoic acid, methyl ester C14:0 

9,8 Pentadecanoic acid, methyl ester C15:0 

11,5 9-Hexadecenoic acid, methyl ester C16:1 (n-7) 

12,1 Hexadecanoic acid, methyl ester C16:0 

13,1 Heptadecanoic acid, methyl ester C17:0 

14,0 6,9,12,15-Octadecatetraenoic acid, methyl ester C18:4 (n-3) 

15,5 9,12,15-Octadecatrienoic acid, methyl ester C18:3 (n-3) 

15,9 9-Octadecenoic acid, methyl ester C18:1 (n-9) 

16,0 Octadecanoic acid, methyl ester C18:0 

18,3 5,8,11,14,17-Eicosapentaenoic acid, methyl ester C20:5 (n-3) 

22,1 4,7,10,13,16,19-Docosahexaenoic acid, methyl ester C22:6 (n-3) 



22,9 13-Docosenoic acid, methyl ester C22:1 (n-9) 

23,4 Docosanoic acid, methyl ester C22:0 

Alkenone 
  

44,1 15,22,27-Heptatriacontadienone C37:3 Et 

44,9 17,22-Octatriacontadienone C38:2 Me 

45,0 7,12,17,22,27-Octatriacontapentaenone C38:5 Me 

45,8 12,17,22-Octatriacontatrienone C38:3 Et 
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Abstract
Production of intracellular metabolites from microalgae involves various processing steps. Since algal drying and cell disruption
are integral processes of these operations, effects of novel swirl flash-drying technique and cell cracking by high-pressure liquid
shear method were tested. Variations in biomass composition (focusing on the fatty acid and pigment composition) of two
microalgal species, Chlorella pyrenoidosa and Nannochloropsis salina, were studied in order to investigate effects of novel
drying technique, including whether recovery of bioactive compounds is more efficient on dried or wet biomass. Applying novel
swirl flash-drying technique showed no significant adverse effect on the fatty acid composition, including heat sensitive
eicosapentaenoic acid (EPA), of tested microalgal species. Pigment and tocopherol composition of C. pyrenoidosa showed
tendency to degrade after applying both cell cracking and drying treatment. Considering these data swirl flash-drying technique
has a potential as a new drying technique for microalgae biomass.

Keywords Chlorella pyrenoidosa .Nannochloropsis Salina . Algal drying . Fatty acids . Pigments

Introduction

Growing interest in natural and healthy foods and food ingredi-
ents is forcing development of novel products with functional
ingredients. Microalgae have been recognized as a potential
source for various valuable ingredients with positive health ef-
fects for commercial applications. These microorganisms are
able to produce polyunsaturated fatty acids, pigments, vitamins,
peptides, and many other bioactive compounds. Production of
intracellular metabolites from microalgae involves upstream and
downstream processing steps. Upstream processing includes cul-
tivation during which microalgal biomass is being produced,
while downstream processing includes harvesting and recovery

of themetabolites. After cultivation, biomass needs to be harvest-
ed, upconcentrated, and dried before further processing.
Dewatered algae slurry is being dried in order to facilitate trans-
portation, to decrease the risk of unwanted deterioration, and to
extend the shelf life. However, drying of microalgae biomass is
still very challenging and requires an innovative answer. Mostly
because drying exerts a major economic constraint in the process
and it may constitute up to 75% of the overall cost (Shelef et al.
1984; Show et al. 2013). Common dryingmethods include either
natural traditional method as solar drying or using more ad-
vanced techniques such as freeze drying, spray drying, drum
drying, or fluidized bed drying (Show et al. 2015). Solar drying
is cost-effective compared to other techniques, but is also a rela-
tively slow and unreliable method, which can result in altered
nutritional value and safety of the final product. On the other
hand, controlled freeze drying keeps the product temperature
low enough during the process to avoid changes in the dried
product appearance and characteristics. It is a gentle process in
and commonly the best choice in order to preserve the quality of
the biomass. However, the pre-dominant deficiency of freeze
drying is the high operating cost (Grima et al. 2003).
Furthermore, if the biomass is not undergoing a heat treatment
before freeze drying, the presence of lipolytic enzymes such as
lipase will hydrolyze lipids and lead to formation of high levels
of free fatty acids, which is undesirable. Spray drying is the most
commonly used technique in commercial production, but despite
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the fact that it is a very efficient drying method, it may cause
unwanted cell rupture and result in microalgae biomass degrada-
tion (Show et al. 2015). Shortcoming of spray drying may be its
high-pressure atomization process, unless atomization is carried
out without the use of nozzles which are susceptible to blockage,
high capital and energy demands, as well as thermal decompo-
sition of bioactive compounds (Lin 1985; Orset et al. 1999).

The main consideration in the selection of the drying tech-
nology depends on the production scale and the final purpose
for which the microalgae biomass is intended. Important fac-
tors to consider are also moisture content, quality require-
ments, and maximum acceptable temperature for preventing
thermal damage to the biomass. In this study, a prototype
novel swirl flash dryer system which was designed and con-
structed in one of our previous projects (Safafar et al. 2017),
was used for drying trials. In general, flash drying is achieved
by rapid removal of moisture by injecting wet microalgae
slurry into a hot airstream which serves as a carrier for mass
transfer of moisture from microalgae slurry to the gases
(Debrand 1974). In the novel process design, the liquid phase
is removed very fast, which requires less heat as a driving
force so that the bioactive cell constituents are preserved.
Swirl flash drying, in theory, is a combination of fluidized
and flash drying, and this technology has never been used
for the drying of microalgae. In the swirl flash dryer system
microalgal biomass is introduced to the drying chamber,
which is distributed by the scraping paddles (which are mov-
ing close to the drying chamber walls) and fluidized in the
stream of the spirally flow stream of hot air. The energy con-
sumption per unit of the drying by swirl flash dryer was esti-
mated to be 28% less than spray drying for the same product
(Safafar et al. 2017). It uses less energy per kg of dry biomass,
and requires less investment and less area for the drying unit
comparing to spray drying under the same condition (Katie
2000; Petrick et al. 2013). Furthermore, this system could be
operated in small scale (10–100 kg of the slurry), which may
be desired for the microalgae cultivation systems.

Understanding the possible effects of drying methods
on microalgae biomass quality is very important to im-
prove the efficiency of algal high-value ingredient pro-
duction. Therefore, in this study, effects of two different
drying methods (novel swirl flash drying and freeze dry-
ing) on the biomass composition of two microalgal spe-
cies, Chlorella pyrenoidosa (currently known as
Auxenochlorella pyrenoidosa) and Nannochloropsis
salina (currently known as Microchloropsis salina), were
compared (focusing on the fatty acid and pigment compo-
sition), including whether recovery of bioactive com-
pounds is more efficient on dried or wet biomass. In order
to enhance extraction of bioactive compounds, microalgae
cell walls often needs to be cracked. Since high-pressure
liquid shear methods such as homogenization have proven
to be successful on microalgae cell disruption (Spiden

et al. 2013), this technology has been used in order to
evaluate whether recovery of metabolites from dry
microalgae biomass was more efficient with or without
this pre-treatment. During this mechanical process, liquid
dispersion of a cell biosuspension is forced by high pres-
sure through a micrometric disruption chamber. As a re-
sult, cell suspension is exposed to intense fluid-
mechanical stresses, including shear, turbulence, elonga-
tion, and cavitation that may cause the physical disruption
of the cell wall and other cell constituents (Chisti and
Moo-Young 1986).

Materials and methods

Microalgae biomass

Two microalgae, Chlorella pyrenoidosa (SAG 211-8 k) and
Nannochloropsis salina (SAG 40.85) were selected for drying
trials and to evaluate its effect on the biochemical composi-
tion. Chlorella pyrenoidosa was cultivated in industrial scale
in Ecoduna (Bruck an der Leitha, Austria), and N. salina was
cultivated in microalgal pilot plant facilities in Kalundborg
(Denmark) (Safafar et al. 2016). Harvesting was done at early
stationary phase by cross-flow microfiltration from LiqTech
(SiC ceramic membrane, 0.1 μm), and the biomass was
upconcentrated by centrifugation (6500×g for N. salina and
3000×g for C. pyrenoidosa) prior to shipment to Technical
University of Denmark (DTU). Final dry matter (DM) of
C. pyrenoidosa and N. salina after centrifugation was 12.5 ±
0.1% and 17.0 ± 2.0% (w/w), respectively.

Biomass pre-treatment—cell rupture

High-pressure homogenization (Rannie 110, SPX Flow
Technology, Søborg, Denmark) was applied to the samples
of C. pyrenoidosa in order to investigate the effect of cell
rupture on the recovery of microalgal biomass and metabo-
lites. Positive displacement piston pump was used to acceler-
ate the slurry flow through an orifice within an assembly of
specially designed valves creating high shear forces, which
result in cell wall destruction. Around 1.5 L of cooled
(≈ + 5 °C) microalgal slurry ofC. pyrenoidosa (dry solid content
12.5% w/w) passed the nozzles at a pressure of 150 MPa and
flow rate of 250 mLmin−1. The same sample was running two
times through the homogenizer since our preliminary experi-
ments showed that there was almost no cell rupture detected
after the first run. After homogenization, the degree of cell
rupture was evaluated visually by optical microscopy and then
the samples were stored at − 20 °C.
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Drying experiments

Biomass samples of N. salina and C. pyrenoidosa were dried
by freeze drying in a pilot scale freeze dryer (Beta 1–8, Martin
Christ GmbH, Germany) and by swirl flash-drying prototype
(Fig. 1). Freeze drying was carried out by placing the frozen
samples (at − 20 °C) under a vacuum where heat energy is
then added to the product causing the ice to sublime. The
drying conditions for the swirl flash drying are shown in
Table 1. Dry biomass was stored at − 20 °C prior to chemical
analysis.

Analytical analysis

Protein content The protein content in the samples was estimat-
ed based on total nitrogen content, which was determined using
the Dumas method (Elementar, USA) for the quantitative mea-
surements of protein in different substances. Approximately, 1 g
of the dried microalgal biomass was used for analyses. The fol-
lowing steps were automated including sample combustion in a
chamber at a high temperature (900 °C) in the presence of oxy-
gen. Estimation of the total protein content was done using total
nitrogen determination and conversion factor 4.44 (López et al.
2010). The conversion factor value of 4.44 is recommended to be
used to estimate the protein content if total nitrogen is measured.

It was determined based on testing several microalgae and
cyanobacteria undergoing rapid growth. Protein content is report-
ed as percent of dry biomass. Analyses were carried out in
duplicate.

Total lipid content Lipid extraction was done as described by
Bligh and Dyer (1959), but with a reduced amount of solvent
(30 mL of each). Approximately, 1 g of the dried microalgal
biomass was weighted and placed into extraction glass. Before
extraction, samples were sonicated in sonication bath (Buch &
Holm A/S, Denmark) for 10 min at 10–15 °C in order to
enhance cell rupture. Extractionwas carried out by subsequent
addition of methanol, chloroform, and water while stirring. In
order to separate methanol/water phase from chloroform/oil
phase, samples were centrifuged at 1400×g for 10 min. Bligh
and Dyer extracts were used for analyses of oil content, fatty
acids, and tocopherols. Determination of total lipid content
was done by weighing 15 g of extract in beakers and keeping
it overnight in a fume hood in order to evaporate chloroform.
Lipid content was calculated using Eq. (1).

%lipid ¼ g lipidð Þ � specified mass in chloroform phase 41 gð Þ � 100�
g extractð Þ−g lipidð Þ � g sampleð Þ

ð1Þ

Fatty acids Fatty acid profile was determined based on the
American Oil Chemist’s Society (AOCS) official method Ce
1i-07 (Firestone and AOAC 2009) with some modifications.
Approximately, 5 g of Bligh and Dyer extract was weighed in
methylation glass tube and evaporated under the stream of
nitrogen until dryness. A mixture containing 100 μL of inter-
nal standard solution (C23:0), 200 μL of heptane with butyl-
ated hydroxytoluene (BHT), and 100 μL of toluene was added

Fig. 1 Schematic of prototype swirl flash dryer. Microalgae paste was
introduced to the drying tube by a peristaltic pump. At the conically
shaped bottom of the drying tube, there is an air inlet, through which
the hot airstream flows spirally into the drying chamber. Rotating
scraping paddles with specific aerodynamic design prevent the feed
from adhering to the walls and disperse the feed to smaller particles by
providing the fluidizing spiral flow while moving the dried microalgal
biomass to the outlet

Table 1 Drying conditions and specifications for prototype novel swirl
dryer system

Parameters Range Unit

Feed rate 1–5 kg h−1

Feed relative moisture content 60–88 %

Feed viscosity 20–50 Pa s

Product moisture content 8 %

Product particle size range 200–1500 nm

Drying air temperature 100–120 °C

Humidity of inlet air 0.003 kg kg−1 air

Air density 0.7 kg m−3

Volumetric air flow rate 18 (max 120) m3 h−1

Evaporation capacity Max 3.5 kg h−1

Drying tube length 100 cm

Drying tube diameter 12 cm

Scraping paddle speed Max 1000 rpm
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to the dry extract. Samples were methylated in a microwave
oven (Microwave 3000 SOLV, Anton Paar, USA) for 10 min
at 100 °C and power of 500 W. After methylation, heptane
with BHT (0.7 mL) and saturated salt water (1 mL) were
added. The upper phase (heptane) was transferred into GC
vials and analyzed by gas chromatography equipped with
flame ionization detector (GC-FID) (HP-5890 A, Agilent
Technologies, USA). Fatty acid methyl esters were separated
by the GC column Agilent DB wax 127-7012 (10 μm ×
100 μm× 0.1 μm) (Agilent Technologies). Standard mix of
fatty acids methyl esters (Sigma, USA) was used for fatty acid
identification. Fatty acids were quantified as area percent of
total fatty acids. Analyses were carried out in duplicate.

Tocopherols Approximately, 1 g of Bligh and Dyer extract was
weighed in glass tube and evaporated to dryness in darkness and
under a stream of nitrogen. Dry extract was re-dissolved in a
mixture of isopropanol: heptane (0.5:99.5, v/v). The solution
was filtered by 0.22μmPTFE syringe filter, and 20μL of filtrate
was injected to HPLC. Analysis was done based on the AOCS
official method as (Firestone and AOAC 2009) using an Agilent
1100 Liquid Chromatograph equipped with a fluorescence de-
tector, with the excitation wavelength set at 290 nm and emission
wavelength at 330. The separation was carried out in isocratic
mode by Spherisorb column (150 mm×46 mm with 3 μm par-
ticle size) at room temperature using a mixture of isopropanol: n-
heptane (0.5:99.5, v/v) as mobile phase. Elution flow rate was
1 mL min−1. Analyses were carried out in duplicate.

Pigments Pigment analysis was done according to Safafar
et al. (2015). Approximately, 0.05 g of the dried algal biomass
was weighted in centrifugation tubes. Extraction was carried
out by methanol containing BHT in a sonication bath (Buch &
HolmA/S, Denmark) for 15 min at 5 ± 2 °C. Pigment analysis
was performed by HPLC using Agilent 1100 Liquid
Chromatograph with diode array detector (DAD). Separation
was carried out on a Zorbax Eclipse C8 column 150 mm×
46 mm × 3.5 μm (Phenomenex Inc., USA) at 60 °C. The
mobile phase was a mixture of 70% methanol + 30% of
0.028 M tertiary butyl ammonium acetate in water and meth-
anol at a flow rate of 1.1 mL min−1 with total acquisition time
of 40 min. DHI pigment standard mix (DHI LAB Products,
Horsholm, Denmark) was used for identification of peaks.
Detection of chlorophylls and carotenoids was done at
660 nm and 440 nm, respectively, and for internal standard
(BHT) at 280 nm. Pigments are reported as μg g−1 dry bio-
mass. Analyses were carried out in duplicate.

Statistical analysis

All compositional analyses were performed in two replicates.
The results are given as the mean (± standard deviation).

Analysis of variance (two-way ANOVA) was used to evaluate
the effect of homogenization and drying technique on chem-
ical composition of biomass. Data have met the assumption of
normality and homogeneity of variance. Tukey’s post hoc test
was used to detect significant differences between groups
where p values ˂ 0.01 were considered significant. The
Statistica v. 13.2 software (USA) was used for all statistical
analyses.

Results

Effect of drying and high-pressure homogenization

The effect of homogenization on the cell rupture of
C. pyrenoidosa is shown in Fig. 2. Detectable cell rupture
can be seen within the C. pyrenoidosa cells after homogeni-
zation. Optical micrographs show that there is a mixture of
material associated with cellular fragments and extracellular
polymeric substances (EPS) (Fig. 3b), extracted by the cell
under stress conditions (Rossi et al. 2008). Results showed
significantly higher lipid yield in dried and homogenized sam-
ples compared to non-dried and non-homogenized biomass
(Table 2). On the other hand, protein content did not show
any significant deviations between tested samples. The protein
determination method that we used is based on the complete
combustion at a high temperature (900 °C) (BAnalytical
analysis^) so there is no extraction step included that may be
affected by differently treated biomass. Effect of drying by
swirl flash dryer on the fatty acid composition of N. salina is
shown in Table 3. There were no significant adverse effects on
the heat-sensitive polyunsaturated fatty acids, including EPA.
The fatty acid profile of C. pyrenoidosa also showed no sig-
nificant difference among applied treatments (Table 4).
Evaluation of the pigment composition ofN. salina confirmed
that there was no significant adverse effect due to the drying
process (Fig. 3). There was no significant degradation in con-
centration of heat-sensitive carotenoids in the swirl flash-dried
biomass compared to the intact, non-dried biomass. Slightly
lower concentration of violaxanthin was detected in the dried
samples (3217 ± 248 compared to 3882 ± 21 μg g−1 DW),
which may be the result of the heat-induced degradation.
Ryckebosch et al. (2011) found that freeze-dried microalgae
were more susceptible to lipolysis than spray-dried
microalgae; thus, spray-dried microalgae were more sensitive
to pigment oxidation than freeze-dried microalgae, possibly
due to breakdown of protecting carotenoids upon spray dry-
ing. Leach et al. (1998) reported that spray drying affected β-
carotene recoveries from Dunaliella salina, varying between
57 and 91%, depending on the drying temperature.
Chlorophylls can convert at high temperature to the undesir-
able degraded products (pheophytins) which function as a
photoperoxidant resulting in reduction of the storage time of
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the dried microalgae (Hosikian et al. 2010). Concentrations of
pheophytin and other chlorophyll degradation products were
negligible in the present study, which demonstrate that the
drying treatment did not alter the chlorophyll structure.
Compared to N. salina, both freeze and flash drying had an
adverse effect on pigment composition of C. pyrenoidosa
(Fig. 4). The highest concentration of total pigments was in
a non-dried, non-homogenized biomass (Table 5).
Chlorophylls showed significantly higher recovery in the in-
tact biomass (non-dried, non-homogenized) compared to
dried and homogenized samples, whichmay indicate that both
drying and high-pressure liquid shear methods reduce chloro-
phyll content in C. pyrenoidosa, specifically when both treat-
ments are subsequently applied. On the other hand, recovery
of total carotenoids showed no significant difference between
dried and non-dried biomass. Carotenoids are thermo-
sensitive and may decompose during the drying process, or
any other heating process (Takaichi 2011). However, the con-
centration of carotenoids was found to be significantly lower
in the non-dried biomass, which suggests that drying (both
freeze drying and swirl flash drying) may enhance carotenoids
extractability. Also, there was no significant reduction in ca-
rotenoid content after applying tested drying methods, for
both homogenized and non-homogenized samples. Since

chlorophylls are not heat-sensitive as carotenoids, oxidation
seems to be the reason of low chlorophyll recovery after dry-
ing, which is in agreement with Stramarkou et al. (2017).

Tocopherol content in freeze and swirl flash dried biomass
is presented in Fig. 5. Tocopherol is a lipid-soluble antioxidant
that is light and temperature-sensitive (Carballo-Cardenas
et al. 2003). Results showed that there was significantly higher
tocopherol content in dried, non-homogenized biomass com-
pared to dried, homogenized biomass (both swirl flash and
freeze drying), which indicates that cracking the cells before
drying may affect degradation of tocopherols. However, swirl
flash-dried biomass that was not exposed to the homogeniza-
tion treatment prior to drying showed no significant difference
in tocopherol content compared to the freeze-dried biomass.
Tocopherol content had similar trend as chlorophyll content in
tested microalgal biomass, which confirms earlier given
explanations.

Discussion

Homogenizers are using pumps to accelerate the liquid flow to
a high velocity creating high shear forces, which can destroy
cell walls. Cell disruption is desirable in order to enhance
recovery of intracellular metabolites. Mendes-Pinto et al.
(2001) reported that three times more astaxanthin from
Haematococcus was obtained after applying high-pressure

Fig. 2 Chlorella pyrenoidosa
light micrographs. a Non-
homogenized biomass, no cell
rupture observed. b
Homogenized biomass, moderate
cell rupture observed

Fig. 3 Pigment composition (μg g−1 dry biomass) of swirl flash-dried and
non-dried N. salina. The results are presented as the means of n = 2
measurements from two replicates; error bars represent standard deviation

Table 2 Effect of drying and high-pressure homogenization on lipid
and protein yield (%) from C. pyrenoidosa biomass. The results are
presented as the means of n = 2 measurements from two replicates ±
standard deviation. Different letters in the same column represent
significant differences (p ˂ 0.01)

Total lipid (%) Protein (%)

Flash-dried, homogenized 12.12 ± 1.05a 38.49 ± 1.51a

Flash-dried, non-homogenized 11.02 ± 0.15a 37.59 ± 0.70a

Freeze-dried, homogenized 12.25 ± 0.46a 39.51 ± 0.15a

Freeze-dried, non-homogenized 11.38 ± 0.17a 39.98 ± 1.28a

Non-dried, homogenized 12.29 ± 0.01a 39.07 ± 2.27a

Non-dried, non-homogenized 9.04 ± 0.02b 38.98 ± 0.61a
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homogenization, to disrupt its thick and resistant cell wall,
compared to the intact biomass. Intense fluid-mechanical
stresses such as shear, elongation, turbulence, and cavitation
may cause the physical disruption of the cell wall and mem-
branes, as well as the macromolecules such as proteins.
However, if high temperature is being used in dehydration
process, it can enhance deterioration of these released value-
added bioactive compounds.

Fatty acids It has been reported that drying process causes
some structural changes in the cells and enables the cellular
components such as neutral lipids to be easily extracted
(Ryckebosch 2013; Taher et al. 2014; Show et al. 2015).
Unchanged cell structure of non-dried biomass holds a resis-
tance to solvent diffusion through the cell membrane, which
may lead to low extraction efficiencies of lipids (Table 2).
However, some previous studies reported identical lipid levels
from a given sample both after drying and without any drying
(Chatsungnoen and Chisti 2016). One of the explanations for
the contradictory findings could be that existing studies have
tested different microalgae species and applied slightly differ-
ent extraction methods (repeated solvent extractions, different
DM concentration in the wet sample, different centrifugal
forces used for upconcentrating...). Our results indicate that
the drying s tep enhances l ip id ext ractabi l i ty in
C. pyrenoidosa, but it does not necessarily exclude other fac-
tors that may interact during the extraction procedure and
which could have affected the results.

Algal drying and cell disruption are high-cost integral pro-
cesses when it comes to bioactive compounds recovery. As an

Table 3 Fatty acid composition (% of total FA) of swirl flash-dried and
non-dried N. salina. The results are presented as the means of n = 2
measurements from two replicates ± standard deviation. Different letters
in the same row represent significant differences (p ˂ 0.01)

Fatty acid Non-dried Swirl flash dried

14:00 2.84 ± 0.42a 3.62 ± 0.32a

15:00 0.37 ± 0.02a 0.43 ± 0.00a

16:00 24.00 ± 0.75a 21.14 ± 1.09a

16:1 (n-7) 31.23 ± 0.93a 35.70 ± 1.87a

16:2 (n-4) 1.59 ± 0.07a 1.57 ± 0.10a

16:3 (n-4) 0.51 ± 0.06a 0.30 ± 0.06a

16:4 (n-1) 0.00 ± 0.03a 0.48 ± 0.08b

18:00 0.91 ± 0.01a 0.63 ± 0.03b

18:1 (n-9) 4.58 ± 0.25a 4.14 ± 0.11a

18:1 (n-7) 1.64 ± 0.02a 0.78 ± 0.03b

18:2 (n-6) 2.18 ± 0.05a 2.13 ± 0.01a

18:3 (n-3) 0.90 ± 0.12a 0.00 ± 0.23b

20:1 (n-9) 0.34 ± 0.10a 0.00 ± 0.02b

20:4 (n-6) 1.71 ± 0.06a 2.00 ± 0.05b

20:3 (n-3) 0.26 ± 0.02a 0.00 ± 0.02b

20:5 (n-3) 25.92 ± 0.69a 25.63 ± 1.17a

22:5 (n-3) 0.48 ± 0.05a 0.16 ± 0.03b

22:6 (n-3) 0.23 ± 0.01a 0.12 ± 0.10a

Σ SAFA 28.12 ± 1.20a 25.82 ± 1.44a

Σ MUFA 37.79 ± 1.30a 40.62 ± 2.03a

Σ PUFA 33.77 ± 1.16a 32.40 ± 1.85a

SAFA saturated fatty acids, MUFA monounsaturated fatty acids, PUFA
polyunsaturated fatty acids

Table 4 Fatty acid content (% of total FA) in the biomass of
C. pyrenoidosa after applying different drying techniques with and
without pre-treatment by high-pressure homogenization. The results are

presented as the means of n = 2 measurements from two replicates ±
standard deviation. Different letters in the same row represent significant
differences (p ˂ 0.01)

Fatty acid Flash-dried,
homogenized

Flash-dried, non-
homogenized

Freeze-dried,
homogenized

Freeze-dried, non-
homogenized

Non-dried,
homogenized

Non-dried, non-
homogenized

14:0 0.28 ± 0.06a 1.57 ± 0.07b 1.75 ± 0.06b 0.30 ± 0.09a 0.58 ± 0.38a 1.35 ± 0.01b

15:0 0.11 ± 0.01a 0.39 ± 0.01b 0.36 ± 0.01b 0.09 ± 0.01a 0.10 ± 0.00a 0.27 ± 0.01b

16:0 20.74 ± 0.36ab 19.87 ± 0.02b 20.08 ± 0.05b 20.85 ± 0.37b 21.70 ± 0.07ac 19.63 ± 0.17b

16:1 (n-7) 2.26 ± 0.16a 2.45 ± 0.01a 2.44 ± 0.00a 2.28 ± 0.17a 2.39 ± 0.02a 2.47 ± 0.03a

16:2 (n-4) 8.39 ± 0.22a 8.62 ± 0.45a 8.78 ± 0.01a 8.46 ± 0.20a 8.47 ± 0.06a 8.90 ± 0.03a

16:3 (n-4) 12.37 ± 0.34a 13.20 ± 0.17a 12.95 ± 0.04a 12.46 ± 0.30a 12.33 ± 0.20a 13.14 ± 0.05a

18:0 0.86 ± 0.24a 0.57 ± 0.01a 0.64 ± 0.05a 0.86 ± 0.25a 0.66 ± 0.02a 0.59 ± 0.00a

18:1 (n-7) 6.38 ± 0.72a 5.66 ± 0.48a 5.71 ± 0.05a 6.43 ± 0.74a 5.76 ± 0.02a 5.63 ± 0.16a

18:2 (n-6) 21.29 ± 0.09ab 20.83 ± 0.10a 20.72 ± 0.08a 21.45 ± 0.02b 21.33 ± 0.04ab 20.94 ± 0.03ab

18:3 (n-3) 26.65 ± 0.58a 26.84 ± 0.06a 26.58 ± 0.04a 26.78 ± 0.42a 26.68 ± 0.18a 27.08 ± 0.01a

Σ SAFA 21.98 ± 0.67a 22.40 ± 0.10a 22.83 ± 0.17a 22.11 ± 0.72a 23.04 ± 0.48a 21.84 ± 0.19a

Σ MUFA 8.63 ± 0.87a 8.11 ± 0.49a 8.14 ± 0.05a 8.70 ± 0.91a 8.15 ± 0.05a 8.11 ± 0.20a

Σ PUFA 68.70 ± 1.24a 69.49 ± 0.78a 69.03 ± 0.16a 69.16 ± 0.93a 68.80 ± 0.48a 70.06 ± 0.12a

SAFA saturated fatty acids, MUFA monounsaturated fatty acids, PUFA polyunsaturated fatty acids
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example, for a product such as eicosapentaenoic acid (EPA,
20:5(n-3)), which is a nutraceutical having therapeutic bene-
fits in disease management, 60% of the costs arise from the
recovery processes (Grima et al. 2003). Results of this study
showed no significant change in fatty acid composition of
tested microalgae (Tables 3 and 4). One of the justifications
is a relatively rapid drying process that enables short retention
of the biomass at high temperatures (3.3 s drying time for
N. salina slurry with 17.0 ± 2.0% of dry matter) that contrib-
utes to the bioactive content preservation. For comparison,
non-continuous drying process of the thick slurry from
Scenedesmus sp. took 72 h by sun drying, 12 h by oven drying
at 60 °C, and 24 h by freeze drying (Guldhe et al. 2014). In
microalgae, membrane lipids commonly include polyunsatu-
rated fatty acids (PUFAs), such as EPA and DHA
(docosahexaenoic acid). Since the results are showing that
there was no significant difference in relative composition of
the EPA and other fatty acids of N. salina, it can be concluded
that there was no oxidation caused by the swirl flash-drying
treatment. Microalgal lipid components, especially PUFAs,
have shown swift response to several parameters like

temperature, pH, light, and nutrient depletion (Borges et al.
2011; Gao et al. 2013). Guldhe et al. (2014) compared differ-
ent drying methods and their effect on the fatty acid compo-
sition in microalgae. His study showed significant differences
in percentage of saturated and unsaturated fatty acids among
all applied methods. He reported that oven-dried and freeze-
dried biomass had higher percentage of saturated fatty acid
than sun-dried biomass while, surprisingly, freeze drying
showed lowest percentage of PUFAs compared to the other
two methods. Spray drying, as an efficient drying method
commonly used for microalgae drying, can rupture the algal
cells due to high-pressure in the atomizer nozzles, which
means that the quality of pigments can be destroyed.
Ryckebosch et al. (2011) found that freeze-dried microalgae
were more susceptible to lipolysis than spray-dried
microalgae; thus, spray-dried microalgae were more sensitive
to pigment oxidation than freeze-dried microalgae, possibly
due to breakdown of protecting carotenoids upon spray dry-
ing. Leach et al. (1998) reported that spray drying affected β-
carotene recoveries from D. salina, varying between 57 and
91%, depending on the drying temperature.

Fig. 4 Pigment composition
(μg g−1 dry biomass) of
C. pyrenoidosa after applying two
different drying techniques with
and without pre-treatment by
high-pressure homogenization.
The results are presented as the
means of n = 2 measurements
from two replicates; error bars
represent standard deviation

Table 5 Content of carotenoids and chlorophylls (μg g−1 dry biomass)
inC. pyrenoidosa after applying two different drying techniques with and
without pre-treatment by high-pressure homogenization. The results are

presented as the means of n = 2 measurements from two replicates ±
standard deviation. Different letters in the same column represent
significant differences (p ˂ 0.01)

Microalgal biomass Carotenoids Chlorophylls Total pigments

Flash-dried, homogenized 3001 ± 469ab 852 ± 260a 3854 ± 729a

Flash-dried, non-homogenized 4127 ± 320b 2504 ± 142b 6631 ± 463b

Freeze-dried, homogenized 3853 ± 162b 1032 ± 46a 4885 ± 209a

Freeze-dried, non-homogenized 4836 ± 1093b 2990 ± 104b 7826 ± 1197bc

Non-dried, homogenized 2234 ± 65a 2490 ± 16b 4725 ± 81a

Non-dried, non-homogenized 3576 ± 84b 5458 ± 141c 9034 ± 225c
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Pigments Both freeze and flash drying had an adverse effect
on pigment composition of C. pyrenoidosa (Fig. 3). These
deviations between species can be attributed to the morpho-
logical differences of the microalgal cell wall. Chlorella aver-
age cell size is 5–9 μm, compared to the N. salina, 2–4 μm, so
the degree of rupture may be also higher. It is important to
point out that Nannochloropsis has a thick cell wall that is
relatively hard to break down (Beachem et al. 2014). Due to
this morphological characteristic, bioactive compounds, such
as PUFAs and pigments, are being additionally protected from
unwanted degradation during stress condition such as harvest-
ing and drying.

Interestingly, drying processes significantly affected pig-
ment composition (mainly chlorophylls) of C. pyrenoidosa
(Fig. 3), but the fatty acid profile showed no adverse effect.
For the swirl flash-drying technique, these results could be
justified by the fact that the heat treatment of microalgae bio-
mass inactivates enzymes such as lipase and lipoxygenase,
which can degrade the cellular lipids. For the freeze-dried
biomass, presence of various natural antioxidants in the
microalgae, including tocopherols and carotenoids, which
mostly remain intact during the freeze drying, might inhibit
lipid oxidation, which results in the PUFA preservation.
Furthermore, it should be noted that C. pyrenoidosa, in gen-
eral, contained very high concentrations of pigments and low
concentrations of long-chain PUFAs. Deviations in the pig-
ment composition of C. pyrenoidosa under tested treatments
may be affected by several factors. High temperatures during
drying process may rupture the cell wall to some extent so the
extractability might be enhanced or it may destroy the pig-
ments. However, that would not give an explanation for
freeze-dried microalgae biomass. For freeze-dried samples,
ice crystallization which occurs during the freezing stage of
the freeze drying, may have a crucial role. Even though freeze
drying is a commonly used laboratory scale method and it is
considered as a gentle drying technique for microalgae, it
should be noted that slow-freezing rates between − 20 to −
60 °C will cause development of large ice crystals in the in-
tercellular spaces and result in the displacement of the

constituent parts. If the cells are rapidly frozen (e.g., in liquid
nitrogen at − 196 °C), small intercellular ice crystals that
would be formed would not affect the cell morphology (Lin
1985). On the other hand, creating large ice crystals may break
the cell walls, and in that way, extractability of the pigments
might be enhanced. That would explain significant difference
in carotenoid concentration between freeze-dried and non-
dried homogenized samples (3853 ± 162 compared to 2234
± 65 μg g−1 DW).

Tocopherols Tocopherols are natural antioxidant, known as
free radical scavengers, which means they can inhibit or retard
lipid oxidation. This suggests that tocopherols may be
decomposed as a result of decreasing the instability of
PUFAs by scavenging oxidation-induced radicals. Therefore,
it is important to preserve these antioxidants also after the
drying process for the stability of the microalgal biomass.
As mentioned earlier, high temperature during drying may
inactivate enzymes responsible for lipid oxidation. However,
the enzymes remain intact in freeze-driedmicroalgae biomass,
where antioxidants may have a crucial role in preventing un-
wanted lipid oxidation.

Conclusion

Drying technique for microalgae should be designed to erad-
icate possible deterioration of the sensitive bioactive com-
pounds while being efficient and energy-saving. A novel
prototoype swirl flash dryer tested in this study was shown
to be a promising drying technique for a microalgae biomass.
Data showed no adverse effect on the fatty acid composition
in microalgal biomass of drying by swirl flash dryer (for both
N. salina and C. pyrenoidosa). That indicates that a high tem-
perature and shear force applied during the drying process did
not cause any degradation of fatty acids, which could be jus-
tified by the short drying time. High-pressure homogenization
and drying treatments caused degradation of chlorophylls and
tocopherols in C. pyrenoidosa and, per contra, enhanced

Fig. 5 Tocopherol content
(μg g−1 dry biomass) in
C. pyrenoidosa after applying
different drying techniques with
and without pre-treatment by
high-pressure homogenization.
The results are presented as the
means of n = 2 measurements
from two replicates; error bars
represent standard deviation.
Different letters represent
significant differences (p ˂ 0.01)
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carotenoid extraction. The disruption of the microalgal cell
wall seems to be the main factor that contributed to the deg-
radation of these bioactive compounds by increasing their
accessibility during the drying process.

Effect of the swirl flash-drying method on the recovery of
microalgal biomass and metabolites may differ between dif-
ferent specie depending on the cell morphology and biochem-
ical composition. Therefore, more studies are needed on sev-
eral different microalgal species, including testing of different
drying parameters by swirl flash-drying method.
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